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This thesis describes a comparative study of in vivo (zygotic) and in vitro 
(somatic) embryogenesis in Arabidopsis tlia/iana Parallel investigations on the 
induction, differentiation and development of zygotic and somatic embryos were 
made to compare the differences and similarities between these two embryogenetic 
processes. Special attention has been given to the influences of the internal and 
external factors, as well as their interactions, on somatic embryogenesis. 
Zygotic embryogenesis in this species is typical of the Cruciferae This 
process can be divided into two major phases, i.e., an initial phase starting from 
anthesis to 12 days after flowering (DAF) characterized by rapid cell division, tissue 
specialization and organ formation, and a second phase from 12 DAF to full 
maturity of the seed (up to 18 DAF) during which the bulk of the reserves is 
accumulated. TEM study shows that plastids and mitochondria differentiate in 
parallel to the development of the embryo. Some special subcellular features, i.e., 
the wall ingrowths and projections in basal and terminal cells, and a bias in 
distribution of plasmodesmata towards the end walls of suspensor cells were 
observed. These structures have been related to the absorption and translocation 
functions of the cells. 
Somatic embryos have been induced in two forms: they either develop as 
secondary adventive embryoids from the leafy embryoidal masses initiated from 
seedling-derived callus, or arise as individual embryoids from zygotic 
embryo-derived callus. These two forms of somatic embryogenesis are believed to 
involve different "hormonal" regimes and pathways. The synthetic auxin 2,4-D plays 
an essential role in inducing embryogenic callus, but the subsequent development 
of embryoids requires the removal of 2,4-D from the primary culture. 
Somatic and zygotic embryogenesis bear striking similarities in some 
developmental stages, but differences in early segmentation, embryo structure and 
-xiii- 
morphology are apparent. Somatic embryos tend to show certain abnormalities in 
their appearance and in the number of cotyledons. However, they can develop into 
normal plants. 
Seed storage proteins in A. tha/iana have been characterized as the 12s and 
1.7s globulins similar to those commonly found in other dicotyledons. Both zygotic 
and somatic embryos accumulate the same storage proteins at a well-defined and 
predictable time during embryogenesis, as shown by electron microscopic, gel 
electrophoretic and immunochemical techniques. Therefore, these proteins can be 
used as biochemical markers for both in vivo and in vitro embryogenesis. The 
storage proteins are deposited in protein bodies which have a vacuolar origin. 
By using the sensitive IEF/SDS 2-dimensional PAGE, a number of polypeptides 
were found specifically present in embryogenic callus, and have been termed 
"embryogenic proteins" which may be useful as early markers for identifying and 
selecting embryogenic cultures. 
Evidence from histological study of the tissue cultures suggests that the 
meristematic centres in nodular callus may be responsible for all the regenerated 
structures such as roots, shoots and embryoids. 
Finally, the induction, origin and ontogeny of somatic embryos, as well as the 
factors regulating somatic embryogenesis have been discussed. 
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CHAPTER ONE : INTRODUCTION 
Embryogenesis is the process by which a fertilized egg develops into a 
Mature embryo and is the beginning of a new sporophytic generation in the life 
cycle of a higher plant. Commencing with the first division of the zygote, this 
process involves a series of dramatic changes in the morphology and cellular 
structure of the embryo as a consequence of continuing cell division, cell 
expansion and differentiation, and results in the formation of specialized tissues and 
organs. The fact that there is no other developmental process in the life cycle of 
plants in which these events are precisely arranged into a relatively short span of 
time makes embryogenesis an extremely attractive subject to plant physiologists 
and developmental botanists. Underlying the visible events of differentiation is a 
progressive structural and functional specialization within the cell population driven 
by the invisible metabolic and physiological changes. This biochemical 
transformation and the build-up of both functional complex molecules, structural 
substances, and reserve materials are dramatic events in the developing embryo. 
Over the past decade, the study of embryogenesis in angiosperms has 
undergone a shift from classic embryology in which the emphasis was directed 
towards descriptive accounts of sporogenesis, gametogenesis, fertilization and the 
progressive steps in the development from zygote to mature embryo, to 
experimental embryogeny. Now the emphasis is on the cellular and molecular 
events and the causal relations of all the post-fertilization events which are being 
studied using various experimental approaches. 
The history of angiospermic embryology can be traced back to over a century 
ago when Hanstein observed the process of segmentation in the embryo -; of 
higher plant in 1870, and Strasburger discovered the phenomenon of fertilization in 
1877 (see Johansen, 1950). Since then a great deal of research has been carried out 
in this area by many investigators throughout the world, and this has provided the 
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basic knowledge and framework for establishing the pattern of embyogeny in. a 
wide range of vascular plants (see, e.g., Coulter & chamberlain, 1917; Schnarf, 1931; 
Johansen, 1950; Maheshwari, 1950). 
More recently, advances in plant and cell physiology, biochemistry and 
genetics have widened our approach to the study of plant embryology. Many of 
the modern experimental techniques which have been introduced endow the 
experimental embryologist with the means to study the physiological and 
biochemical basis of differentiation during the development of embryos. Among 
these techniques are the various analytical assays used for studies on the chemical 
and hormonal regulation of the growth of embryos, and in particular, the 
manipulation of the embryogenic process under defined and controlled conditions 
by means of in vitro pollination and fertilization (Shivanna, 1982). Also of 
importance are the in vitro culture of various structures involved in reproduction, 
such as the culture of anthers (Guha & Maheshwari, 1967), endosperm (Nakano et 
al., 1975), embryos (Raghavan, 1966), ovaries, ovules, nucellus (Rangan, 1982) and 
flowers (Galun et al., 1962). 
The demonstration of the ability of cultured somatic cells of plants to undergo 
embryogenesis in vitro by a pathway which recapitulated zygotic embryogenesis 
without sexual fusion of male and female gametes opened up a new and 
fascinating area in the study of experimental embryogenesis. The first reports of 
the successful induction of somatic embryos were those made by Steward et at 
(1958) and Reinert (1959) in cell and callus cultures of carrot. These investigators 
showed that cells from tissue cultures of carrot could produce embryo-like 
structures via a developmental sequence through pro-embryonal, globular, 
heart-shaped and torpedo-shaped stages strikingly similar to those occurring after 
the fertilization of the egg in the embryo sac. This event, termed somatic 
embryogenesiS, was later confirmed in cell and callus cultures of both cultivated 
and wild varieties of carrot (Kato & Takeuchi, 1963; Steward et a/ 1964; Halperin, 
1966). Since this pioneer work, a great deal of interest and attention has been 
focussed on this particular form of in vitro morphogenesis, and it is now clear that 
somatic embryogenesis is a widespead phenomenon occurring in species of 
different families of higher plants which include both dicotyledons and 
monocotyledons. Examples of these embryogenic species include Ranunculus 
sceleratus (Konar & Nataraja, 1965), Solanum me/ongena (Yamada et al, 1967), 
Atropa belladonna (Thomas & Street, 1970; Konar et al.. 1972), Coffea canephora 
(Starizky, 1970), celery (Williams & Collin, 1976), Medicago sat/va (Lupotto, 1983), 
Zea mays (Kamo et a/., 1985), Oryza sat/va (Abe & Futsuhara, 1985) and many 
others. Various aspects of somatic embryogenesis have been reviewed (e.g., Street, 
1975; Raghavan, 1976; Sharp et a/ 1980). In their recent reviews, Evans et a/. 
(1981) and Williams and Maheswaran (1986) have given a list of the species capable 
of somatic embryogenesis either from vegetative or from regenerative cells, and 
the number of embryogenic plants is still increasing. 
The term "embryoid" has been widely used to describe the structures 
produced asexually which resemble or function like zygotic embryos in giving rise 
to new plants (Raghavan, 1976). There are descriptions in the literature of the 
criteria used to define an embryoid. Perhaps the best known definition is given by 
Haccius (1971, 1978) who describes the embryoid as a new bipolar individual arising 
from a single cell and having no vascular connection with maternal tissues. Some 
authors have stressed the single-cell origin as an essential criterion (Street & 
Wither, 1974) while others preferred to exclude this criterion since the single-cell 
origin has not been unequivocally demonstrated in many cases (Raghavan, 1976; 
Tisserat et al, 1979). However, a somatic embryo is clearly distinctive from 
monopolar shoot buds or roots because of its bipolarity with a shoot and root pole 
at opposite ends of the structure, and its lack of vascular continuity with the 
tissues from which it has arisen. According to Sharp et al. (1982), two general 
pathways of induction of embryoids in vitro can be distinguished, direct 
embryogenesis from pre-determined embryogenic cells (PEDC) without an 
intervening callus, and indirect embryogenesis from induced and determined 
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embryogenic cells (IEDC) in which callus proliferation occurs prior to embryoid 
development. A good example of direct embryogenesis is the polyembryony which 
occurs both naturally (Kochba et al, 1972) and in vitro (Button & Bornman, 1971) in 
many species of Citrus Indirect embryogenesis from callus or cell cultures has also 
been well documented, and it is believed that these two embryogenic pathways 
involve different regulatory mechanisms in their induction. In the former case 
exogenous growth regulators only contribute to the cloning of PEDCs and the 
expression of their embryogenic potential, while in the latter, the auxin or 
auxin/cytokinin composition in the primary culture medium is critical not only to 
the onset of mitotic activity in differentiated cells, but also to the epigenetic 
re-determination of these cells to the embryogenic state (Sharp et 8/, 1982). It is 
also suggested that in indirect embryogenesis, the degree of de-differentiation of 
cultured cells is a decisive factor for the production of IEDCs (Thorpe, 1980). 
Perhaps the most important point arising from the discovery of somatic 
embryogenesis is its unequivocal demonstration of the totipotency of plant cells. 
This concept, inherent in the cell theory of "every cell from a cell" first suggested 
almost one and a half centuries ago (see Gresson, 1948), is arguably one of the 
major advances in developmental biology. In modern botany, this concept implies 
that all of the differentiated cells which comprise a plant, except those of a highly 
specialized nature in which the cells are either dead or anucleate (e.g., tracheids 
and sieve tubes), possess the capability to develop into a new plant. Some very 
early experiments produced limited evidence in support of the totipotent nature of 
plant cells, for example, Vochting (1878) was able to maintain the viability and 
growth of plant parts which had been progressively dissected into smaller and 
smaller pieces, and fragments of embryos and excised roots were cultured for brief 
periods of time in vitro (Molliard, 1921; Robbins, 1922). The prolonged culture of 
plant tissues was first demonstrated by White (1934). However, the best proof of 
the totipotency of the cells must come from the recovery of whole organisms from 
single cultured cells via somatic embryogenesis. In some cases, the investigators 
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have been able to follow embryoid formation from single isolated cells in culture 
(Steward, 1963; Wetherell & Halperin, 1963; Backs-Husemann & Reinert, 1970). 
However, there are a number of reports of the totipotency of somatic cells of 
plants which have appeared in the literature since this work, which show that 
plants can arise via an embryogenic pathway from virtually any part of the plant 
(see the list by Raghavan, 1979). Therefore, it may be concluded that under the 
influence of the appropriate stimuli, all plant cells, except those that have 
undergone irreversible differentiation, are capable of expressing their entire genetic 
potential in a similar manner to the zygote. 
Apart from the theoretical significance of somatic embryogenesis in higher 
plants, the formation of embryoids is an invaluable practical technique which has 
been applied to plant improvement and mass propagation. Somatic embryogenesis 
can make an important contribution to agricultural and horticultural practice in two 
main ways. 
Firstly, like other means of clonal micropropagation such as the regeneration 
of plants through the multiplication of adventitious meristems and the formation of 
axillary buds, somatic embryogenesis can become an important method for the 
rapid mass clonal propagation of higher plants. As somatic embryoids can be 
induced directly either from callus or cell suspension cultures, this reduces the 
handling of the plantlets and results in a more efficient process (Evans et a!, 1981). 
In some systems  like carrot cell suspensions, millions of somatic embryoids can be 
produced in liquid culture with an induction efficiency as high as 90%. 
Subsequently, most of these embryoids develop into viable plants in culture. 
High-frequency plant regeneration via somatic embryogenesis in tissue cultures of 
some economically important cereal crops (wheat, oats, rice and millet) has already 
been reported (Nabors et al. 1983). Somatic embryogenesis can be used to 
produce large quantities of genetically uniform individuals, as long as the cells in 
the culture from which the embryoids arise are homogeneous. Although somatic 
embryogenesis has not so far been demonstrated in a large number of important 
crop species, success has been across species of wide taxonomic diversity 
indicating that with an improved understanding of the regulation and requirements 
for induction, this method may become an important means for the rapid and 
uniform clonal propagation of plants. 
Secondly, somatic embrvogenesis plays a key role in several novel approaches 
to plant breeding and plant improvement. It is generally agreed that the 
regeneration of plants, particularly from single cells, is an essential prerequisite for 
most of the applications of genetic manipulation in plant improvement including 
somatic hybridization, mutagenesis, DNA uptake and other genetic modifications. 
Obviously, the implementation of improved phenotypes or traits of economic 
importance of a crop obtained with any of these approaches, can only be fulfilled 
by the successful recovery of viable plants, one route is through the induction of 
somatic embryogenesis. Examples of these applications readily come to mind. It is 
well-known that haploid plants derived from microspores can be doubled up to 
give rise to homozygous diploids which are especially advantageous in mutation 
induction and in plant breeding programmes. Cell cultures of haploids or doubled 
up haploids simplify the detection of mutants, inasmuch as there are no masking 
effects of modifications in recessive genes by their dominant alleles. In a few 
cases, plants which have originated from anther cultures have been used in 
hybridization experiments. Nakamura et al. (1974) were able to obtain 
disease-resistant tobacco varieties in only 2 years, instead of the usual 6 years, by 
using homozygous plants raised through anther cultures. New improved varieties of 
rice have been produced by this method in China (Chen Yin, 1986). However, it 
should be emphasized that not all plants which originate from anther or pollen 
grain cultures are haploids, only those arising directly from microspores through 
embrogenesis are haploids. Moreover, the creation of novel genotypes through 
somatic hybrids by manipulating protoplasts and their fusion, or through the 
insertion of molecules carrying genetic information into protoplasts is another 
recent advance (Schieder, - - 1982). Here again this technique relies on the 
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successful recovery of plants from protoplasts. Recent achievements in obtaining 
plants from isolated protoplasts via somatic embryogenesis look promising, 
although the number of reports is limited (Dudits et al, 1976; Johnson et al, 1981; 
Arcioni et a/, 1982; Vasil et al, 1983; Neidz et al., 1985; Swanson et al., 1985). It is 
clear that in all these cases regeneration of plants through embryogenesis is 
essential and required to complement these existing approaches for plant 
improvement. 
Therefore, from both viewpoints, the theoretical and practical, the 
manipulation and regulation of somatic embryogenesis is important. The full 
usefulness of somatic embryogenesis will only be manifest when this process can 
be manipulated in a controlled and predictable way. Unfortunately, this stage has 
not been reached. Our ability to regulate morphogenesis in vitro remains restricted. 
Apart from a few model systems such as carrot and tobacco cultures, the protocols 
to enable controllable, high-frequency embryogenesis in vitro still await to be 
established. In most agriculturally important crop species, plant regeneration 
through somatic embryogenesis cannot be obtained with ease. This has, to a large 
extent, limited the uses of somatic embryogenesis in theoretical research and 
practical work 
Since the effect of the level and balance between auxins and cytokinins on 
organ formation in vitro was put forward by Skoog and Miller in 1957, studies on 
the regulation of various morphogenetic phenomena have provided some basic 
information about the roles of both intrinsic and extrinsic factors in the 
manipulation of differentiation in cell and tissue cultures. However, despite 
considerable efforts, our present knowledge of the fundamental aspects of 
differentiation in culture, especially of somatic embryogenesis is sparse and limits 
the practical application of this process. Also, little is known about the biochemical 
and biophysical events which occur during the initiation and development of 
embryoids, and the relationship between these events and the differentiation and 
growth of cells and tissues. Even less is understood about the mechanisms which 
govern the initiation of embryogenesis and of the nutritional conditions to enable 
the full development of mature embryoids, also the responses of embryogenic 
cultures and embryoids to external stimuli and how this may modify differentiation 
and growth. 
Despite the numerous reports on somatic embryogenesis in a wide range of 
higher plants, there have been relatively few attempts to investigate the physiology, 
biochemistry and coordinated regulation of the process. Most of the reports dealing 
with in vitro embryogenesis describe the procedures and culture conditions for the 
induction and development of embryoids. Perhaps one of the reasons for this is the 
lack of a suitable experimental system for such a physiological and biochemical 
study. The major problem is that in either a callus or a cell suspension culture, 
only a small proportion of the cells is directly involved in the morphogenetic 
process. Synchronization of embryoid induction and development is an obvious 
approach to this problem. By modifying the composition of the medium, Al-abta 
and Collin (1978) were able to control the development of the embryoids in tissue 
cultures of celery so that the majority of the embryoids were at the same stage. 
However, this has not been achieved in most cases. This difficulty has also been 
encountered in the present investigation in both in vivo and in vitro embryogenesis 
of A. thaliana, but has been partially solved by using more sensitive assay methods, 
and by analysing the changes of relatively abundant molecules during 
embryogenesis. For instance, two-dimensional gel electrophoresis coupled with a 
sensitive silver staining method can be employed to detect the minor changes in 
proteins of developing embryos/embryoids, and the antibodies raised against one of 
the storage proteins in this species have been used to study the seed storage 
proteins in both zygotic and somatic embryogenesis. 
Let us examine the problems further in some detail. In vitro embryogenesis is 
a complex morphogenetic phenomenon which is the result of the interactions of 
both intrinsic and extrinsic factors. Theoretically, the concept of totipotency implies 
that all the cells in a culture are inherently competent to produce whole plants 
provided that they are given all the necessary requirements. However, on most 
occasions, somatic embryogenesis occurs sporadically within a culture even under 
the best available conditions. We do not know why under exactly the same 
experimental conditions, some cultures produce more embryoids than others, and 
within the same culture, only a small percentage of the cells embark upon the 
embryogenic process while most of the cells do not. As mentioned earlier, the 
nature and degree of de-differentiation of the parenchyma cells into meristem-like 
cells are probably the key factors (Thorpe, 1981). If this is true, then this question 
can be partially reduced to a question of the capacity of the cells to undergo 
de-differentiation. However, this does not seem to help in improving the induction 
of embryogenesis in practice, since the mechanism of the de-differentiation 
process is largely unknown. Moreover, cells that appear to be cytologically identical 
could be physiologically and embryogenically distinct. 
According to Thorpe (1981), the regulation of in vitro organogeriesis can be 
fulfilled at different levels, for example, through manipulation of the culture 
environment and through the appropriate selection of material. At the present 
moment, our knowledge about the regulation of organogenetic processes is still 
fragmentary and incomplete. Apparently, a more systematic understanding of the 
mechanisms and basic aspects of somatic embryogenesis is required for this 
purpose. There are some facets which we need to explore further in depth in order 
to improve our knowledge of somatic embrogenesis. 
Identification and recognition of potentially embryogenic cells 
In many cultures the embryogenic cells show some common features. They 
are 	usually 	rapidly 	dividing meristematic 	cells 	characterized 	by their 	small size, 
dense cytoplasmic contents, large nuclei with prominent enlarged nucleoli, small 
vacuoles 	and 	occasionally starch 	grains. 	There 	have 	been a 	number 	of 
investigations 	on 	the 	ultrastructure 	of 	embryogenic 	cells 	(e.g., Sussex, 1972; 
McWilliam 	et a/ 	1974; Vasil & Vasil, 1982; Maheswaran & Williams, 1985), but the 
causal 	relationship between the embryogenic competence of the cells 	and their 
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ultrastructural features is not clear. Attempts to select embryogenic cultures from 
non-embryogenic cultures by chemical and "hormonal" treatments to promote a 
high-frequency of plant regeneration (Nabors et a/ 1983), has met with only limited 
success. Obviously, the development of methods for the recognition, selection and 
separation of potentially embryogenic cells or tissues is a vital prerequisite for the 
enhancement of somatic embryogenesis in culture. 
Biochemical and molecular aspects of embryogenic cells 
So far we know very little about the biochemical and metabolic differences 
between the cells which are about to embark on embryogenesis and those which 
are not, although there is some evidence that the levels of RNA synthesis and 
metabolic activity are high in embryogenic cells (Williams & Maheswaran, 1986). 
Also, it has been shown that the induction of somatic embryogenesis is associated 
with certain changes in the composition and activity of certain enzymes, e.g., 
acetyl-CoA carboxylase (Turnham & Northcote, 1982), and esterase and glutamate 
dehydrogenase (Everett et a/, 1985). However, the overall physiological and 
metabolic basis required for the transformation of cells from a non-embryogenic 
state into an embryogenic state is not clear, and requires more detailed study. 
The impact of neighbouring cells and tissues of the embryogenic cells on 
somatic embryogenesis 
The coordinated behaviour of neighbouring cells of the embryogenic cells, and 
their impact on somatic embryogenesis has been a disputed topic. This question is 
also directly related to other questions such as the origin of the embryoids, the 
need and extent of isolation of embryogenic cells from surrounding tissues, the 
position of embryogenic cells relative to other tissues, and the nature of 
interactions between these cells. There is evidence that during the induction and 
early phases of somatic embryogenesis, the embryogenic cells and pro-embryoids 
are in normal cytoplasmic contact with their surrounding tissues (Thomas et al., 
1972; Handro et al., 1973), and it is also suggested that the "synergistic" effect of 
these surrounding cells is necessary for the embryogenic process (Reinert et al., 
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1977). Apparently, more work is needed to elucidate precisely the impact of the 
interactions between the embryogenic cells and their immediate neighbours on the 
induction and development of embryoids. 
The interactions of various factors which influence somatic embryogenesis 
It is clear that the factors, either internal or external, exert their influences on 
the embryogenic process on an interactive basis, rather than independently. 
Unfortunately, this phenomenon is still poorly understood. The growth regulators 
provided in the culture medium are the most important external factors (e.g., 
Al-Abta & Collin, 1979). The significance of the interactions and balance of these - 
regulators, as well as their relationship with other factors has been realized for 
some time (Reinert & Tazawa, 1969; Sangwan & Harada, 1975; Brawley et al. 1984), 
but just how these regulators are involved in the induction, differentiation and 
growth of embryoids remains obscure, another important subject for further study. 
Somatic embryogenesis in vitro, and zygotic embryogenesis in vivo are two 
parallel and closely related forms of ontogeny in higher plants. They are apparently 
so different particularly with respect to their induction and early pattern of 
development, but strikingly alike later in development both producing very similar 
final structures (embryo or embryoid). Less understood is the physiological and 
biochemical basis underlying the differentiation and development of both kinds of 
embryo. Undoubtedly, the knowledge and understanding gained in studying one 
form of embryogenesis will help to clarify the other, and it is for this reason that a 
comparative study of both in vivo and in vitro embryogenesis in the same species 
was carried out. Surprisingly, similar comparative studies are not found in the 
literature presumably because of the difficulty involved in making such a 
comparison. 
An essential part of this comparative study was to establish molecular events 
which could be used as biochemical markers for the study of the initiation and 
development of zygotic embryos. These markers could then be used to identify and 
select potentially embryogenic cultures, and to follow the developmental stages of 
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somatic embryogenesis. This would assist in the selection and screening of 
embryogenic cultures, and in the establishment of stable cultures capable of a high 
regenerative potential by continuously selecting for specific tissue phenotypes 
(structural and molecular). This would also enable a more rapid screening of culture 
media in searching for the optimal conditions to promote embryogenesis. Once a 
correlation has been established between these markers and the embryogenic 
potential of the cultures , then screening experiments could be based on a series of 
biochemical assays instead of the more time-consuming procedure of plant 
- regeneration. Finally, since these biochemical markers are likely to be specific gene --
products produced at a specific time during embryogenesis, they may be 
particularly useful for studying gene activity and expression, as well as the genetic 
regulation of embryogenesis. 
So far there has been little progress towards the establishment of molecular 
markers of differentiation. Only a handful of reports have appeared in the literature, 
and they are restricted to only a few plants, e.g., the embryonic proteins in carrot 
cell cultures (Choi & Sung, 1984), the specific isozymes in Zea mays cell cultures 
(Everett et a/ 1985) and the lipid deposition in oil palm tissue cultures (Turnham & 
Northcote, 1982). 
In this project, attempts have been made to search for molecules which could 
be used as biochemical markers for embryogenesis in A. thallana Special attention 
has been drawn to the seed storage proteins which are shown to be synthesized 
and accumulated in both zygotic and somatic embryos at a late developmental 
stage, and to the "embryogenic proteins" which mark the conversion of 
non-embryogenic callus to potentially embryogenic callus. These molecules are 
promising markers for the study on the initiation and development of embyoids in 
this species. 
Choice of Arabidopsis thaliana as plant material 
A. thallana has been chosen for this research because the species has certain 
special advantages for a study of this type. The plant has an exceptionally short life 
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cycle of 5-6 weeks (seed-seed). Zygotic embryos develop in an orderly pattern of 
the Crucifer type. Arabidopsis has a diploid chromosome number of 10 and its 
genome size is among the smallest in higher plants with a base pair (bp) number in 
the haploid of 7x10 8, compared with 4.5x10 10 bp for the pea and 5.9x10 10 bp for 
wheat (Meyerowitz & Pruitt, 1985). A large number of ecological variants are 
available and various mutations have been identified and characterized, all these 
make this plant attractive for genetic mapping and cytogenetic studies. Additionally, 
tissue and cell cultures, as well as in vitro organogenesis, can be readily achieved 
(Corcos, 1976; Negrutiu, 1978), although surprising enough, somatic embryogenesis 
had not been reported in this model plant prior to this project. Its embryogenic 
potency was established in this thesis. 
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The aims of this thesis can be summaried as follows. 
To establish a tissue culture system of A. thallana from which somatic 
embryogenesis can be induced, and embryoids of different developmental stages 
can be obtained for further study. 
To compare the morphology, cellular structure and organization between 
zygotic and somatic embryos. 
To explore the origin, initiation and ontogeny of somatic embryos in this 
species, with particular reference to the induction of embryogenic cultures, pattern 
of embryoid development and the cell-cell interactions in somatic embryogenesis. 
To investigate and compare the biochemical and physiological bases of 
zygotic and somatic embryogenesis directing special attention to the protein 
changes which accompany these embryogenic processes. 
To establish molecular markers which can be used to indicate the initiation 
and development of both zygotic and somatic embryos, particularly the induction of 
potentially embryogenic cultures. 
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CHAPTER TWO : MATERIALS AND METHODS 
Plant Materials 
Arabidopsis tha/lana L. (Family Cruciferae) 
Unless otherwise specified, the Landsberg strain was used in all the 
experiments reported in this thesis. Seeds were stored in paper bags in the dark at 
room temperature (20-22 C). They were germinated and grown under greenhouse 
conditions (16 hour day length, natural light supplemented with mercurry vapour 
lamps and incandescent tungsten lamps; 300-4001'çm 2sec 1 . 16 C.) in Levingtons 
compost (Fisons Ltd.) in the Department of Botany, University of Edinburgh. 
Plants grown under these conditions reached anthesis within 3-4 weeks and 
seeds matured 2 weeks after pollination. Mature and desiccated seeds were 
collected and stored for future use. 
On some occasions, surface sterilised seeds were germinated on a solidified 
agar medium under aseptic conditions, and the seedlings used as a source of 
material for tissue culture. 
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Experimental Methods 
Section 2.1. Tissue and Cell Culture 
2.1.1. Culture Media Preparation 
Except in a few cases, the basal media used throughout the tissue and cell 
culture study were Murashige & Skoog (Murashige & Skoog,1962) and Gamborg's 
(Gamborg,1968) media (henceforward referred to as MS and 13 5 media respectively). 
MS medium mixture was obtained from Flow Laboratories (Irvine, Scotland), and 
4.71g were used to make up one litre of culture medium. B 5 medium was made up 
as a lOx concentration stock solution according to Gamborg (1968) and stored at 
-20 C before use (for the exact composition of these media, see Table 2.1.1). All 
the media were supplemented with 20g per litre of sucrose. Various concentrations 
and combinations of different growth substances were also added to the media 
depending on the culture requirements. 
The following growth substances were used within the range of 
concentrations stated: 
Auxins: 2,4-dichiorophenoxyacetic acid(2,4-D) 0.5-5.0mg/I 
lndolyl-3-acetic acid(IAA) 0.1-1.0mg/I 
Naphthaleneacetic acid(NAA) 1.0-10.0mg/I 
Cytokinin: Kinetin 0.01-5.0mg/I 
The pH value of the media was adjusted to 5.6-5.8 with N KOH solution before 
autoclaving. The media were sterilised by autoclaving at 121 C (15 lb in - ') for 
15-20 mm. For solid media, 7g/I agar (Oxoid No.3, Oxoid Ltd.) was added before 
autoclaving. The agar media were poured into sterilised plastic Petri dishes (Sterilin, 
Teddington) (10 ml for 5 cm diameter dishes and 20 ml for 9 cm diameter ones). 
For liquid culture, 50 ml aliquots of media were dispensed into 250 ml conical 
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Erlenmeyer flasks. The flasks were sealed with a double layer of aluminum foil and 
autoclaved as for the agar media. 
In some cases, complex additives were added to the media in an attempt to 
promote differentiation and embryoid formation in the cultures. The following 
additives were used within the range of concentrations stated: 
Casein hydrolysate (CH) (Sigma) 200-1,000mg/I 
Yeast extract (YE) (Oxoid) 500-1,000mg/I 
Coconut milk (CM) 10% (v/v) 
The coconut milk was taken directly from coconut fruits and filtered through 
Whatman No.1 filter paper, autoclaved for 15 mm. and stored at -20 C. 
2.1.2. Culture Routine 
A).Sterile technique and aseptic manipulation 
All the glassware used with tissue and cell cultures was first washed in 2-3% (v/v) 
Decon solution (Decon Laboratories) and rinsed thoroughly in tap water followed by 
one rinse in distilled water. Glassware and other instruments (scalpels, forceps etc.) 
were sterilised by autoclaving at 121 C (15 lb in -2) for 15-20 mm. 
Aseptic manipulations were carried out in a flow cabinet. All the working 
surfaces of the flow cabinet were wiped with absolute ethanol before use. During 
the sterile operation, scalpels and forceps were stored in absolute ethanol and 
were flamed in a Bunsen burner before each manipulation. 
B).Callus culture 
1). Callus initiation 
Mature seeds were the main source of plant material for callus initiation. 
Surface sterilisation of the seeds was accomplished by soaking the seeds in 0.8% 
sodium hypochlorite (w/v) solution (made from 20% commercial solution). A few 
drops of detergent were added to the solution to act as a surfactant. After 





KNO3 1,900 3,000 
Cad2 2H20 440 150 
MgSO4 7H20 370 500 
RH2PO4 170 
NaH2PO4 H20 150 
MnSO4 4H20 22.3 10 
ZnSO4 7H20 8.6 2 
H3B03 6.2 3 
RI 0.25 0.25 
CoC12 6H20 0.025 0.025 
CuSO4 5F120 0.025 0.025 
Fe Na-EDTA 36.7 
Fe 	(Sequestrene) 28 
Organics: 
Glycine 2.0 
Myo-inositol 100 	 100 
Thiamine-HC1 0.1 
Pyridoxine-HC1 0.5 	 1.0 
Nicotinic acid 0.5 	 1.0 
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sterilisation the seeds were washed for at least 3 times in sterile distilled water, 
and then placed on the surface of the agar medium in Petri dishes (15 seeds in a 5 
cm dish and 30 seeds in a 9 cm dish). The Petri dishes were sealed with Parafilm 
(American Can Co. ), and kept under continuous fluorescent light at a temperature 
of 25±1 C. The light intensity was 200pem 2sec 1 . Plant material other than seeds 
was also used for callus induction. Young seedlings (and the leaves taken from 
them) germinated on an agar medium under aseptic conditions were used directly 
for callus induction without further sterilisation. In some experiments, mature 
zygotic embryos were also used. To isolate the zygotic embryos, seeds sterilised in 
sodium hypochlorite were soaked in sterile distilled water for 4-16 h. to soften the 
seed coat which was then removed with a pair of fine forceps and a needle under 
a dissection microscope in the flow cabinet. The isolated embryos were then 
placed on the callus induction medium in Petri dishes and cultured under the same 
conditions as described above. 
2). Callus maintenance 
Once the callus had initiated, it was maintained by subculturing onto the same 
medium on which it had been induced, at monthly intervals. At each subculture, 
care was taken to select healthy, soft and actively proliferating callus for the next 
passage of growth. The browning and necrotic tissue, which occasionally occurred 
during culture, was always rejected. 
Calluses from all the sources were maintained by this method for many 
transfers without a noticeable change in morphology or growth rate. 
C). Cell suspension cultures 
1). Initiation of cell suspension cultures 
Cell suspension cultures were initiated from the callus tissue grown on the 
agar medium. The tissue was separated into small clumps before placing in the 
liquid medium to help the dispersion of the cells. Approximately ig fresh weight 
callus tissue was transferred into 50 ml of sterile liquid nutrient medium in a 250 
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ml Erlenmeyer flask. Friable, white callus was always chosen as the initial inoculum 
for suspension cultures. The flasks were re-capped with a double layer of 
aluminum foil and placed on a horizontal rotary shaker operating at about 100 rpm 
under continuous fluorescent illumination (200Em2sec1)  at 25±1 C. 
2). Maintenance of suspension cultures 
The cell suspension cultures were maintained by regular subculture. The first 
subculture was usually carried out 2-3 weeks after the primary inoculation, and the 
suspension was subsequently subcultured at weekly intervals. The following method 
was used routinely to subculture the cells. The flasks containing the suspension 
culture were left to stand unshaken for 5-10 mm. to allow the cells to settle. The 
supernatant was then decanted off and the slurry of cells mixed by gentle shaking. 
Ten ml of the cell slurry was pipetted into a 250 ml flask containing 40 ml of fresh 
liquid medium and subjected to the same culture conditions as before. 
0). Plating of cell suspension on agar medium 
The principle of the "nurse effect" using conditioned medium was applied to the 
plating of suspension cultures according to the method described by Reinert and 
Yeoman (1982). The procedure involved passing the suspension culture through a 
50 1.Im mesh nylon cloth and this resulted in a suspension composed of mainly free 
cells and a small proportion of cell aggregates of no more than a few cells. This 
suspension was briefly centrifuged at 1,000 rpm for five mm, or allowed to stand 
for half an hour in a sterile measuring cylinder (100 ml) to set down the cells. The 
cells were then re-suspended in 1% (w/v) melted agarose (low gelling temperature 
agarose Type VII, Sigma) disolved in "conditioned medium" at 30-32 C, and plated 
as a thin layer on the surface of solidified "conditioned medium" in the Petri dishes. 
The "conditioned medium" consisted of a mixture of 50% (volume) of the original 
suspension medium in which the cells had grown for one week, filter-sterilised 
through a pre-autoclaved filtration unit with a Millipore cellulose acetate filter (0.22 
urn pore size) under vacuum presure, and 50% of freshly prepared medium with 
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either the same, or a different growth substance regime, solidified with 0.8% agar. 
For each 5 cm Petri dish, 1 ml of melted agarose medium containing 2.0-10.0x10 4 
cells was poured and gelled by cooling down to room temperature. The plated 
dishes were kept either in the dark or in continous light at 25 C. The population of 
the cells in the agar film was observed regularly with an inverted microscope 
(Olympus) and the development of individual cells was followed. 
In another experiment, cells and small cell groups prepared with the same 
method were smeared on the surface of agar medium at an extremely high density, 
and cultured under the same conditions as for callus cultures. 
Q. Differentiation of the callus cultures 
The calluses grown on the callus induction media which contained relatively high 
auxin levels (usually 2,4-D) were transferred to various differentiation media to 
induce organ differentiation and somatic embryogenesis. The induction media 
include those with 2,4-D omitted or with a reduced level of IAA. This favours root 
formation. Media with elevated kinetin levels are conducive to shoot and leaf 
formation. Some calluses were subjected to a series of passages through media 
with different combinations of growth substances to encourage somatic embryoid 
initiation and development. Callus originating from zygotic embryos was 
subcultured onto a "hormone"-free medium to promote embryoid induction. Once 
the shoot buds or young somatic embryos had been induced, they were transferred 
to a "hormone"-free medium with reduced sucrose concentration to promote 
rooting and further development of the plantlets. Some of the plantlets were 
transplanted into Levingtons compost and grown under greenhouse conditions until 
maturity. 
For suspension cultures the cells were either transferred to differentiation 
media by the plating or smearing methods described above, or subcultured into the 
liquid differentiation media after the cells had been washed briefly with fresh 
medium. The subculture method used was the same as described above. 
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Section 2.2. Microscopy 
2.2.1. Plant material for microscopy 
To examine the pattern of embryo growth, the anatomical and histological 
changes taking place in the developing embryos, as well as the ultrastructural 
changes of cells in these embryos, silique fruits or ovules of different 
developmental stages were collected for microscopic study. When the plants grown 
under greenhouse conditions were about to enter anthesis, flowers were labelled by 
sticking a small piece of tape on the pedicels on the day of flowering. These 
individuals were then left to develop. Developing fruits were sampled at regular 
intervals, usually every other day commencing two days after flowering (referred to 
as 2 OAF old fruit) until maturity. In this way, a sequence of fruits at different ages 
(2 DAF, 4 OAF. ....... etc.) were collected. They were either processed immediately for 
microscopic study, or stored at -80 C in a deep freezer for future analysis. 
Sampling from tissue culture material: Calluses grown on different media or 
for different culture periods were collected and cut into small cubes for fixation and 
embedding. Differentiating calluses with root or shoot primordia were also 
processed in the same manner. Somatic embryos were detached from the callus 
tissue before fixation. 
2.2.2. Lactophenol clearing method for light microscopy 
This method was adopted for the rapid examination of squashed materials 
under the light microscope. The technique involves freezing as an alternative to 
chemical fixation, followed by clearing with lactophenol. 
Reagents: 
Clearing reagent: lactophenol (BDH) 
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This reagent is a mixture of equal parts of lactic acid, phenol, glycerol and 
water (D'souza, 1972) 
Staining solution: 0.6% (w/v) Cotton blue in lactophenol. Dissolve 0.6 g Cotton 
blue in 100 ml lactophenol and filter before use. 
Procedure: 
1).Freeze the fresh plant material in distilled water at -20 C. 
2).Thaw the frozen material in distilled water. 
3).Clear the material in lactophenol at about 70 C in a water bath for one 
- 	 hour, or until the material is seen to be cleared. 
4).Stain the cleared material in staining solution at 70 C for 10-20 mm. 
5).Destain in lactophenol at 70 C for 15-30 mm. 
Squash the material gently between the microslide and cover slip in a drop of 
lactophenol, and examine under a light microscope. The slides can be preserved for 
several months. 
This piocedure was used to examine the development and growth of the 
zygotic embryos. The whole siliques were processed in this way. 
2.2.3. Fixation and embedding procedure 
The siliques were cut into 1-1.5 mm segments, and the callus tissue cut into 
1-3 cm  cubes with a sharp razor blade on an ice-cooled microslide. The 
specimens were prefixed in 3% glutaraldehyde (EM grade, Agar Aids, England.) in 
0.1 M phosphate buffer at pH 7.2. The specimens in the fixative were allowed to 
stand under vacuum for 5-10 mm. to help the penetration of the fixative, and then 
left overnight at room temperature (20-22 C). Subsequently the specimens were 
washed in three changes of fresh 0.1 M phosphate buffer (pH 7.2) before 
postfixation in a 1% aqueous solution of osmium tetroxide (0s0 4) (Agar Aids) for 
1-2 hours, followed by a thorough wash in distilled water (at least 5 times). They 
were then treated with 4% (w/v) tannic acid (Andrew H. Baird Ltd.), a mordant for 
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enhancing the staining of the materials, for 1-2 h. at 20 C and washed again in 
distilled water (3 times) Dehydration was achieved by passing the specimens 
through an ethanol series of increasing concentration (10%, 20%, 40%, 60%, 80%, 
96%, 100% and dry absolute, 30 mm. each). 
Before embedding, the specimens were processed through a series of 
transition solutions of decreasing ethanol and increasing propylene oxide (ethanol: 
propylene oxide=2:1, 1:1, 1:2 and 0:1, each for 30 mm.) to replace the ethanol in the 
specimens with propylene oxide. 
The recipe for the embedding resin is as follows: 
Stock resin: 
Araldite CY 212 ---------------------- --------- 200 ml 
DDSA (Dodecenyl succininc anhydride) ----------200 ml 
Dibutylphthalate ----------------- ------------- 20 ml 
The stock resin was thoroughly mixed and stored at -40 C. 
To make up the embedding resin, 1 ml of BDMA (hardener) was added to 40 
ml of atock resin and mixed well. 
(All the chemicals were obtained from Agar Aids, England). 
Infiltration was carried out by incubating the specimens in 2:1, 1:1 and 1:2 
(v/v) mixtures of propylene oxide and embedding resin, each for 2 h. followed by an 
overnight incubation in pure embedding resin. 
The materials were then embedded in freshly prepared embedding resin and 
polymerised at 60 C for 48 h. 
All the fixation and embedding steps were carried out in the fume cabinet. 
2.2.4. Histological sectioning for light microscopy 
The embedded blocks were used for both light and electron microscopic 
sectioning. The blocks were trimmed with a razor blade under a stereo-binocular 
microscope to obtain a suitable cutting face. The block was then cut on a 
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Reichert-Jung Ultracut microtome with a glass knife at a thickness of 1-3 pm. The 
sections were picked up and carefully laid on the surface of a drop of distilled 
water on a microslide. The microslide with sections was placed on a hot plate at 70 
C for a few mm. As the drop of water evaporated, the sections became flattened 
and stuck onto the slide surface. Staining of the sections was achieved by 
immersing the sections in a drop of a 1% toluidine blue solution for 30 sec. on the 
hot plate. The staining solution was quickly washed out with distilled water using a 
washing bottle and rinsed briefly with 70% ethanol. The slide was then dried again 
on the hot plate and sections were mounted in Araldite embedding resin with a 
glass cover slip, and viewed under a Vickers Photoplan light microscope. 
Photographs were taken using Kodak Technical Pan 2415 black and white film which 
was then processed and printed by a conventional procedure. 
2.2.5: Transmission electron microscopy (TEM) 
A). Sectioning 
The area to be sectioned was chosen from the light microscopic thick section 
blocks. The chosen cutting area was trimmed out in the same manner as for thick 
sections. 
Before sectioning, glass knives were made with a LKB Type 7801A knife maker, 
and the troughs were constructed using adhesive tape stuck to the glass knives 
and sealed with wax. Sections were cut on a Reichert-Jung Ultracut microtome 
with glass knives. Ribbons of ultrathin sections cut at a thickness of around 500 A 
were picked up on a formvar coated grid, from the water surface of the trough. The 
excess liquid on the grids was removed with a piece of filter paper and the grids 
were placed in a covered Petri dish fitted with a filter paper, and allowed to dry 
naturally. 
B). Staining 
All the ultrathin sections were stained with uranyl acetate (Watson, 1958) followed 
by lead staining (Reynold, 1963). 
Preparation of staining solutions: 
Saturated uranyl acetate: Approximately 0.1 g of uranyl acetate (BDH) was 
dissolved in 50% ethanol, and kept in the dark overnight. The solution was filtered 
before use. (This solution is stable for a few days if kept refrigerated). 
Lead citrate staining solution: To prepare lead staining solution, 1.33 g of lead 
nitrate (BDH) and 1.76 g of trisodium citrate, Na 3(C6H507) 2H20 (BDH), were 
dissolved in 30 ml distilled water in a 50 ml flask. The mixture was shaken 
vigorously and allowed to stand for 30 mm. to convert lead nitrate to lead citrate. 
Eight ml of carbonate-free N NaOH (BDH) was added and the solution made up to 
50 ml with distilled water. 
Staining procedure: 
Uranyl acetate staining: Grids were stained by floating them (side with 
sections down) on drops of staining solution in a Petri dish kept in the dark at 
room temperature. After 30-60 mm. staining the grids were rinsed first with 50% 
ethanol and then with distilled water, and air dried. 
Lead citrate staining: This was performed in a Petri dish in a similar way to 
the method described for uranyl staining. Half of the Petri dish was occupied by a 
folded filter paper moistened with 0.1 N NaOH (carbonate-free) and the grids were 
floated on the drops of staining solution in the other half of the dish. The staining 
time was about 20 mm. and the grids were rinsed with 0.02 N NaOH followed by 
distilled water. The 0.02 N NaOH was diluted from 0.1 NaOH (BDH) with boiled 
CO2-free distilled water. The grids were finally air-dried and ready for electron 
microscopic examination. 
C). TEM viewing and photography 
The stained grids were then examined with a JEOL JEM 100S transmission electron 
microscope operating at an accelerating potential of 80-100 kilovolts. The required 
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images were photographed by exposing the electron beams onto the Kodak 
Electron Microscope film 4489 with a built-in automatic exposure device. 
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Section 2.3. General Analytical Techniques 
2.3.1. Protein assay 
Quantitative estimation of protein in the tissue extracts, purified protein 
samples etc. was carried out using a modified Lowry method (Lowry, et al. 1951) 
according to Peterson (1977). This method employs a DOC-TCA protein 
precipitation technique which permits the rapid quantitative recovery of substances 
even in very diluted solutions, and gives a linear standard curve for rapid, simple 
protein estimation. 
Reagents 
Stock solutions (all in water): 
1.5% sodium deoxycholate (DOC) (Sigma) 
72% trichloroacetic acid (TCA) (BDH) 
Copper-tartrate-carbonate (CTC) stock: 20% sodium carbonate (Na 2CO3) was 
added while stirring into an equal volume of 0.2% copper sulphate (CuSO 4 51-120) 
and 0.4% potassium tartrate to give final concentration of 10% Na2CO3, 0.1% CuSO4 
51-1 20 and 0.2% K-tartrate. 
10% sodium dodecyl sulphate (SDS) 
0.8 N sodium hydroxide (NaOH) 
Folin & Ciocalteu's phenol reagent (obtained from BDH) 
Working regents: 
Reagent A (CTC : 0.8 N NaOH :10% SDS : H 20 = 1:1:1:1 
Reagent B (Folin & Cocalteu's phenol : H20 = 1:5 
The flow chart of the assay procedure: 
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Bring samples (usually 100il containing 5-100).ig protein) 
to 1 ml with H20 
Add 0.1 ml 0.15% DOC (freshly made from 1.5% stock), mix, 
leave for 10 mm. at 20 C 
Add 0.1 ml 72% TCA, mix well, leave for 10 mm. at 20 C 
Centrifuge at 10,000x g in a 15 ml MSE tube for 30 mm. 
Discard the supernatant, bring the pellet to 1 ml with 
distilled water 
Add 1 ml Reagent A (freshly made), mix well, leave 
for 10 mm. at 20 C 
Add 0.5 ml Reagent B, mix immediately, leave for 30 
mm. at 20 C for colour development 
Read the absorbance at 710 nm with a Corning Colorimeter 252. 
Standard curve and protein estimation: 
To establish the standard curve, aqueous solutions containing 5, 10, 20, 40, 60, 
80 and 100 pg bovine serum albumin (BSA) (Sigma) per ml were processed in the 
same way as protein samples 	and the absorbance was read at 710 nm. 	The 
concentrations of BSA were plotted against absorbance. Three replicates of BSA 
solutions were tested at each concentration and the absorbance means used to 
construct 	a 	standard curve. 	Protein concentrations 	of 	unknown 	samples were 
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determined either by plotting the absorbance on the standard curve on the graph, 
or by direct calculation from the equation of the curve (see Section 2.3.5.). 
2.3.2. Growth analysis of developing zygotic embryos and seeds 
Developing embryos at different ages were isolated under a stereo dissection 
microscope, and their length was measured under the microscope using a one mm 
scale divided into 0.1 mm sections. The direct weighing of individual ovules was 
not possible due to the tiny size of the seeds of this species. Therefore an indirect 
method was employed. Ovules were collected, also under the microscope, in 
quantity and weighed on a Mettler M3 electronic balance at a sensitivity of 10-3 
mg, and then the number of ovules was counted. The average fresh weight of the 
individual ovules at each stage was then determined by dividing the total weight of 
the ovules by their number. In this way, the pattern of increase of fresh weight of 
the ovule during seed development can be determined. 
The dry weight of ovules was measured on a group of 100 ovules. For each 
developmental stage, one hundred ovules were collected under the microscope and 
placed in a 60 C oven for 24 h. and then weighed on a Mettler M3 balance after 
drying in a desiccator. 
The protein content of the developing ovules was determined by the modified 
Lowry method. Ovules of known fresh weight (usually approx. 10 mg) were 
homogenized in 200 ill of buffer containing 50 mM Tris-base (pH 7.5) using a glass 
homogenizer. The mixture was then centrifuged for 5 mm. on a bench centrifuge at 
top speed and the supernatant used for protein assay (see Section 2.3.1.). The total 
protein content per mg fresh weight (pg/mg) and total protein content per ovule 
can therefore be calculated from the assay results. 
31 
2.3.3. Growth analysis of tissue and cell cultures 
Fresh weight of callus tissues was measured at intervals to determine the 
growth rate of the culture. Callus tissue taken from the agar medium was placed on 
a filter paper for a few sec. to remove the excess liquid, and then weighed on a 
Mettler M3 balance. 
For cell suspension cultures, the growth was expressed as cell density in 
cell/mi. A drop of cell suspension was carefully pipetted out of the culture flask 
and placed into the chamber of a counting grid (Hawksley, England), and covered 
with a glass slip. The cell number was counted under a light microscope and the 
total number of cells was calculated. 
2.3.4. Purification and estimation of seed storage proteins 
Protein extraction 
Five grams of dried, freshly harvested seeds of A. tha//ana were ground in an 
ice-cooled mortar in 100 ml extraction buffer containing 0.01 M sodium phosphate, 
0.5 M NaCl and 0.001 M phenylmethylsulfonylfluoride (PMSF, a protease inhibitor), at 
pH 7.0. The mixture was then homogenized at top speed for 5 mm. in an MSE 
ATO-MIX. The slurry was transferred to a beaker and stirred with a magnetic stirrer 
for one hour. The homogenate was centrifuged at 15,000x g for 30 mm. on a 
Sorvall RC-5B superspeed centrifuge, and the supernatant was either used 
immediately for the separation of storage proteins, or stored at -80 C for future 
use. All the extraction procedures were carried out at 4 C. 
Separation of storage proteins by gel filtration 
Before starting the gel filtration operation, the apparatus was connected and 
assembled so that the collection and recording of absorbance of the fractions could 
be performed automatically. The inlet of a 1.5x100 cm column (Pharmacia Fine 
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Chemical) was connected to the upper eluent reservoir and the outlet attached to a 
LKB Uvicord II ultraviolet absorptiometer detector unit coupled with a Uvicord II 
control unit which was in turn connected to a Venture charter recorder. 
The column was thoroughly washed with distilled water and packed with 
Sepharose 6B-100 gel (Sigma, exclusion limit average MW. 4x10 6). The packed 
column was equilibrated and washed with eluent buffer of the same composition as 
the extraction buffer. For each purification, 5 ml of seed protein extract was applied 
to the surface of the gel in the column which was run at •a flow rate of about 0.2 
ml/min. The fractions were collected when the void volume of the column had --
passed through (about 60 ml). The void volume was determined before sample 
application by applying a few drops of blue dextran (Sigma) solution to the top of 
the column and measuring the volume of buffer eluted just before the blue dextran 
reached the bottom of the column. The fractions were collected using a Shandon 
automatic fraction collector and the absorbance at 280 nm was read and recorded 
automatically. The layout of the apparatus is shown in Figure 2.3.1. 
The protein content of each of the peaks detected at 280 nm was determined 
(Section 2.3.1.), and the composition of each peak examined by gel electrophoresis 
(Section 2.4.1.). 
2.3.5. Statistical analysis 
Standard errors were calculated according to Parker (1973). The linear 
regression of standard curves was done by calculating the regression coefficient (b) 
and the intercept (a) to establish the equation y = a + bx according to Bailey (1959). 
In practice, the "a" and "b" values can be directly obtained from a Canon Canola 
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Fig. 2.3.1. Gel filtration apparatus for separating 
seed storage proteins 
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Section 2.4. Gel Electrophoresis 
2.4.1. One-dimensional SOS-denaturing polyacrylamide gel electrophoresis of 
protein 
The SOS-denaturing polyacrylamide gel electrophoresis (SDS-PAGE) was 
carried out essentially according to Laemmli (1970) and Harries (1981). 
Stock solutions 
Sample extraction buffer: 60 mM Tris-base, 2% SDS, 5% 2-mercaptoethanol, 10% 
sucrose, pH adjusted to 6.8 with N HCI. 
SOS stock: 10% SDS 
Acrylamide stock: acrylamide (BDH) 29.2 g, NN'-methylenebisacrylamide (bis) 
(BDH) 0.8 g, made up to 100 ml with H 20, filtered through Whatman No.1 paper and 
stored in the dark at 4 C. 
Separating gel buffer: 1.875 M Tris-base, 22.6 g dissolved in 50 ml N HCI, pH 
adjusted to 8.8 and made up to 100 ml with H20. 
Stacking gel buffer: 0.60 M Iris-base, 7.26 g dissolved in 50 ml H 20, titrated 
with N HCI to pH 6.8 and made up to 100 ml with H 20. 
Electrode buffer: 0.05 M Tris-base, 0.384 M glycine, 0.1% SDS. 
All the solutions, except electrode buffer which was freshly made, were stored 
in the fridge and replaced after 2 weeks. 
Protein extraction and sample preparation 
Plant tissues (developing ovules or callus tissues), usually 10-50 mg fresh weight, 
were homogenised in 200-1,000 p1 extraction buffer using a glass homogeniser 
(Jencons Ltd.). The homogenates were transferred to Eppendorf tubes and heated in 
a water bath at 100 C for 5 mm. They were centrifuged at top speed on a 
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microcentrifuge for 5 mm. to remove the cell debris. The supernatants were 
pooled and saved for protein electrophoresis. Where required, 50 111 of each of the 
protein extracts was taken out for Lowry's assay to estimate the protein 
concentration before the samples were loaded onto the gels. To each protein 
extract, about 1 Ill of saturated bromophenol blue solution was added as a tracing 
dye. The protein samples can be stored at -40 C for several months without any 
significant change to their composition. 
For purified seed storage proteins, two portions of the sample from the gel 
filtration fractions were mixed with one portion of 3x concentrated sample buffer 
and denatured by heating for 5 mm. at 100 C. The samples were also kept at -40 C. 
C). Electrophoresis procedure 
1). Preparation of polyacrylamide gels 
Slab gels were formed by pouring the gel mixtures between glass plates of 
20x18 cm held together with clips, with 0.8-1.0 mm thick teflon spacers in between 
the plates and sealed with silicone grease. Before use, the glass plates and spacers 
were washed with 3% Decon solution, rinsed with water and oven dried. They were 
wiped with acetone and absolute ethanol before assembly. 
I). Uniform concentration slab gels 
A 12% acrylamide separating gel mixture of total volume of 30 ml was made 
up by mixing the stock solutions in the following proportions: 
- Acrylamide stock: 12 ml 
- Separating gel buffer (pH 8.8): 6 ml 
- 10% SOS: 0.3 ml 
- H 20: 11.5 ml 
The gel mixture was degassed under vacuum for a few mm. Immediately 
before pouring the gel, 15 VI N,N,N',N'-tetramethylethyleadiamifle (TEMED, Sigma) 
And 150 iii of freshly prepared 10% ammonium persulphate (BDH) were added as 
the polymerisation catalysts. The gel mixture was then poured slowly but 
continuously into the plate sandwich to form a gel with dimensions of 15x13 cm. 
About 3 ml of iso-propylalcohol was layered on the top of the gel mixture to 
smooth the gel surface. The assembly was allowed to stand still for 15-30 mm. to 
polymerise the gel. When the polymerisation was completed, which took about 
15-30 mm., the overlay was poured off and the gel surface was washed with 
distilled water. About 10 ml of stacking gel mixture (5% acrylamide) was layered 
onto the separating gel, and a comb was immediately inserted into the stacking gel 
to form the sample wells. The stacking gel was polymerised in the same way as 
the separating gel. The height of the stacking gel was about 3-4 cm. 
ii). Linear gradient concentration slab gels 
A gradient gel maker constructed in the Botany Department workshop was 
used to make the linear gradient slab gels. The gel maker composed of two 
chambers of equal cross-section joined togather by a tube at their bottom ends. 
The outlet of the gel maker was connected to Tygon tubing which led to the centre 
of the gel glass plate sandwich. The outlet tubing and the connecting tube of the 
gel maker were closed and the gel mixtures (15 ml of each of the two different 
concentrations) were poured into the chambers (the high concentration mixture 
added to the chamber connected to the outlet). During the pouring of the gel, the 
outlet and the connecting tube were opened and the high concentration mixture 
was agitated with a magnetic stirrer to ensure the proper mixing of the two gels. 
The gel was poured within 2-3 mm. by adjusting the flow rate with a pair of clips 
fixed to the outlet tubing. In this way, the high concentration mixture in one 
chamber was continuously diluted by the low concentration mixture flowing from 
the other chamber, and a gradient gel with decreasing concentration of acrylamide 
from the bottom to the top was formed. 
For a 7-20% linear gradient slab gel, two gel mixtures with the following 
compositions were added to the two chambers of the gel maker: 
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7% mixture (15m1) 	 20% mixture (15m1) 
Acrylamide stock 3.5 ml 10 ml 
Separating gel buffer 3.0 ml 3.0 ml 
10% SDS 150111 150111 
Distilled water 8.3 ml 0.6 ml 
Sucrose ----- 2 . 25 g 
After degassing, 75l of 10% ammonium persuiphate and 71.tI  TEMED were 
added to - the gel mixtures. 
Once poured the gel was overlaid with iso-propylalcohol and left for 15-30 
mm. for polymerisation. Stacking gel and sample wells were made in exactly the 
same way as described for uniform concentration gels. 
2). Electrophoresis procedure 
Once the gel was polymerised, the comb and the bottom spacer were 
removed from the assembly, and it was clamped onto a Perspex electrophoresis 
tank. Electrode buffer (freshly made) was added to fill the upper and lower 
reservoirs of the tank. The protein samples were then loaded by underlaying 20-50 
VI extracts underneath the electrode buffer onto the gel surface of the sample 
wells using a Hamilton microsyringe. 
Electrophoresis was performed by connecting the upper electrode of the 
apparatus to the cathode (-) of the power pack (Shandon Southern) and the bottom 
electrode to the anode (+), and running the gel at a constant current of 10 mA until 
the tracing dye reached the interface of the stacking and separating gels. The 
current was then increased to 20 mA and the electrophoresis completed when the 
tracing dye had reached the bottom of the gel (about 4-6 h.). 
0). Molecular weight estimation 
The principle of molecular weight determination is based on the fact that when 
proteins are denatured in the presence of excess SDS and a thiol reagent (e.g. 
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2-mercaptoethanol) the polypeptides bind SOS in a constant ratio so that they have 
identical charge properties and migrate in the gel solely according to their size 
(molecular weight). It is observed that under these conditions, a plot of relative 
mobility of polypeptides in the polvacrylamide gel against log 1 0 of molecular weight 
gives a linear relationship (Weber & Osborn, 1969). It is therefore possible to 
construct a standard calibration curve by electrophoresing a set of polypeptides 
markers of known molecular weights and measuring their migration distances. The 
molecular weights of unknown polypeptides run on the same slab gel can be 
calculated based on their mobility using this standard curve. 
The polypeptide markers used were: bovine serum albumin 68 KD, catalase 60 
KID, aldolase 40 KID, carbonic anhydrase 29 KID, soybean trypsin inhibitor 21 KD, 
myoglobin 17 KID and lysozyme 14.3 KO. 
2.4.2. Native non-denaturing PAGE 
Non-denaturing polyacrylamide gel electrophoresis was employed to test the 
charge property of the chromatographically purified seed storage proteins. The 
method used was basically the same as described by Harries (1981). Both basic and 
acidic non-denaturing gel systems were tried for each of the two storge proteins 
purified. 
The buffer systems for both basic and acidic gels are listed as follows. 
Basic gel: 
Stacking gel buffer (pH 6.8): Tris-base 36.3 g dissolved in 40 ml H 20, titrated 
to pH 6.8 with N HCI, made up to 100 ml with H 20. 
Separating gel buffer (pH 8.8): Tris-base 36.3 g dissolved in 48 ml N HCI, 
brought to 100 ml with H 20, titrated to pH 8.8 with concentrated HCI, if necessary. 
Electrode buffer (pH 8.3): Tris-base 3.0 g, glycine 14.4 g in 1,000 ml H20. 
Acidic gel: 
Stacking gel buffer (pH 6.8): glycine acetic acid 2.9 ml, N KOH 48.0 ml, mixed 
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And made up to 100 ml. 
Separating gel buffer (pH 4.3): glacial acetic acid 17.2 ml, N KOH 48.0 ml mixed 
and made up to 100 ml. 
Electrode buffer (pH 4.5): 3-alanine 31.2 g, glacial acetic acid 8.0 ml, brought 
to 1,000 ml with H 20. 
The recipes for the 5-15% linear gradient concentration gel mixtures: 
Basic gel: 
5%(15m1) 15%(15m1) stacking gel(lOml) 
Acrylamide stock 2.5 ml 7.5 ml 1.25 ml 
Stacking gel buffer 2.5 ml 
Separating gel buffer 1.87 ml 1.87 ml 
1.5% Ammonium persulfate 0.35 ml 0.35 ml 0.2 ml 
Distilled water 10.3 ml 4.1 ml 6.0 ml 
Sucrose 2.25 g 
Acidic gel: 
5%(15ml) 15%(15ml) stacking gel(lOml) 
Acrylamide stock 2.5 ml 7.5 ml 1.25 ml 
Stacking gel buffer 2.5 ml 
Separating gel buffer 1.87 ml 1.87 ml 
1.5% Ammonium persulfate 0.8 ml 0.8 ml 0.5 ml 
Distilled water 9.8 ml 3.6 ml 5.75 ml 
Sucrose 2.25 	g 
After degassing, 8 p1 of TEMED was added to each 15 ml basic gel mixture 
immdiately 	before 	pouring. 	For acidic gel 	mixtures, 	more TEMED (100 p1) was 
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needed because the acrylamide is more, difficult to polymerise at low pH values. 
The non-denaturing gradient gels were poured in exactly the same manner as 
SOS gels, and a stacking gel was polymerised (by adding 10 iI TEMED to 10 ml 
mixture) at the top of each separating gel. 
Protein samples taken directly from gel filtration fractions, after adding 10% 
sucrose and tracing dye, were loaded and the gels were electrophoresed under the 
same conditions as SDS-PAGE, except in the case of acidic gels where - the polarity 
of the electrodes was reversed, i.e. the anode (+) connected to the top and the 
cathode (-) to the bottom electrode of the tank. Also, methyl green was used as 
tracing dye instead of bromophenol blue. 
2.4.3. Isoelectric focusing/SDS two-dimensional PAGE 
This technique involves isoelectric focusing of protein in the first dimension 
and SOS denaturing gel electrophoresis in the second, allowing the separation of 
polypeptides according to both their isoelectric points (p1) and their molecular 
weights. The method used in this experiment is a modification of O'Farrell's (1975). 
A). First dimension separation--isoelectric focusing (IEF) 
The protein samples for IEF were prepared as follows. 
The tissues were homogenised in a glass homogeniser, in an extraction buffer 
containing 50 mM Tris-base, 5 MM  MgCl2, 50 mM KCI and 250 mM sucrose titrated 
to pH 7.4 with N HCI. The homogenate was centrifuged at 10,000x g for 10 mm., 
and the supernatant layered onto a 2 ml 0.35 M sucrose cushion in a 15 ml MSE 
tube and centrifuged again at 45,000x g for 3 h. The pellet and supernatant both 
contain proteins and can be used for IEF but usually only the soluble proteins in 
the supernatant were processed for IEF analysis. To precipitate the soluble 
proteins the supernatant was mixed with 4-5 volumes of acetone and centrifuged 
at 15,000x g for 20 mm., then the acetone was poured off and drained with a piece 
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of filter paper. The pellet was resuspended in a minumum volume of sample buffer 
(composition see below) and kept at -40 C until used. 
The following stock solutions are required for IEF gel preparation. 
IEF acrylamide stock: 28.38 g acrylamide, 1.62 g N,,N'-methylenebisacrylamide 
dissolved in distilled water and brought to 100 ml before filtering through Whatman 
No.1 paper. Stored in dark at 4 C. 
IEF gel overlay: 8 M urea (BDH). 
Sample buffer: 9.5 M urea, 5% 2-mercaptoethanol, 2% Ampholines (LKB) (pH 
3.5-10/pH 5-7 = 1 : 4 
Sample overlay: 9 M urea, 1% Ampholines (mixture of the same ratio as 
sample buffer) 
All the stock solutions (except acrylamide stock) were kept in 2 ml aliquots at 
-40 C. 
The IEF gel mixture, 10 ml for 12 rod gels, was made up by mixing 5.5 g urea, 
1.33 ml acrylamide stock, 4 ml H20, 100 p1 pH 3.5-10 Ampholine and 400 p1 pH 5-7 
Ampholine. After degassing 10 p1 of 10% ammonium persulfate and 7 p1 TEMED 
were added. The gel mixture was then loaded into siliconised glass tubes 15 cm 
long with an ID of 2.0 mm sealed with Parafilm at one end, using a 1 ml syringe 
fitted with a long blunted needle. The gels were overlaid with about 15 p1 gel 
overlay, and left for 1-2 h. to set. Once the gels were polymerised the overlay was 
removed from the gel surface and replaced with 20 p1 sample buffer followed by 
one change of fresh sample buffer 30 mm. later. The Parafilm at the bottom of 
tubes was then replaced by dialysis membrane, and the tubes were placed in a rod 
gel electrophoresis apparatus. The liquid was removed from the gel surface and the 
samples were loaded at volumes of 30-50 p1 (containing 100-200 pg protein) for 
each rod gel, and 10 p1 of sample overlay was carefully layered onto the protein 
sample. To start the focusing, the top tank (Ve) was filled with 500 ml 0.5% 
ethanolamine (pH 9.0), and the bottom tank (Ve) with 1,000 ml 0.2% H2SO4  (pH 4.5), 
and the gels were run at a constant voltage of 200 V for 16 h. at room 
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temperature. 
B). Second dimension separation: SDS-PAGE 
Upon the completion of isoelectric focusing, the IEF gels were extruded out of the 
tubes by pushing a 10 ml syringe through vacuum tubing fitted to the glass tubes, 
into 5 ml of an equilibration solution (2.3% SOS, 5% 2-mercaptoethanol, 0.0625 M 
Tris-base and 10% glycerol, pH 6.8) and incubated for 1.5 h. to denature the 
protein. The SOS solubilized IEF gels were then stored at -80 C for later use. 
- - The second dimension SDS-PAGE was carried out on - the slab gels in basically 
the same way as one dimensional SDS-PAGE (Section 2.4.1.). The first dimension 
IEF gel was laid on the surface of the stacking gel and kept in place by 1% agarose 
in equilibration buffer. A few drops of saturated bromophenol blue were added to 
the upper tank of the electrophoresis apparatus as the tracing dye. The electrodes 
were then connected to the power pack and the gel was electrophoresed as for 
one dimensional SOS gels. 
2.4.4. Visualisation of protein in acrylamide gels 
Coomassie brilliant blue staining 
After electrophoresis, gels were fixed and stained simultaneously in 50% 0.1% 
Coomassie blue R 250 (Raymond A. Lamb) in 50% methanol and 5% acitic acid 
(filtered) for at least 2 h. at room temperature under constant agitation, and then 
destained in several changes of 30% methanol and 5% acetic acid until the 
background of the gel was clear. 
Coomassié blue/silver double staining 
For two-dimensional gels a more sensitive staining method designed by Gorg et al. 
(1985) was applied. This method involves the Coomassie blue staining in the first 
step and silver staining in the second, followed by a recycling procedure which 
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reduces the background from the silver staining significantly 
The gel was first fixed in 20% TCA solution for 20 mm. and stained, with 
Coomassie blue as described previously. After destaining, the gel was washed with 
10% ethanol twice for 5 mn. each followed by three washes in distilled water. The 
silver stain is a 0.1% silver nitrate (AgNO 3) solution. The gel was immersed in this 
solution for 30 mm. and shaken in uniform daylight. After a brief rinse in water the 
gel was put into the developing solution containing 3% (w/v) Na2CO3 and 0.02% 
(v/v) formaldehyde. In about 10 mm. the dark black bands or spots of protein could 
- be seen, and a greyish backgruond may also -develop, but it will be eliminated - in 
the recycling steps. The development was stopped by soaking the gel in 1% acetic 
acid for 10 mm., and then washed 3 times with water. The gel was now ready for 
recycling. The Farmer's Reducer was prepared by dissolving 5.0 g potassium 
ferricyanide, K 3[Fe(CN)6],(BDH) and 8.0 g sodium thiosulphate, Na 2S203 51-120, in 500 
ml distilled water and the gel was immersed in this reducer for about 5 mm. until 
all the silver stain had disappeared and the blue colour of Coomassie blue stain 
was seen again. The gel was washed for at least 5 times in water until the yellow 
colour of Farmer's reducer vanished, and then the silver staining steps were 
repeated. When the protein bands or spots reached the required intensity in the 
developing solution, the gel was immediately put in a stopping solution (1% acetic 
acid) to complete the whole procedure. The gel was either dried or kept in a 
preserving solution of 70% methanol and 3% glycerol. For the Coomassie 
blue/silver double staining method, all the solutions should be prepared 
immediately before use. 
Gels from all staining methods were dried on a Biowerk gel dryer. 
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Section 2.5 Production of Antibodies Against 12s Storage 
Protein 
The procedure for the production of polyclonal and monoclonal antibodies 
against the 12s storage protein was performed in the Department of Surgery. 
Edinburgh University Medical School with the help of Dr. K. James and Mr. I. Milne. 
2.5.1. Further purification of the 12s storage protein for antibody production 
The 12s storage protein separated by molecular seiving gel filtration (Section 
2.3.4) was further purified using a method which involves non-denaturing PAGE of 
the protein in the first step and electrophoretic elution of the protein from the gel 
in the second. The detailed procedure is now described. The peak fractions from 
the Sepharose 6B separating column containing the 12s protein were applied to a 
basic non-denaturing system for electrophoretic separation. The techique was the 
same as described in Section 2.4.2, except the thickness of the slab gel was 
increased to 2 mm, and no sample wells were built at the top of the stacking gel, 
so that a larger protein sample could be applied for each separation. The slab gel 
was run at a constant current of 20 mA and the electrophoresis was terminated 
when the tracing dye (bromophenol blue) reached the bottom of the gel. The 
position of the 12s protein band on the slab gel was localized by cutting off two 
strips from both sides of the slab and staining the strips with Coomassie blue. 
After localization, the portion of the gel containing the 12s protein band was cut off 
from the slab and eluted by electrophoresis. - 
in order to elute the separated 12s protein, the gel portion was finely 
chopped, with a scalpel, into small pieces and packed into 1 ml micropipette tips 
which were sealed with dialysis tubings at the tip ends. The micropipette tips 
packed with pieces of gel were then installed onto a rod gel electrophoresis 
apparatus and electrophoresed at 200 V for at least 16 h. The electrode buffer used 
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in both upper and lower tanks of the apparatus contained 3.0 g/l Tris-base and 14.4 
gil glycine (pH 8.3). During the course of electrophoresis, the protein was eluted 
out of the gel and accumulated in the dialysis tubes. After the elution was 
completed the protein was removed from the dialysis tubes and the content and 
purity of the eluted protein determined by protein assay (Section 2.3.1) and 
SDS-PAGE (Section 2.4.1) before it was used as a purified antigen for the 
production of antibodies. 
2.5.2. Preparation of the polyclonal antiserum 
Twelve Balb/c mice were each injected with 25 pg purified 12s storage 
protein prepared as described above, in an equal volume of Freund's Complete 
Adjuvant intra peritonea lly. One month later they received a second intraperitoneal 
injection of the same amount of antigen in an equal volume of Freund's Incomplete 
Adjunvant. The third immunization of the mice was performed a month later with 
25 jig antigen protein in an equal volume of Alum. (1.3 % A1 20 3 and 2 % Al(OH)3). 
The mice were left for nine weeks or more before they were injected intravenously 
with 50-70 Vg antigen protein in Dulbecco A phosphate buffer. The mice were then 
bled three days later for the poly, Clonal antiserum. 
2.5.3. Preparation of monoclonal antibod 
The principle and protocol for monoclonal antibody production were those 
routinely used in the Department of Surgery, Edinburgh University Medical School 
(for the details, see James et al. 1984; Dawes et al. 1984). Briefly, the procedure 
was as follows. 
Balb/c mice were immunized as for the production of polyclonal antiserum, 
and three days after the last injection, they were killed and the spleens were 
removed under sterile conditions. The spleens were then homogenized and washed 
3 times with Dulbecco A buffer. 
NSO cells (non-secreting, non-producing mouse myeloma cell line) were 
harvested while they were in the growth phase and washed in 3 changes of 
Dulbecco A buffer. NSO cells and spleen cells were then mixed together in a ratio 
between 1:3 and 1:1, and centrifuged at 1,200 rpm for 5 mm. The supernatant was 
decanted off and the pellet of cells tapped gently. One ml of 50% polyethylene 
glycol 400 (PEG 400, BDH), pH adjusted to 8.5-8.9 with 0.2 M Tris, was added to the 
cell pellet at 37 C. The pellet was then gently swirled to resuspend the cells over a 
period of 5 mm. Five ml of serum-free RPM! 1640 culture medium was slowly 
added to the cell pellet, without disturbing it, over a period of 1-2 mm. The pellet 
was then resuspended by gentle swirling for 3-4 mm. The cells were centrifuged 
for 5 mm. at 1,200 rpm and the supernatant was tipped out carefully. Five ml of 
HAT (a mixture of hypoxanthine, aminopterin and thymidmne) in RPMI 1640 culture 
medium containing 15% foetal calf serum, and penicillin, streptomicin and 
L-glutamine was added to the cell pellet which was then left to stand for 7 mm. 
The cells were then resuspended by gentle swirling and made up to a final density 
of 2x10 6 cells/rn! with HAT. Two drops of the cell suspension (about 0.1 ml 
containing 2x10 5 cells) were added to each of 60 wells of a flat bottomed sterile 
tissue culture plate. Two drops of TCM (thymocyte culture medium) were also 
added to each well. The culture plate was then incubated at 37 C and examined to 
detect the formation of the hybrids after one week. 
Wells containing hybrids were tested using a solid phase system to detect the 
presence of the antibody. For this purpose, a 100 p1 aliquot of supernatant of the 
cell culture was mixed with 50 p1 of the iodine-125 (1251)  labelled antigen (12s 
protein), and incubated overnight at room temperature. To each sample was added 
50 p1 of sheep-antimouse gamma globulins/s 500 sephacryl solid phase. The 
mixtures were shaken for one hour. Unbound label was removed by washing with 
10% sucrose/Tris buffer. By including various standard and control samples, the 
concentration of bound antibody can be estimated and positive hybrids identified. 
Each positive hybrid was then cloned to ensure that any antibody produced 
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was derived from a single clone of cells. This was done by plating out a small 
number of cells into a series of wells (1-5 cells per well). Wells in which a single 
positive clone developed were chosen to be grown up in pots, and then in flasks 
so that the cells could be injected into Balb/c mice previously primed with pristane 
to produce ascites, an antibody rich fluid. The lgG antibody can be purified by 
sodium sulphate precipitation. 
Alternatively, the hybrid cell clones can be grown in bulk to produce large 
quantities of monoclonal antibody which accumulated in the culture medium. 
- 	 The hybrid cells were then stored in liquid nitrogen for future use 	- 
2.5.4. Test of antiserum and monoclonal antibody 
The semi-quantitative evaluation of the titre, as well as the specificity of the 
polyclonal antiserum and monoclonal antibody was carried out using both the 
double diffusion test first developed by Ouchterlony (1949) and 
immunoelectrophoresis originally reported by Scheidegger (1955). In some cases an 
immunodot test was also applied for antibody evaluation. 
A). Ouchterlony double diffusion test 
The double diffusion test was performed in a 1% agarose gel buffered with 0.05 M 
barbital at pH 8.2. For details, 0.92 g barbital (Sigma) was dissolved in 90 ml H20 
and calibrated to pH 8.2 with N NaOH. One gram of agarose ( Type I, Sigma) and 
two grams of polyethylene glycol (mol. wt. 3,350, Sigma) were added to the 
solution before it was brought to 100 ml with water. Sodium azide (NaN3) at a 
concentration of 0.02% was also added. The solution was then autoclaved at 121 C 
for 15 mm. and melted agarose gel was poured onto 5x5 cm. glass plates using a 
pipette. After the gel had solidified, sample wells of 0.5 cm. diameter were 
punched out with a cork borer. The arrangement of the wells was such that a 
central well was surrounded by a circle of six outer wells equidistant from each 
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other (1 cm.). The central well was loaded with the antigen (approx. 2.0 jig purified 
12s protein in 20 p1 saline) while the six outer wells filled with a series of 
consecutively diluted antiserum or antibody solution. The plates were placed in a 
box with layers of moistened filter paper and left at room temperature for 
immunodiffusion. The diffusion time was usually 48 h. after which the reactant 
precipitation lines can be seen in the gels. The agarose gels were then washed in 
several changes of 0.9% NaCl (2 h. each) with occasional agitation to remove the 
unreacted protein, and subsequently stained with Coomassie blue and dried onto 
glass plates. 
Immunoelectrophoresis test 
The method was used to verify the immunological specifity of the polyclonal 
antiserum. 
One percent agarose gel of the same composition as for double diffusion 
(with 2%. PEG omitted) was poured onto the surface of the microslides. After the 
gel had set a central well (0.5 cm. in diameter) was punched out and two parallel 
troughs, 1 mm in width, were cut ca. 0.8 cm. away from both sides of the central 
well. The well was loaded with 20 p1 of crude seed extrat (see Section 2.3.4), and 
the gel was electrophoresed on a horizontal chamber filled with electrophoresis 
buffer containing 0.05 M barbital (pH 8.2), at 100 V for 1.5-2 h. Upon the completion 
of the electrophoresis the microslide with agarose gel was removed from the 
chamber, and aliquots of 100 p1 of a 20x dilution of antisera were placed into each 
of the two parallel troughs . The subsequent steps for immunodiffusion , washing 
and staining of the gel were the same as for double diffusiongels. 
Immunodot test of the antibody 
This technique was employed as a more sensitive means of the determination of 
antibody activity when the antiserum or antibody samples were more diluted . For 
this purpose, a number of serially diluted antigen spots (seven spots of 1-64x 
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dilution of 12s protein fraction, 1 il each spot) were applied to a strip of 
nitrocellulose membrane (Schleicher & Schiill, W. Germany) which was pre-soaked 
in water and air-dried. The "dotted" membrane strip was then air-dried and 
incubated in the primary antibody solution to be tested for 2 h. at 20 C. The 
antiserum was usually diluted 20-50 times with 20 mM Tris-base (pH 8.2) 
containing 0.9% NaCl, 0.1% BSA and 1% normal goat serum. The membrane strip 
was then washed in 3 changes of 0.1% BSA-Tris (20 mM Tris-base plus 0.1% BSA, 
pH 8.2). The specific reaction between the antigen and antibody in the spots was 
visulized by immunogold staining follOwed by a silver enhancement procedure (see 
the following Section in this Chapter for details). 
The smallest quantity of antigen detected with a given antibody concentration 
or antiserum dilution was taken as a measure of the activity of the antibody tested. 
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Section 2.6 Immunochemical Techniques 
2.6.1. Immunological detection of electrophoretically transferred storage 
protein on membrane filters ("Western blotting") 
A). Protein blotting-- electrophoretic transfer of proteins from 
polyacrylamide gels onto nitrocellulose membranes 
The technique for the electrophoretic transfer of proteins from SDS-PAGE gels onto 
nitrocellulose was basically adopted from that of Burnette (1981) and Towbin et al. 
(1979). Using this method the original band pattern separated on a SIDS gel was 
reproduced, with no loss of resolution, onto a membrane filter. The immobilized 
specific proteins can be subsequently identified by immunological techniques. 
Briefly, the SOS polyacrylamide slab gel was run in the same way as described 
in Section 2.4.1, and then soaked in a transfer buffer for 20 mm. The composition of 
the transfer buffer was as follows. 
20% methanol 
25 mM Iris-base 
190 mM glycine 
0.1% (w/v) SOS 
For each transfer, 3 litres of buffer were needed. The electrophoretic blotting 
was performed on a Bio-Rad electroblotting apparatus. Before assembly, the 
cassette, scouring pads of the apparatus and two sheets of Whatman blotting paper 
were also soaked in the transfer buffer. To assemble the transfer cassette, the 
blotting paper was laid on top of the scouring pad and a nitrocellulose membrane 
sheet (Schleicher & Schiill, W. Germany, Sartorius 0.45 pm) cut slightly larger than 
the gel to be transferred, pre-wetted with transfer buffer and carefully layered onto 
the gel. All air bubbles were firmly pressed out with a gloved hand. The filter was 
then covered by another sheet of blotting paper and a scouring pad and finally 
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clamped in between a pair of plastic supporting screens. The cassette sandwich 
was then inserted into the electroblotting tank which was filled with transfer buffer. 
It is important to make sure that the nitrocellulose filter faces towards the anode 
(+) side of the apparatus. The apparatus was then connected to a power pack and 
electrophoresed at 150-200 mA for 12 h., after which the blotting filter was 
subjected to the immuno-detecting procedure described below, while the gel was 
stained with Coomassie blue to check the transfer efficiency. 
B). Detection of blotted protein using radioiodinated protein A labelling (IPA) 
The specific proteins immobilized on the nitrocellulose membrane can be 
detected by radioiodinated Staphylococcus protein A (IPA) labelling followed by 
autoradiography using a protocol described by Burnette (1981). 
The buffer system used in most steps of this experiment was a PBS-Tween 20 
buffer containing 4 mM KH 2 PO4, 16 mM Na 2 HPO4, 115 mM NaCl. and 0.05% Tween 
20 (v/v) (pH 7.3). 
The blotted membrane filter was rinsed briefly in distilled water before it was 
washed in 2 changes of PBS-Tween 20 at room temperature for 2-4 h. under 
constant agitation. It was then incubated in a Tris-salt buffer (10 mM Tris- base, 
0.9% NaCI and 0.05% NaN3, pH 7.2) with 3% (w/v) BSA, for 2 h. at 37 C to block 
unoccupied protein binding sites of the membrane. The filter was washed with 
PBS-Tween 20 and incubated in the specific antibody solution (200 111 
polyclonalanti-12s protein serum in 10 ml PBS-Tween 20 plus 0.02% NaN 3) at room 
temperature overnight on a rocking platform. The incubation was performed by 
sealing the filter in a plastic bag containing 10 ml Of antibody solution, which 
accommodated the filter at minimun volume. The filter was again washed in 
PBS-Tween 20 (5x) to remove unbound antibody and then labelled with 1251  by 
incubating in radioiodinated protein A in Tris-salt buffer (ca. 2.0x10 6 cpm per 10 
ml), also in a sealed plastic bag on the rocking platform for about one hour. After 
0 
52 
washing with PBS-Tween 20 (5x) the filter was dried at 37 C and autoradiographed 
onto Kodak X-ray film. The exposure time was 1-2 days at -80 C. 
C). Detection of blotted protein by immunogold staining (IGS) 
and silver enhancement (SE) 
The specific protein blotted onto the membrane filter can alternatively be visualized 
by lOS and SE procedures which facilitate a detecting sensitivity equivalent to IPA 
with the advantages of being quicker and free of radioactive material. This 
technique was introduced by Janssen Life Sciences Products Ltd. and the full 
description of the principle and applications of this technique is given in a guide 
booklet by Janssen Ltd. (1984). 
1). The flow chart for immunogold staining (lOS): 
Incubate the filter in Tris-salt buffer (20 mM Tris-base, 0.9% 
NaCl, pH 8.2) containing 5% BSA, 37 C, 45 mm. 
Incubate in primary antibody solution (20-30x dilution of 
polyclonal antiserum with Tris-salt + 0.1% BSA + 1% normal goat 
serum) in a sealed plastic bag, constant shaking, 20 C, 2 h.-overnight. 
Wash 3x in 0.1% BSA-Tris-salt buffer. 
Incubate in IGS reagent (1:50 dilution in 0.1% BSA-Tris-salt 
buffer + 0.4% gelatin) in a sealed plastic bag, constant 
shaking, 20 C, overnight. 
Wash 2x in 0.1%BSA-tris-salt buffer. 
Air dry the filter. 
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N.B.: The antibody solution and IGS reagent can be reused several times. 
After immunogold staining the protein bands specific to the antibody used 
developed a pink colour. This signal can be significantly amplified by a silver 
enhancement procedure described below. 
2). Flow chart for silver enhancement (SE): 
Wash the gold stained filter in H20, 2x, 15 mm. each. 
Wash in 0.2 M citrate buffer (2.35 g trinatrium citrate, 
2.55 g citric acid in 100 ml H 20), 2 mm. 
Incubate in silver enhancer (77 mM hydroquinone, 5.5 mM 
silver lactate in 0.2 M citrate buffer), 2-15 mm, in the dark. 
Fix the filter in lOx dilution of Janssen fixing solution, 5 mm. 
Wash in excess water, 3x. 
Air dry. 
N.B.: The silver enhancer is light sensitive. 
The colour of the protein bands turn black after silver enhancement. 
2.6.2. Ultrastructural localization of storage protein in cotyledon cells by the 
protein A/gold procedure 
Craig and Goodchild (1984) and Bendayan and Zollinger (1983) have shown 
that some strong oxidizing agents are able to restore protein antigenicity in 
ultrathin sections of glutaraldehyde-osmium-fixed, resin-embedded tissues. This 
property enables the application of a protein A/gold complex to the on-grid 
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ultrastructural localization of the antigen protein with a conventionalTEM fixation 
and embedding procedure. In this experiment, the protein A/gold procedure has 
been employed to localize the sites of synthesis and deposition of the storage 
protein in the cells of developing cotyledons in A. thallana 
The staining reagent used in the present experiment was a complex of 
Staphylococcus protein A linked to colloidal gold particles of 5 nm mean diameter, 
manufactured by Janssen Life Sciences Products Ltd. The procedure was mainly 
adopted from Craig and Goodchild (1984). 
The plant -  materials (developing ovules and somatic embryos) were fixed in 
glutaraldehyde and 0s04 and embedded in resins (Epon or Spurr's resin) using the 
same procedure as for conventional TEM sectioning (see Section 2.2.5). 
The ultrathin sections cut at a thickness of around 500 A were first treated 
with saturated sodium m-periodate (Na10 4, Sigma), a strong oxidizing agent, by 
floating the grids on drops of solution for 7 mm. at 20 C. The grids were quickly 
washed with water and then treated with 0.1 N HCI for 10 mm. They were washed 
again with water and transferred to drops of specific antibody solution (monoclonal 
antibody or a polyclonal antiserum diluted 1:20 with PBS-Tween 20 buffer) and 
incubated for at least 30 mm. at 20 C. The PBS-Tween 20 buffer contained 0.01 M 
sodium phosphate at pH 7.2, 0.5 M NaCl, 0.2% Tween 20 and 0.02% NaN 3. The grids 
were washed in two changes of PBS-Tween 20 with 0.3% BSA for 10 mm. The 
protein A/gold reagent (Protein A G5 EM-Grade, Janssen Ltd.) was diluted 20-50 
times, immediately before use, with 1% BSA in PBS-Tween 20 buffer. The grids 
were incubated on drops of diluted protein A/gold reagent for 30 mm. and then 
washed twice with PBS-Tween 20 and air-dried. The sections were viewed and 
photographed under a transmission electron microscope either after counter 
staining with uranyl acetate and lead citrate (5 mm. each), or without counter 
staining. 
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CHAPTER THREE: EXPERIMENTAL RESULTS 
The results presented in this chapter constitute a comparative study of in vivo 
and in vitro embryogenesis in Arabidopsis thallana Accordingly the chapter has 
been divided into two major parts the first dealing with zygotic embryo 
development in the plants and the second with somatic embryogenesis in tissue 
cultures. 
Part One of the Chapter is concerned with various aspects of zygotic 
embryogenesis in vivo, and falls into three sections (Sections 3.1-3.3). In Section 
3.1 the general features of embryo and ovule growth and development in the plants 
are described, and this provides the basic knowledge and groundwork for the main 
study. This is followed in succession by two further sections which focus on the 
protein changes which take place during embryo and ovule development Here the 
seed storage proteins have received particular attention in studying the biochemical 
changes that accompany in vivo embryogenesis, because they can be used as 
developmental markers in embryogenesis. The experiments performed to purify and 
characterize the major storage proteins, as well as to investigate their synthesis, 
accumulation and composition are presented in Section 3.3. An immunological 
technique has been developed in which both polyclonal and monoclonal antibodies 
have been raised against one of the two major storage proteins in this species. 
These immunoprobes provide a sensitive method to study the appearance and 
distribution of the storage protein in relation to embryo development, also the 
synthesis, transport and deposition of the storage protein may be explored by using 
immuno-electron microscopy at both the cellular and subce!Iu!ar level. Also 
included, in this section are the attempts made to detect the synthesis of 
"embryogenic proteins" in developing ovules as the counterparts of those found in 
embryogenic callus cultures, by means of two-dimensional gel electrophoresis. 
Part Two of this chapter consists of four sections (Sections 3.4-3.7) devoted 
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to tissue and cell culture, and aspects of somatic embryogenesis. It begins with 
Section 3.4 and 3.5 in which the experiments for establishing tissue and cell 
cultures and the subsequent differentiation and morphogenesis of these cultures 
are described. The initiation and proliferation patterns of the callus and suspension 
cultures, their cellular and structural organization are presented in Section 3.4, 
whereas in Section 3.5 the culture conditions for organ induction and plantlet 
regeneration from these cultures are investigated. In Section 3.6 the attempts to 
induce somatic embryos in the tissue culture systems already established are 
described. Conditions and factors affecting embryoid induction, particularly the 
effects of exogenous growth regulators in the culture medium are also analysed. 
The developmental pathways, morphology and structure of the embvroids from 
initiation to an advanced stage of development are also depicted in this section. 
The final section (Section 3.7) focusses on the biochemistry of somatic 
embryogenesis paying particular attention to the seed storage proteins and 
"embryogenic proteins". 
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PART ONE : EMBRYOGENESIS IN VIVO 
Section 3.1. General Features of Zygotic Embryo Development 
The results presented in this section comprise the observations on the growth 
and development of zygotic embryos at both the macroscopic and microscopic 
level. The uItstructural changes in developing embryos are also examined with the 
transmission electron microscope. These observations provide basic information 
about the features of embryo development which are essential to further 
physiological and biochemical approaches to zygotic embryogenesis. It is not the 
intention in this section to give a full description of the conventional embryology of 
A. thallana, for this is outside the scope of the present project, and hence only 
those observations related to the main studies are described. 
3.1.1. The growth and development of ovules and embryos 
A). Macroscopic description 
Under greenhouse conditions, the reproductive development in A. thaliana begins 
about 3 weeks after germination, and takes approximately 2 weeks to complete. 
Flowers remain open for one day after anthesis and then close around the growing 
siliques. The flowers consist of four sepals and petals, six stamens and a central 
ovary which subsequently elongates to become the silique fruit. A. tha/iana is a 
natural self-pollinating species, all six anthers remain intact throughout flower bud 
development until the flower opens, at which time they dehisce and release mature 
pollen grains. Each silique posesses two rows of seeds attached to a central 
septum. Ovule development within a single silique is nearly synchronous. Young 
ovules are colourless by 3-4 days after flowering (DAF), and then gradually turn 
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green as they grow. Desiccation starts at about 14 DAF when the seeds become 
mature and brown in colour. Liquid endosperm is ample till 5-6 DAF and 
diminishes gradually, and by Day 12 the embryo sac is filled by the cotyledons. 
B). Embryo development as shown in lactophenol cleared material 
This technique is ideal for the quick examination of embryo growth inside the ovule 
without fixation, embedding and sectioning. After clearing the whole ovule with 
lactophenol and staining with cotton blue, the developing embryos can be clearly 
seen through the translucent testa and integument. 
Figures 3.1.1-3.1.9 show the developing fruit and its contents prepared by this 
technique, which reveal the sequential growth of the embryos within the ovules. 
The young developing embryo cannot be distinguished clearly at 1 OAF (Fig. 3.1.1) 
due to its small size and the low differential staining between the pro-embryo and 
the integument tissues at this early stage. However, the embryos become more and 
more intensely stained with cotton blue in the later stages eventually contrasting 
quite clearly with the palely stained peripheral tissues. In an ovule 2 OAF, a 
pro-embryo of a few cells with a long filamentous suspensor anchored at the 
micropylar end of the ovule can be clearly seen (Fig. 3.1.2).The pro-embryo soon 
grows into a globular embryo by 4 OAF (Fig. 3.1.3), and a heart-shaped embryo by 
5 OAF (Fig. 3.1.4) reaching a late heart-shaped embryo stage by 6 OAF (Fig. 3.1.5). 
It can be seen from these photographs that a globular embryo 4 DAF has 
already developed a single-layered protoderm along the periphery, and this 
becomes more apparent in a heart-shaped embryo. At day 7 the embryo has 
reached the torpedo stage with developing cotyledons and a discernible hypocotyl 
(Fig. 3.1.6). Later on (8 OAF), the torpedo-shaped embryo begins to curve back 
onto its long axis (Fig. 3.1.7) and as the embryo elongates and expands, it attains 
the shape of a walking-stick by 11 OAF (Fig. 3.1.8). At this stage the embryo 
possesses well differentiated cotyledons and a radicle. It can also be seen that no 
prominent suspensor is present at this time and the embryo appears to be 
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independent of the embryo sac which probably marks the point at which the 
heterotrophic embryo turns into an autotrophic embryo. This is consistent with the 
widely held view that the suspensor has an important nutritional function in the 
young developing embryo (e.g., Schulz & Jensen, 1969). The embryo continues to 
grow and expand filling the embryo sac completely by 14 OAF (Fig. 3.1.9). These 
cleared materials show the progressive growth of the zygotic embryo, from which 
it can be seen that the zygote divides and differentiates rapidly immediately after 
fertilization to give a pro-embryo, globular,heart-shaped, torpedo-shaped and 
walking-stick-shaped embryo attaining full size within 14 days after flowering. From 
14 DAF on, the embryo begins to desiccate and matures. 
C). Growth analysis of the embryo and ovule 
Growth of the embryo consists of the production, expansion and differentiation of 
new cells, the organization of the cells into tissues and organs finally producing a 
new organism. The whole process is a result of the visible expression of the 
underlying physiological and biochemical changes which constitute embryogenesis. 
Therefore, it is essential to examine the growth pattern and relationship of the 
embryo to its surrounding tissues as a first step towards the understanding of 
em b ryog en es is. 
The silique fruit of A. tha/lana elongates rapidly after pollination and reaches a 
maximum length of ca. 15 mm only 4 days after flowering, so it is not a reliable 
parameter for following embryo development at least not beyond the 4 DAF. 
The growth rate of embryo and ovule in terms of the increase in length is 
shown in Table 3.1.1 and Figure 3.1.10. A sharp rise in ovule length occurs just after 
flowering until 5 DAF when the increase in length stops. The increase in embryo 
length follows the pattern of a typical "5" curve with a steep increase between 4 
and 10 OAF. These growth curves show that rapid ovule elongation begins early in 
seed development when the embryo growth is insignificant. Indeed, the embryo 
proper remains microscopic until 4-5 DAF when a burst of embryo growth starts 
Figs. 3.1.1-3.1.9: Lactophenol cleared and cotton blue stained materials 
of developing ovules showing the sequential growth of the zygotic 
embryos in the ovules. 
3.1.1: 1 DAB'; 3.1.2: 2 DAF, pro-embryo with a filamentous suspensor; 
3.1.3: 4 DAB' globular embryo; 3.1.4: 5 DAF heart-shaped embryo; 
3.1.5: 6 DAB' late heart-shaped embryo; 3.1.7: 7 DAF, torpedo-
shaped embryo; 3.1.7: 8 DAB', late torpedo stage, the embryo 
begins to curve back onto its long axis; 3.1.8: 11 DAF, walking-
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Which lasts about 10 days. The embryo attains its full size at 14 DAF. 
Only the fresh and dry weights of intact ovules were measured because of the 
obvious difficulties in the isolation of young embryos. However, these changes 
reflect the growth pattern of the embryo inside the ovule but only at the time 
when the embryo proper accounts for a considerable proportion of the ovule. As 
illustrated in Table 3.1.2 and Figure 3.1.11, the fresh weight of the ovule increases 
rapidly reaching a maximum value at 8 OAF and declining from 10 DAF. The sharp 
increment in fresh weight over the first few days (up to 6 DAF) of seed 
development corresponds to the rapid elongation of the ovule which occurs at the 
same time (see Fig. 3.1.10). The decrease in fresh weight after 10 DAF is probably 
due to the conversion of the liquid endosperm to solid storage materials in the 
cotyledons, and the loss of water in the later stages as the seed dehydrates. As far 
as the dry weight is concerned, a more or less constant rise is seen throughout 
seed development up to 18 OAF. There is, however, an apparent short plateau 
between 8 and 10 OAF before the dry weight starts to increase again. It is assumed 
that the first increment in dry weight up to 8 DAF is the result of ovule and embryo 
growth (compare with Fig. 3.1.10) while the second is presumably attributable to 
the synthesis and deposition of the reserve materials in the cotyledons. Further 
evidence in support of this statement will be included later. 
3.1.2. Light microscopic study of zygotic embryogenesis 
Light microscopic sections of developing ovules stained with toluidine blue 
can be used to demonstrate the structural aspects of in vitro embryogenesis from 
zygote to mature embryo. This investigation was designed to examine the way in 
which the cells resulting from a series of divisions of the zygote organize into 
tissues, organs and finally the embryo. Other histological changes involved in this 
process were also studied. 
The ovule of A. thaliana is typically anatropous as seen from the median 
Table 3.1.1. Embryo and Ovule Growth in A. thaliana 
Embryo age 	Embryo length* 	Ovule length 
DAF 	 (mm) 	 (mm) 
1 	 0.08 
2 	 0.03 	 0.26 
4 	 0.04 	 0.47 
5 	 0.09 	 0.58 
6 	 0.18 	 0.60 
8 	 0.45 	 0.62 
10 	 0.70 	 0.62 
12 	 0.80 	 0.63 
14 	 0.90 	 0.62 












* Curved cotyledons of the embryos were stretched before measurement. 
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Table 3.1.2. Fresh and dry weight changes of developing ovules 
Embryo age Fresh weight Dry weight 
(DAF) (ug/ovule) (ug/ovule) 
2 3.48 
4 8.04 0.65 
5 1.45 
6 23.24 3.2 
7 4.6 
8 30.86 6.2 
10 31.29 6.8 
11 30.59 9.4 
12 29.80 11.5 
13 29.65 13.8 
14 28.80 16.5 
16 24.50 17.5 
18 21.40 18.7 
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!ongitudinal section of the ovule (Fig. 3.1.12). Embryogenesis in this species has 
been recognized as the Capsella variation of the Onagrad type (Reinholz , 1959) 
which is characterized by the longitudinal division of the terminal cell of a 2-celled 
pro-embryo which is the result of a transverse division of the zygote. The basal 
cell plays little role in subsequent development of the embryo proper in this type 
of embryogeny. 
The embryogenesis in vivo begins with the cleavage of the fertilized egg--
the zygote. Figure 3.1.13 is a section of the micropylar end of a young ovule just 
after anthesis showing the zygote (Z) and two synergids (S). The cytoplasm of the 
zygote exhibits some heterogeneity. The micropylar half of the zygote appears to 
be much more vacuolate than the other half towards the chalazal end, and the 
zygotic nucleus has moved to this apical part of the cell. This polarized distribution 
of zygotic cytoplasm, also found in other plants, e.g., in cotton (Jensen, 1968), is 
probably the predetermination of the first unequal segmentation of the zygote to 
give two functionally different daughter cells-- a basal cell which is destined to 
form the suspensor, and a terminal cell which eventually develops into the embryo 
proper. The nucleus of the zygote is distinct from those of the snergids by its 
larger size and "vacuolate" nucleolus (Fig. 3.1.13). The zygote soon undergoes the 
first transverse division to produce one large highly vacuolate basal cell (B) and 
one small densely cytoplasmic terminal cell (T) (Fig. 3.1.14). The basal cell contains 
one or more large central vacuoles and the cytoplasm is confined to a thin 
peripheral area (Fig. 3.1.14). The basal cell usually undergoes a few more transverse 
divisions to form a filamentous suspensor consisting of 3-4 cells before the 
terminal cell embarks upon the first division. The first division of the terminal cell 
is longitudinal resulting in a 2-celled pro-embryo (Fig. 3.1.15). The two cells are of 
equal size and contain several vacuoles and large nuclei with pronounced nucleoli 
(Fig. 3.1.16). Later on the two terminal cells divide longitudinally again at a right 
angle to the previous division plane to produce a 4-celled pro-embryo (quadrant). 
At this stage (3 OAF) the suspensor consists of 5-6 cells and the internal difference 
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between the terminal and suspensor cells is apparent (Fig. 3.1.17). The suspensor 
cells are highly vacuolate whereas the terminal cells are densely cytoplasmic. 
Figure 3.1.18 is a quadrant embryo undergoing further division. Each of the 
quadrants partition transversely to form an octant embryo with 4 cells in each of 
the upper and lower tier of the embryo, and at this stage the differentiation 
potentials of the cells are first established. The four upper cells give rise to the 
stem tip and cotyledons while the lower 4 cells contribute to the organization of 
the hypocotyl. It is also apparent at this stage that there is a reduction in cell size 
following each division, and as a result the size of the young globular pro-embryo 
increases very little. 
Each of the octants now cuts off a cell towards the outside of the sphere by 
a periclinal division to give a 16-celled globular embryo (Fig. 3.1.19). This is the 
first recognizable tissue differentiation in embryogenesis because the 8 outer cells 
form the protoderm which are responsible for the formation of the epidermis and 
the 8 inner cells give rise to the procambium and ground meristem in the plant. As 
can be seen from Figure 3.1.19 the cell shape is different between these two cell 
groups. 
The further development of the globular embryo is marked by anticlinal 
divisions of the protoderm cells and longitudinal divisions of the inner cells at the 
same time (Fig. 3.1.20). In the meantime, the cell number of the suspensor has 
increased to about 10 resulting in the elongation of the suspensor which pushes 
the embryo proper further into the embryo sac. The suspensor cell immediately 
adjacent to the embryo, designated as the hypophysis (H), is the only suspensor 
cell which plays a significant role in the formation of the root tip and root cap, as 
will be evident from the later stages of embryogenesis. Figure 3.1.21 is a 
longitudinal section through a late globular-- early heart-shaped embryo at 5 OAF. 
The embryo proper has increased a great deal in size due to continuous division of 
both protoderm cells and ground meristem cells enclosed in the protoderm. Cell 
division in the future cotyledonary zones of the opposite poles of the sphere is 
Figs. 3.1.12-3.1.25: Light microscopic sections of developing ovules 
toluidine blue stained. 
3.1.12: Longitudinal section of an ovule immediately after 
anthesis, scale=50 pm. 
3.1.13: Micropylar end of a young embryo same age as in Fig. 
3.1.12, showing the zygotic (Z) and two synergids (S), 
scale=30 pm. 
3.1.14: A basal cell (B) of a two-celled pro-embryo, note the 
large central vacuole, scale=30 pm. 
3.1.15: The first division of the terminal cell (T), 
scale=50 Jim. 
3.1.16: Details of the terminal cell, note the large nuclei and 
pronounced nucleoli, scale=30 pm. 
3.1.17: A 3 DAf pro-embryo, showing the internal difference 
between the terminal cell (T) and suspensor cells (Su), 
40 
scale =ji m. 
3.1.18: A quadrant embryo, scale=40 pm. 
3.1.19: A 16-celled globular embryo, note the formation of the 
protoderm at this stage, scale=30 pm. 
3.1.20: A 4 DAF globular embryo, scale=50 pm. 
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Fig s.3.1.21-3.1 25: Light microscopic sections of developing ovules. 
3.1.21: A late globular-early heart staged embryo, note the 
division of the hypophysis cells (H), scale30 urn. 
3.1.22: A heart-shaped embryo at 6 DAF, note the root tip (H) 
is established, scale=lOO urn. 
3.1.23: A torpedo-shaped embryo, note the tissue differentiation 
in the embryo, scale=50 urn. 
3.1.24: A walking-stick-shaped embryo with well differentiated 
cotyledons and hypocotyl, scale=100 urn. 
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faster than in the plumular zone resulting in the initiation of the cotyledons. The 
embryo now assumes a heart shape. Another striking feature at this stage is the 
involvement of the hypophysis in the development of the embryo proper. The 
hypophysis first cuts off a flat lenticule-like cell towards the embryo by a 
transverse partition. The lenticule-like cell will continue to divide to complete the 
ground meristem of the root, while its sister cell undergoes a longitudinal division 
which will contribute to the formation of the protoderm and the root cap (Fig. 
3.1.21). By 6 OAF the embryo can be discerned as heart-shaped (Fig. 3.1.22) from 
which the root tip is established. 
The heart-shaped embryo grows into a torpedo-shaped embryo by expansion 
and elongation of both hypocotyl and cotyledons (Fig. 3.1.23). A torpedo-shaped 
embryo possesses readily recognizable specialized tissues-- the protoderm, 
procambium and ground meristem as shown in Figure 3.1.23. The developing 
plumular and radicular meristems, which should be seen at this time, are not well 
illustrated because this section is not right through the median plane of the 
embryo. The torpedo-shaped embryo further develops to give rise to a 
walking-stick-shaped embryo with well differentiated cotyledons and hypocotyl (Fig. 
3.1.24). The meristems in both plumular radicular apices are now clearly visible. The 
cotyledons curve further as they continue to expand and elongate to gain the 
shape of an inverted-U at 11 DAF (Fig. 3.1.25). The embryo now occupies most of 
the space of the embryo sac and has attained the appearance of a mature embryo. 
In addition to embryo development, some changes in the endosperm can also 
be seen. The transition from nuclear endosperm to cellular endosperm takes place 
at about 5-6 DAF when the embryo is at the heart-shaped stage. In an early 
heart-shaped stage embryo sac the free endosperm nuclei can be found (Fig. 
3.1.21). The endosperm begins to become cellular when the embryo is heart-shaped 
at 6 DAF (Fig.3.1.22) and in a 7 DAF torpedo-shaped ovule the cellular endosperm is 
readily seen (Fig. 3.1.23). 
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.3.1.3. Ultrastructural study of zygotic embryogenesis 
Zygotic embryogenesis was also studied with TEM on ultrathin sections 
prepared by the methods described in Section 2.2.4 and 2.2.5. Electron micrographs 
photographed from TEM sections of embryos in a progressive developmental series 
show the changes in cell fine structure, the development and differentiation of the 
organelles in the cells, and the interrelationship of the embryonic cells to their 
surrounding tissues. 
Figure 3.1.26 shows part of a basal cell immediately after the first 
segmentation of the zygote. Besides the large central vacuole apparently without a 
tonoplast, another striking characteristic of the basal cell is the presence of 
substantial wall ingrowths within the cell on the wall directly in contact with the 
integument cells. The finger-like projections often branched, are abundant along the 
inner side of the cell wall near the micropyle (Fig. 3.1.26). This special structure has 
been frequently observed in the basal cells (Newcomb & Fowke, 1974; Schulz & 
Jensen, 1968; 1969) and suspensor cells (Veung & Clutter, 1979; Schulz & Jensen, 
1969) of the embryos of a number of species, and is recognized as a major 
characteristic of transfer cells by some authors (Pate & Gunning, 1972; Gunning & 
Pate, 1969). 
The terminal cell, on the other hand, is ultrastructurally different from the 
basal cell (Fig. 3.1.27). It has a large nucleus with a pronounced electron dense 
nucleolus. Apart from a few small vacuoles, various organelles are present in the 
cytoplasm. Outlines of undifferentiated plastids vary in size and shape from 
spherical, rod-shaped to dumbbell-shaped, some with inclusions possibly starch 
grains. Mitochondria are numerous, most of them are not fully differentiated with 
only a limited number of cristae. Segments of endoplasmic reticulum (ER) are 
distributed scarcely in the cytoplasm. Dictyosomes are also present near the cell 
walls. The ribosome density in the terminal cell is apparently lower than in the 
plasm of the endosperm, but the extent of ribosomal aggregation is similar to that 
seen in the terminal cell. In addition, a distinctive feature of the cell wall may be 
noted in this terminal cell. Projections, chiefly arrayed along the outer side of the 
wall, are visible. These projections extend from the cell wall into the liquid 
endosperm, and structurally resemble the wall ingrowths found on the inner wall of 
the basal cell, and conceivably have a similar function(s) to those wall ingrowths. 
Figure 3.1.28 is a section through a young pro-embryo at a slightly more 
advanced stage than that depicted in Figures 3.1.26 and 3.1.27, and shows a 
suspensor cell and an undivided terminal cell. The structural difference between the 
suspensor cell and terminal cell is not obvious except that the former is more 
vacuolate than the latter. A closer look at these two cells shows that the suspensor 
cell appears to possess slightly more free ribosomes than the terminal cell (Fig. 
3.1.29). Microbodies are present in both cell types but only at low frequency (Fig. 
3.1.29). 
As embryogenesis proceeds, a filamentous suspensor forms. In a 2 OAF 
pro-embryo the suspensor consists of 3-4 highly vacuolate cells (Fig. 3.1.30). An 
enlarged view shows that the suspensor cells contain large numbers of 
mitochondrial profiles but very few plastids in the cytoplasm, and dictyosomes and 
pieces of ER are occasionally seen (Fig. 3.1.31). Plasmodesmata, which are a typical 
characteristic of suspensor cells, are present in quantity in the end walls of the 
suspensor cells, but not in the side walls (Figs. 3.1.30 & 3.1.31). This distribution of 
plasmodesmata is commonly observed in the suspensors of many other plants, 
such as Stellar/a media (Newcob & Fowke, 1974), sunflower (Newcob, 1973) and 
Capsella (Schulz & Jensen, 1969) suggesting a possible translocational role of the 
suspensor in embryogenesis. 
In a 4-celled embryo proper, each cell of the quadrant is partitioned by thin 
electron-translucent cell walls and the cells are of equal size and resemble each 
other ultrastructurally (Fig. 3.1.32). The most noticeable change at this stage is the 
great increase in free ribosome density in the cytoplasm. Plastids, still poorly 
differentiated, are visible and the ER remains sparse (Fig.3.1.32). 
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Figure 3.1.33 is a median longitudinal section of an early globular embryo at 
the 16-celled stage in which the protoderm layer has just been formed. Despite 
this first tissue specialization, there are still no recognizable ultrastructural 
differences between the embryo cells. Small vacuoles are scattered throughout the 
cytoplasm of the embryo proper. Mitochondria and plastids appear to be much the 
same as they were in an earlier embryo (Fig. 3.1.34). There is also an increase in ER 
at this time, and the nuclei appear to be more lobed than previously. As the 
embryo grows into the late globular stage, extensive ER profiles develop (Fig. 
3.1.35). The cytoplasm remains highly electrôn.j-dense due to the large number of 
ribosomes. 
Figure 3.1.36 is a general view of a cotyledon cell of a torpedo-staged embryo 
at 8 DAF. It is apparent that the organelles at this stage appear more mature and 
developed than they did in the earlier stages. A lamellar thylakoid system has 
begun to develop in the plastids. Large plastids with cup-shaped invaginations 
which embrace portions of cytoplasm can be seen in the section (Fig. 3.1.36). Some 
of the plastids seem to be dividing and contain a few granules in the matrix (Fig. 
3.1.37). Small vesicles arranged in a lattice structure of unknown function are 
occasionally seen in the plastid matrix (Fig. 3.1.37). Mitochondria have also become 
more organized with well developed cristae (Fig. 3.1.38). Active dictyosomes. with 
dilated ends are frequent and often associated with vesicles (Fig. 3.1.38). 
The ER becomes less abundant again at this time and is present in long 
sheets some of which are connected with the nuclear envelope (Figs. 3.1.36 & 
3.1.38). There seems to be a decrease in ribosome density and the ribosomes tend 
to become more aggregated (Figs. 3.1.37 & 3.1.38). Plasmodesmata are readily 
detected in the walls separating the embryonic cells (Figs. 3.1.36-3.1.38). Another 
characteristic of the cells at this embryogenic stage is the occurrence of oil bodies 
which appear as large round and relatively electron-dense organelles (Figs. 3.1.36 & 
3.1.37). Later on when the embryo has further developed (10 OAF), the plastids and 
mitochondria in the embryonic cells mature further (Fig. 3.1.39). Layers of fused 
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thylakoids have been formed in the plastids and the mitochondria are more fully 
developed. Dictyosomes, ER and plasmodesmata are all present (Fig. 3.1.39). 
Ribosomal configuration as seen in an enlarged view of a cell from an embryo 10 
DAF, is highly aggregated and there are few free ribosomes in the cytoplasm (Fig. 
3.1.40). An important feature in the cells at this stage is the electron-dense material 
which begins to be deposited in the vacuoles as shown in Figure 3.1.39. These 
vacuoles are membrane-bound organelles which are basically electron-translucent. 
The material being deposited in the vacuoles is thought to consist of reserve 
protein. Indeed, the vacuoles are the precursors of protein bodies whose structure 
and function will be described later in this chapter. Evidence for this is based on 
immuno-electromicroscopic studies which will also be given in a later section. 
As the embryo approaches maturity, the number of oil bodies increases 
greatly and they appear less electron-dense than at first (Fig. 3.1.41). Chloroplasts 
with fully developed thylakoids and grana are present . At this stage, protein body 
vacuoles have accumulated more protein within their lumen forming a meshwork 
(Fig. 3.1.41). It is clear from this 12 DAF old cotyledon cell that the major part of 
the cell at this time consists of organelles containing reserves (oil bodies and 
protein bodies) while the other subcellular components such as mitochondria, 
dictyosomes and ER are much less conspicuous (Fig. 3.1.41). 
The cotyledonary cells of a mature embryo are characterized by the presence 
of tightly packed reserve organelles throughout the cytoplasm (Fig. 3.1.42). The oil 
bodies are present in large numbers and have become still less electron-dense, 
while the large protein bodies are now completely filled with proteinaceous 
material (Fig. 3.1.42). There are now very few subcellular structures in a mature 
cotyledon cell other than reserve organelles, and the whole cell, presumably 
functions as a nutrient store for the embryo during germination of the seed. 
Some ultrastructural changes also occur in the endosperm during the course 
of embryogenesis. In a young ovule of 1 DAF, the liquid endosperm contains well 
developed plastids and mitochondria (Fig. 3.1.43), while these organelles in the 
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embryonic cells at the same time are still very premature and undifferentiated 
(compare with Fig. 3.1.27). The free nuclei of the endosperm are similar in 
appearance to the nuclei of the embryo cells. Randomly oriented rough ER sheets 
are abundant, some of them display swollen lumina (Fig. 3.1.43). Dictyosomes and 
microbodies are also present. Figure 3.1.44 shows a 6 OAF old liquid endosperm . It 
differs from the young endosperm shown in Figure 3.1.43 by its extremely extensive 
ER system and the irregularly shaped cavities in the plasma, which separate the 
endosperm plasma into "islands" (Fig. 3.1.44). 
Fully differentiated chloroplasts are large and prominent and microbodies are 
more numerous. In addition, the densities of endosperm is markedly higher than 
that of young endosperm. 
In summary, the major ultrastructural changes which take place in the cells of 
developing embryos include the progressive differentiation and maturation of 
plastids and mitochondria in parallel with the differentiation and development of the 
embryo, and the occurrence of reserve organelles which appear at particular times 
during embryogenesis. The density of ribosomes and ER increase during the early 
phase of embryogenesis and reach a maximum in the late globular embryos and 
subsequently decline. Ribosome aggregation is observed when embryogenesis has 
developed beyond 8 DAF. Special cell wall structures, known as wall ingrowths and 
wall projections occur in the cells of young pro-embryos, possibly associated with 
the translocation and absorption functions of these cell types. Attention is also 
drawn to - the structure of a specialized organ, the suspensor, in early 
embryogenesis. The structure and formation of protein bodies in developing 
cotyledonary cells, with special reference to the deposition of storage protein will 
be detailed in Section 3.3.6 and 3.3.7. 
Figs. 3.1.26-3.1.44: TEM micrographs of developing zygotic embryos. All the 
ultrathin sections were stained with uranyl acetate and lead citrate 
(see Section 2.2.5). 
Abbreviations: BC- basal cell; CW- cell wall; D- dictyosome; EN-endosperm; 
ER- endoplasmic reticulum; IN- integument; MB- microbody; 
MT- mitochondrion; N- nucleus; NU- nucleolus; OB- oil body; 
P- plastid; PB- protein body; PL- plasmodesma; SU- suspensor; 
TC- terminal cell; V- vacuole; WI- wall ingrowth; WP- wall 
projections. 
Fig. 3.1.26: Part of a basal cell, note the central vacuole and the wall 
ingrowths, x10,000. 
Fig. 3.1.27: The terminal cell of a pro-embryo, note the wall projection, 
x6,000. 
Fig. 3.1.28: Longitudinal section of a young embryo showing a terminal cell 
and a suspensor cell, x3,000. 
Fig. 3.1.29: Enlarged view of the terminal cell in Fig.3.1.28, x8,000. 
Figs. 3.1.30 & 3.1.31: A filamentous suspensor, note the abundant 
plasmodesmata present in the end walls, 3.1.30: x2,000, 
3.1.31: x10,000. 
Fig. 3.1.32: Section through a quadrant pro-embryo, x6,000. 
Fig. 3.1.33: Midian longitudinal section of a 16-celled globular embryo. 
The protoderm layer is being formed, x2,000. 
fig. 3.1.34: Enlarged view of the embryonic cells in Fig.3.1.33, showing 
the high free ribosome density, x8,000. 
Fig. 3.1.35: Cells of a late globular embryo showing extensive ER 
profiles, x10,000. 
Figs. 3.1.36-3.1.38: Structures of the cells of a 8 DAF torpedo-shaped 
embryo, note the aggregation of ribosomes and the first 
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X20,000, 3.1.38: x15,000. 
Figs. 3.1.39 & 3.1.40: Cotyledonary cells of a 10 DAF embryo, note the 
well developed chloroplasts and the deposition of protein 
material in the vacuoles, 3.1.39: x10,000, 3.1.40: x20,000. 
Fig. 3.1.41: A 12 DAF cell showing numerous oil bodies and the development 
of protein bodies, note the chioroplasts are fully developed, 
x6,000. 
Fig. 3.1.42: A mature embryonic cell packed with reserve organelles--
oil bodies and protein bodies, x10,000. 
Fig. 3.1.43: Structure of the liquid endosperm in a young embryo sac 
(1 DAB'), x6,000. 
Fig. 3.1.44: Endosperm of a 6 DAF embryo sac showing the extensive ER 
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Section 3.2. Protein Changes in Ovules During Zvgotic Embryogenesi 
Apart from the morphological and structural changes which occur during 
zygotic embryogenesis, the process by which a single undifferentiated zygote is 
transformed into a highly differentiated embryo composed of various functionally 
specialized tissues and organs must be accompanied by remarkable changes in the 
molecular and biochemical composition in the cells of the embryo. A knowledge of 
the chemical, especially the macromolecular composition of the developing embryo, 
is vital to an understanding of embryogenesis in higher plants. A great deal of work 
on the qualitative and quantitative changes which take place in various biologically 
active components such as nucleic acids, proteins a'n'd enzymes in the developing 
embryos can be found in the literature (for review, see e.g., Raghavan, 1976a). This 
section concentrates on the protein changes, both qualitative and quantitative, 
which take place in developing seeds of A. thaliana and attempts to relate these 
changes to the growth and differentiation of the zygotic embryo. 
3.2.1.Qantitati,ejchanges in protein content of developing ovules 
Following fertilization, dramatic changes may be expected in the biochemical 
constituents of the rapidly growing ovule and the developing embryo it contains. 
Table 3.2.1 and Figure 3.2.1 present the results for the total protein content in 
developing ovules. As would be expected, the total protein content measured on a 
per ovule basis increased more or less constantly during seed development from 
0.25 pg/ovule at 2 DAF to 1.40 jig/ovule at 14 DAF. This increase occurs in parallel 
with the increase in embryo length and ovule dry weight (see Figs. 3.1.10 & 3.1.11), 
all of which reflect the pattern of chemical and structural build-up of the embryo 
and ovule after fertilization. On the other hand, the changes in total protein 
content on a per mg fresh weight basis shows a quite different pattern. This 
measurement permits a more realistic look on the change of protein content in 
Table 3.2.1. Protein Content of Developing. Ovules 
Ovule age Protein content 
(DAF) jig/ovule jig/mg 	fr.wt.(±S.E.) 
2 0.25 48.3±1.5 
4 . 	 0.31 32.0±0.9 
6' 0.78 32.0±5.0 
8 . 	 0.95 30.0±5.5 
10 1.18 39.8±0.7 
12 	' 1.25 36.7±2.6 
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developing seeds because it is the quantitative change based on per mass of tissue 
and hence reflects, to a certain extent, the variation of protein amount in relation to 
the metabolic activities in the ovules of different physiological and developmental 
states. As shown in Figure 3.2.1, the protein amount per mg fresh weight of ovules 
declined slightly early in embrogenesis (2 DAF) to a level where it remained steady 
until 12 DAF, followed by a sharp increase which continued until the end of 
embryogenesis. This pattern of change may imply that in the early phase of seed 
development before 12 DAF the proteins which are maintained at a relatively stable 
level in the ovule tissues are essentially the metabolic proteins, whereas after 12 
OAF reserve proteins begin to accumulate in the seeds and these account for the 
dramatic rise in protein content at this time. This will be investigated and 
confirmed in the later sections. 
3.2.2. Qualitative changes of protein composition in developing ovules 
The pattern of qualitative changes of protein in developing seeds was 
obtained from the studies on both one- and two-dimensional polyacrylamide gel 
electrophoresis of total protein extracted from ovules of different ages. These 
techniques facilitate the separation and analysis of seed proteins in terms of their 
constituent polypeptides. 
A). One-dimensional SDS-PAGE analysis of total seed proteins 
When solubilized in the presence of excess of SDS and reduced by a thiol reagent, 
2-mercaptoethanol, the proteins in the extracts become dissociated into 
polypeptides which bind SOS in a constant ratio so that they have an identical 
charge. This procedure allows the polypeptides to migrate and separate in 
polyacrylamide gels according to their molecular weight. Figure 3.2.2 is the 
SOS-PAGE pattern of total protein of ovules of different ages from 2 DAF to mature 
seeds, separated on a 7-20% linear gradient concentration slab gel stained • with 
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Fig. 3.2.2: The pattern of total protein of developing seeds as 
revealed by SDS-PAGE. Horizontal figures are the ovule 
ages in DAF, m: mature seeds. Vertical figures are the 
relative molecular weights (KD) of tbP components. 
The gel was stained with Coomassie blue. 
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this electrophoretogram. It is clear that the polypeptides which appear in the 
mature seeds are quite different from those present in the young ovules, in terms 
of both number and size (molecular weight). In detail, the polypeptide profiles of 
the earlier phase of seed development up to 10 DAF remained relatively constant. 
Numerous polypeptides are fractionated by electorphoresis and most of them are 
present in minor amounts, except a group of 2-3 peptides at the relative molecular 
weight (mol. wt.) around 55,000 (Fig. 3.2.2). These bands had intensified slightly by 
8-10 DAF and then disappeared gradually during the remainder stage of seed 
development. In mature seeds, only one weak band from this group is visible. All 
these minor polypeptides covered a wide range of molecular weights from about 
15,000-80,000. In addition, some intensive bands which began to emerge at 12 DAF 
became increasingly abundant.These dark bands can be tentatively placed into three 
groups close to the 40,000, 29,000 and below the 14,300 molecular weight markers 
respectively run on the same slab gel. Meanwhile, some polypeptides present in the 
younger ovules, chiefly those of high mol. wt., began to vanish as the major bands 
intensified, and in the mature seeds, those dark bands dominated the 
electrophoretogram. All in all, the general picture of the pattern of changes of 
protein composition as embryogenesis proceeds is for a tendency of some low 
mol. wt. peptides to appear and for a concurrent disappearance of some high mol. 
wt. peptides. When this is viewed together with the data concerning the protein 
content changes in the ovules (Section 3.2.1, Fig. 3.2.1) and the time course of 
deposition of protein material in the protein body-forming vacuoles in cotyledon 
cells (Section 3.1.3, Figs. 3.1.39-3.1.42), it is very suggestive that those intensive 
bands which appear in the later phase of seed formation represent the constituents 
of storage proteins in this species. Their predominant abundance also supports this 
assumption. Experimental results regarding the purification, characterizatiOn and 
subcellular immunolocalization of the major storage proteins are presented in the 
following section of this chapter. 
B): Two-dimensional PAGE analysis of soluble proteins 
On an IEFISDS two-dimensional gel described in Section 2.4.3, proteins are 
separated according to their isoelectric points (p1) in the first dimension and to 
their molecular weights in the second. Combined with a sensitive detection method 
(silver staining in this experiment), this technique is capable of resolving many 
more polypeptides from a complex protein mixture than one-dimensional PAGE. 
O'Farrell, (1975) has reported that by using this technique, 1,100 different 
components were resolved from Escheric/iia co/l, and any polypeptides which 
represent only 0.0001-0.00001% of total protein could be detected by 
autoradiography. In the present experiment, however, only the soluble fraction of 
the total seed protein was subjected to study by 2-dimensional PAGE, and at least 
300 spots were detectable on the gels after silver staining. Using this powerful 
tool, it is possible to detect minor changes in protein composition during the 
course of seed development. Figures 3.2.2-3.2.8 are photographs of the 
two-dimensional electrophoretograms of soluble protein of developing ovules from 
the very young (1 DAF) to the nealy mature (14 DAF). These photographs show that 
the vast majority of proteins in this soluble fraction are present throughout seed 
development as judged by their positions on the 2-dimensional gels, which have 
been determined by both their p1 and mol.wt. Therefore, these proteins may be 
assumed to be the "house-keeping" proteins for basic metabolism. Despite this 
fact, however, there are a few changes in the pattern of polypeptides which can be 
detected as the ovules develop and mature. The following examples are those most 
readily seen on the gels. 
1. A high mol. wt, peptide estimated at ca. 75,000 (Spot I) appeared briefly 
between 3-6 DAF (Figs. 3.2.4-3.2.5), and was not detectable in either younger or 
older ovules. 
2, There is also a group of three spots (Spots Ila, llb & llc), each of which is 
present as a doublet, which appeared at 3 DAF and persisted throughout the 
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remainder of seed development. They appear to be closely related polypeptides, 
possibly the subunits of a single protein, with the same mol. wt. of about 32,000 
but with a slightly different p1 between 5.5 and 6.2. 
Spot Ill is also made of two closely aligned peptides of 23,000-24,000 
relative mol. wt., and was present as early as 1 DAF (Fig. 3.2.3) and disappeared 
gradually as embryogenesis proceeded. It was barely detectable at 8 OAF (Fig. 3.2.6) 
and had completely disappeared in older ovules (12 & 14 DAF) (Figs. 3.2.7 & 3.2.8). 
Another doublet spot of a lower mol. wt. of about 19,000-20,000 (Spot IV) 
made its appearance in a reversed order. It was absent at the very early stage of 
ovule development and started to appear at 3 DAF (Fig. 3.2.4), intensifying with 
increasing ovule age, and can be seen as a darkly stained spot at 12 and 14 OAF 
(Figs. 3.2.7 & 3.2.8). 
Finally, Spot V was found only in the early phase of ovule development up 
to 6 DAF but was not detectable in the later phase. It stained heavily on the gel at 
10 DAF (Fig. 3.2.3) but was absent by 14 DAF (Fig. 3.2.8). 
Table 3.2.2 summarizes the changes in these polypeptides during 
embryogenesis. It is clear from this summary that besides the large number of 
polypeptides common to all ovules of different ages, there are also a few 
polypeptides which appear to be specific to particular developmental stages. These 
can be placed into two categories the first of which is characterized by their 
appearance in the later phases of seed development (lla, b, c, & IV), and the second 
which are only found in the earlier phases of development (I, II & V). It remains to 
be discovered whether this pattern is in any way related functionally to the specific 
physiological and metabolic activities taking place at the time they appear. An initial 
attempt to detect the spots corresponding to the "embryogenic polypeptides" found 
in embryogenic callus cultures (see Part II of the Results Chapter) using the same 
technique was not successful, and it is not known whether these "embryogenic 
polypeptides" are specifically present in somatic embryogenic tissues and not 
present in sexually reproductive tissues, or the failure to detect these proteins in 
Table 3.2.2. Summary of the Changes of Spot Patterns on Two-Dimensional 
PAGE of Soluble Proteins of Developing Ovules 
Aprox.MW 	Aprox.pI 	 Spot Intensity 
(DAF) 
Spot 	(1(D) 	(pH) 	1 	3 	6 	8 	12 	14 	Description 
I 	75 	6.0 	- 	++ + 	- 	- 	- 	A high MW peptide, 
present between 3-6 
DAF. 
ha 32 5.5 - 	+++ +++ +++ 	+++ 	+++ A group of 3 doub- 
lIb 32 6.0 - 	+++ +++ +++ 	+++ +++ lets of same MW but 
lIc 32 6.2 - 	+++ 	+ 	++ + 	+++ slightly different 
p1, 	start to occur 
at 3 DAF and present 
in the subsequent 
stages of seed deve- 
lopment. 
III 23-24 6.2 ++ 	++ 	+ 	+ 	- 	- A doublet, present 
in young ovules and 
which becomes incre- 
asingly weak, not 
detectable in older 
ovules(12 & 14 DAF). 
IV 19-20 5.5 - 	- 	- 	+ 	+++ 	+++ A doublet, not seen 
in young ovules but 
increases in amount 
after 8 DAF, very 
abundant in older 
ovules(12 & 14 DAF). 
V 18 4.5 +++ 	++ 	++ 	- 	- 	- Present 	in signifi- 
cant amount in 1 DAF 
decreases in inten- 
sity and disappears 
in ovules after 8 
DAF. 
* : Spot intensity: (-): not present; (+)-(+++): increasing intensity. 
NN 
developing ovules is due to the small proportion of the embryo proper in whole 
ovule at the very early stages. This will be analysed in greater detail in Chapter 
Four 
Moreover, it is clear from these photographs that no reserve proteins are 
detected even in 14 DAF ovules by this technique. These reserve proteins begin to 
become predominant in one-dimensional SOS gels at 12 OAF (see Fig. 3.2.2). This 
fact implies that seed storage proteins are not extracted by the method designed 
for IEF/SDS two-dimensional PAGE. 
For a summary, the following points have been emerged from the experiments 
described in this section. 
Both qualitative and quantitative changes in protein content and 
composition occur during the course of zygotic embryogenesis. 
A build-up of protein in ovules continues in parallel with the growth and 
development of the ovules. 
A sharp increase in total protein content in ovules occurrs at 12 DAF as a 
result of the deposition and accumulation of reserve proteins at this stage. 
Dramatic changes in polypeptide composition take place during zygotic 
embryogenesis with the occurrence of some low mol. wt. peptides and concurrent 
disappearance of high mol. wt. ones at late stages. 
Minor changes in polypeptide composition are revealed by IEF/SDS 
2-dimensional PAGE. Some peptides specific to each particular developmental 
stages are detected by this technique. 
The following section will investigate the accumulation and characteristics of 
seed storage proteins as developmental markers for zygotic embryogenesis in this 
species. 
Section 3.3. Seed Storage Proteins as Markers for 
Zygotic Embryogenesis 
Generally, seed proteins are of two types, namely, the "house-keeping" 
proteins, both enzymatic and structural, which are involved in normal cell 
metabolism, and storage proteins which account for the major part of the total 
seed protein in mature seeds and provide the nitrogen source during seed 
germination and early seedling growth. In this section, the seed storage proteins of 
A. thallana have been studied as potential biochemical markers for zygotic 
embryogenesis. Experimental results concerning the accumulation and deposition of 
storage proteins in cotyledon cells, as well as the purification and characterization 
of these proteins are presented. 
3.3.1. 
Properties and features of seed storage proteins 
A seed storage protein has been defined, according to Higgins (1984), as "any 
protein accumulated in significant quantities in the developing seed which on 
germination is rapidly hydrolysed to provide a source of reduced nitrogen for the 
early stages of seedling growth." 
Storage proteins display some striking characteristic features distinctive from 
other protein species in higher plants. These properties are summarized as follows. 
Seed storage proteins are: 
Highly tissue-specific, restricted only to seeds of certain developmental 
stages, and not found in other tissues (Millerd, 1975). 
Deposited and accumulated in a specialized organelle-- the single 
membrane-bound protein bodies in the cotyledon cells of the seed (Lott, 1980; 
Weber & Neumann, 1980). 
Synthesized within a limited period of time during embryogenesis, and 
degraded rapidly immediately after the germination of the seeds (Muntz et a/., 1985) 
Present as the predominant protein components in the mature embryo, 
usually up to 70-80% of the total seed protein and have no other known functions 
than as a reserve nitrogen source for the developing seedling (Pernollet & Mosse, 
1983). 
Present as a small number of species in a polymorphic series of peptides 
encoded by multigene families (Mill & Breidenback, 1974; Lycett et al., 1983; 
Thompson et a/., 1983). 
Exhibit a bias in amino acid composition. For example, in legumes, the 
storage proteins are relatively rich in certain amino acids (asparagine, glutamine 
and arginine) and poor in others (cysteine, methionine and tryptophan) (Derbyshire 
et al., 1976). 
In addition, seed storage proteins have been classified into four groups 
according to their solubilities. 
-Albumins: soluble in water 
-Globulins: soluble in salt solutions 
-Prolamines: soluble in aqueous alcohols 
-Glutelins: soluble in acid or alkali solutions. 
With few exceptions, globulins are the major form of storage protein found in 
the embryos of dicotyledonous plants whereas monocotyledons accumulate 
prolamines and glutelins as the main reserve proteins in the endosperm. The 
globulins in legumes can be further divided into three categories with 
sedimentation coefficients of approximately 12s (legumins), 7s (vicilins) and 2s, 
respectively (Derbyshire et al., 1976). Intensive investigations indicate that in most 
dicotyledonous species studied, the legumin-like and vicilin-like globulins 
constitute the bulk of the storage protein, while in some cases the 2s globulins are 
also found (Boulter, 1983). 
The fact that a small number of species of storage proteins are synthesized in 
large excess within a well-defined period of time makes these proteins ideal 
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subjects for the study of differential gene expression. These characteristic 
properties also make storage proteins suitable markers for studying the biochemical 
and physiological changes which accompany embryogenesis in higher plants. 
3.3.2. Purification and characterization of the major storage 
proteins in seeds of A. thallana 
This 	subsection 	contains 	results 	relating 	to the 	purification 	and 
characterization of the major seed storage proteins in A. thallana, as well as 
information about the constituent subunit polypeptides of these proteins as 
revealed by polyacrylamide gel electrophoresis. 
A). Purification of storage proteins by gel filtration 
Crude extracts of salt-soluble proteins from mature seeds of A. thai/aria were 
fractionated by molecular seiving gel filtration using a column packed with 
Sepharose 6B gel as detailed in Section 2.3.4. The fractions were collected and their 
absorbance measured at 280 nm. This method has been used successfully in 
isolating the globulin proteins in the seeds of other dicotyledonous plants (e.g., 
Crouch & Sussex, 1981; Laroche et al., 1984) and in this study it has proved to be 
effective in purifying the seed storage proteins of A. thai/aria 
A typical example of the elution profile of salt-extracted seed protein 
fractionated by this technique is shown in Figure 3.3.1. Eluant fractions collected 
from the peaks of the profile were subjected to protein assay to verify the 
presence of protein in these fractions. By this means, it has been shown that 
fractions pooled from Peak A and the left shoulder of Peak B of the elution profile, 
hereinafter referred to as Fraction I and II respectively, contained the two 
predominant protein components in the crude extract of the salt-soluble seed 
protein of A. thallana The top of Peak B shown in Figure 3.3.1 was due to the 
pigment contained in the testa, which eventually masked the absorbance of Fraction 
11 protein. This co-elution, however, did not pose an insurmountable obstacle to 
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distinguish the protein component from Peak B, because of the distinctive chemical 
nature of the protein compared to the other components in this peak. Fractions 
containing proteins can be confirmed either using a protein assay, or gel 
electrophoresis. 
B). Characterization of the major storage proteins in the seeds of A. thaliana 
The estimation of the purity and further identification of Fraction I and II were 
carried out on both non-denaturing and SOS-denaturing PAGE gels. Figure 3.3.2 is 
a photograph of the non-denaturing polyacrylamide gel electrophoretic pattern of 
Fraction I and II proteins, which reveals the differential electrophoretic properties of 
these two fractions. It can be seen that Fraction I entered both basic (pH 8.8) and 
acidic (pH 4.3) non-denaturing gels and migrated as a diffuse band near the top of 
the gel. Fraction II entered only the acidic gel and migrated towards the cathode 
producing three bands at the bottom of the gel. It gave no band on the basic gel. 
This result indicated that these two proteins have different charge characteristics. 
If, on the other hand, the protein samples were de-natured in the presence of 
SIDS and reduced by 2-mercaptoethanol, and run on a denaturing PAGE system, 
Fraction I separated into six bands and Fraction II moved as a group of three low 
molecular weight bands (Fig. 3.3.3). The apparent mol. wts. of the polypeptides of 
Fraction I were estimated 34, 31, 29, 28 and a doublet of 19-20 KID, respecively. The 
three polypeptides of Fraction II ran down to the bottom of the gel and had the 
apparent mol. wts. of about 10-12 KID, lower than the smallest mol. wt. marker (14.3 
KID). 
Fraction I and II proteins separated by gel filtration have been identified as the 
two major storage proteins accumulated in the mature seeds of A. thallana for the 
following reasons. First of all, as judged by SDS-denaturing PAGE analysis, the 
polypeptide band patterns of Fraction I and II (Fig. 3.3.3) correspond precisely to the 
major polypeptide bands which appeared on the SDS gel of the crude protein 
extracts of the maturing seeds (Fig. 3.2.2), namely, a group of six polypeptides 
Fig. 3.3.2. Non-denaturing PAGE patterns of Fraction I and II proteins. Gels 
were stained with Coomassie blue. 
Basic gel (pH 8.8). Fraction I produced one band, Fraction II 
did not enter this gel. 
Acidic gel (pH 4.3). Fraction I produced one band and Fraction 
II migrated as 3 bands at the bottom of this gel. 
0 	U 
ITi 
A 	 B 
Fig. 3.3.3. SDS-denaturing PAGE patterns of Fraction I and II proteins. 
Fraction I separated into 6 bands, and Fraction II into 3 low 
mol.wt. bands. Note the mol.wts. of the polypeptides of Fraction 
I and II are the same as that of the major bands of the total 
protein extract of mature seeds (compare with Fig. 3.2.2). 
The gel was stained with Coomassie blue. 
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ranging from a mol.wt. of 20 to 34 KID, and a group of three low mol. wt. bands 
(10-12 KD) at the bottom of the gel. These two groups of peptides became 
increasingly abundant in the crude extracts of developing ovules from 12 DAF and 
were the predominant protein components in mature seeds accounting for most of 
the protein content (see Section 3.2.2). As described previously, these predominant 
polypeptides appeared in the seeds at a regular time during the late phase of 
embryogenesis, and are thought to represent the constituent peptides of the seed 
storage proteins in this species. By comparing the SOS-PAGE patterns of Fraction I 
and II proteins with that of the total protein of mature seeds (compare Fig. 3.3.3 
with Fig. 3.2.2), there is no doubt that these two protein fractions isolated from 
mature seeds of A. tha//ana are the two seed storage proteins. Secondly, the study 
of the two protein fractions using non-denaturing PAGE indicates that Fraction I 
have a fairly neutral net charge because it entered both basic (pH 8.8) and acidic 
(pH 4.3) gels, whereas Fraction II is a basic protein which could not enter the basic 
gel suggesting an isoelectric point (p1) higher than 8.8 for this protein. The charge 
property of Fraction I and II is in good agreement with that of the major seed 
storage proteins already characterized in other related species. For example, the 
12s globulin protein in the seed of Brass/ca napus was a neutral glycoprotein 
(Goding et al., 1970) and the p1 of the 1.7s globulin was about 11.0 (Lonnerdal & 
Janson, 1972). Thirdly, the behavour of the Fraction I and II proteins on both 
non-denaturing and SOS-denaturing PAGE gels have been found to be very similar 
to that of the 12s and 1.7s storage proteins in the seeds of other cruciferous and 
leguminous species. The 12s storage protein usually migrates as a single diffuse 
band on non-denaturing gels (both basic and acidic), while the 1.7s protein moves 
as separate bands near the dye front on the acidic non-denaturing gel as in the 
case of rapeseed (Crouch & Sussex, 1981), and this is also what has observed for 
the Fraction I and II proteins in A. thallana (Fig.3.3.2). Moreover, the Fraction I and II 
proteins exhibited very close SDS-PAGE band patterns to the 12s and 1.7s storage 
proteins in many other cruciferous species (Laroche et al., 1984) and legumes 
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(Derbyshire, 1976), in terms of the polypeptide composition and the mol. wt. range 
of these polypeptides. 
Based  on these experimental data, it has been concluded that Fraction I and 
Il contain the two major storage proteins in the seeds of A. thallana equivalent to 
the 12s and 1.7s storage globulins commonly present in the seeds of legumes and 
other dicotyledons. A comparison of the properties of the major seed storage 
proteins between A. thaliana and other related species will be made in Chapter 
Four. 
3.3.3. Preliminary study of the subunit structure of the 12s storage proteins 
There is ample evidence in the literature that the 12s legumin-like globulins 
have a typical hexameric molecular configuration composed of six subunit pairs 
each of which is made of an acidic and a basic polypeptides linked by one or more 
disulphide bonds (Derbyshire, 1976; Higgins, 1984). In most cases, these subunit 
polypeptides fall into two groups in the molecular weight ranges of 25-40 KD 
(acidic) and around 20 KD (basic), respectively. This subunit configuration has been 
well demonstrated in the 12s legumin-like globulins in a number of dicotyledonous 
plants, e.g., in Cucurbits (pumpkin) (Hara et al., 1978), rapeseed (Crouch & Sussex, 
1981), radish (Laroche et al., 1984), P/sum sativum (Krishna et al., 1979) and V/c/a 
faba (Matta et al., 1981; Maplestone et al., 1985). In Arab/dops/s however, there is 
no information available in the literature about the subunit configuration of this 
storage protein, and while the present investigation has not provided sufficient 
experimental evidence to construct a picture of the oligomeric subunit 
configuration of the 12s globulin in A. tha//ana, some useful information about the 
constituent polypeptides of this protein has been obtained from the SOS-PAGE 
study. As shown earlier in this section, the Fraction I protein, which is thought to 
be the equivalent of the 12s legumin-like globulin in this species, produced six 
bands on SDS-denaturing polyacrylamide gels (Figs. 3.2.2 & 3.3.3). These bands 
appear to fall into two size groups, one being a group of 4 bands of 28-34 KD and 
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the other a closely aligned doublet of about 19-20 KID. The mol. wt. ranges of these 
two groups of polypeptides are in good agreement with that of the polypeptides 
which make up the dimer subunits of a hexameric 12s globulin molecule in many 
other species. It is therefore reasonable to speculate that the 28-34 KID and 19-20 
KID group of SOS-PAGE bands of the Fraction I protein shown in this experiment 
represent the large and small subunit peptides of the 12s seed storage protein in 
A. thal/ana, respectively. It must be emphasized that the bands shown in Figure 
3.3.3 should only be regarded as the polypeptide composition of the 12s protein 
under denaturing and reducing conditions adopted in SDS-PAGE system in the 
present experiment. These band patterns only give informations about the mol. wt. 
range of these polypeptides, and do not necessarily correspond to the individual 
subunit polypeptides of a given protein molecule, because these bands themselves 
show a certain degree of heterogeneity when subjected to the two-dimensional 
PAGE as described below. 
3.3.4. IEF/SDS two-dimensional PAGE analysis of seed storage proteins 
The IEF/SOS two-dimensional PAGE technique facilitates the further analysis 
of the composition of the constituent polypeptides of the storage proteins in terms 
of both their isoelectric points and molecular sizes. By using this technique, the 
seed storage proteins have often been shown to exhibit a more complex 
heterogeneity than they do on a mono-dimensional gel. Apart from this study, 
there are no published reports on the storage proteins in Arabidopsis in this 
respect. 
To look further into the polypeptide composition of the major storage proteins 
in A. thallana, the purified 12s and 1.7s globulins (i.e., Fraction I and II proteins) 
were subjected to the IEF/SDS two-dimensional PAGE study. Figure 3.3.4 is the 
2-dimensional gel pattern of the 12s protein fraction. As expected, a more complex 
polypeptide pattern is seen on this 2 0 gel. The 12s protein was separated into at 
least 16 spots by IEF/SDS 2-dimensional PAGE while it only produced 6 bands on 
Fig. 3.3.4. IEF/SDS two-dimensional PAGE pattern of the 12s seed storage 
protein. Coomassie blue/silver double staining. The 12s protein 
separated into spots arrayed in horizontal rows with the mol. 
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1-dimensional SDS gel suggesting a high heterogeneity of this protein. It can be 
seen that these spots on the 2 0 gel can be grouped into a number of horizontal 
rows with the mol. wts. exactly corresponding to that of the major bands on 1 D 
SOS gel (compare with Figs. 3.2.2 & 3.3.3), namely, each band separated on an 1 D 
SDS gel represents an aggregate consisting of several (usually 3-4) polypeptides 
with the same mol. wt. but slightly different pis, and this has resulted in an array of 
these spots in the horizontal rows as seen on the IEF/SDS 2 D gel (Fig. 3.3.4). It is 
apparent that these spots showed variable staining intensity and size even within 
the same row, conceivably due to the different amounts of the individual 
polypeptides present in an aggregate. Another interesting point which emerges 
from a consideration of this 2 D gel is that all the subunit polypeptides of this 
protein were located within a rather neutral pH range (6.2-7.0) (Fig.3.3.4). 
In addition, the 1.7s globulin (Fraction II protein) of this species failed to enter 
the isoelectric focusing gel in the first dimension in this experiment and hence 
produced no spots on 2 D gels. This may be due to the narrow pH range (Ca. 
3.0-7.0) of the focusing gels as measured upon the completion of the focusing 
procedure. The failure of this protein to enter the focusing gel is predictable if the 
fairly positive charge property of the 1.7s protein as identified in this species and 
many other plants is taken into account. 
3.3.5. Immunochemical studies of the 12s storage protein 
A).Polyclonal and monoclonal antibodies raised against the 12s storage protein 
The 12s legumin-like storage protein of A. thaliana separated by gel filtration 
(Fraction I protein) was further purified firstly by electrophoresing the Fraction 
protein sample in a non-denaturing PAGE system, and secondly by 
electrophoretically eluting the protein from the non-denaturing gel (see Section 
2.5.1). This procedure ensures the high purity of the 12s protein as an antigen for 
the production of both polyclonal and monoclonal antibodies. The purity of the 
Fig. 3.3.5. Double diffusion test of the anti-12s serum (Sample A). 
Central wells: 2.0 pg purified 12s storage protein; 
Wells 1-5: 10-160x dilution of Antiserum A; 
Wells 7-11: 320-5,128x dilution of Antiserum A; 
Wells 6 & 12: control (saline). 
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eluted protein was verified by SDS-PAGE before it was used as an antigen to 
immunize the mice. 
The titre and specificity of the antibody samples were evaluated by the double 
diffusion test and immunoelectrophoresis as described in Section 2.5.4. 
All of the five polyclonal antiserum samples tested (Samples A-E) showed 
very high antibody titres and good immunological specificity. The results of the 
double diffusion tests are presented in Table 3.3.2, and show that some of the 
antisera (bled from individual mice) have a very high antibody titre, e.g., a positive 
reactant precipitation could be detected when these antisera had been diluted up to 
1,280 times (Samples A, B and D). The lowest titre among the five samples was 
Antiserum E (positive at a dilution of 320 times), which can be considered as a high 
titre. 
Table 3.3.2. Double diffusion tests of polyclonal antisera 
Antiserum samples 	 A 	 B 	 C 	 D 	 E 
Antibody titres 	 1,280x 	1,280x 	640x 	1,280x 	320x 
Figure 3.3.5 shows the double diffusion gels for Antiserum A in which a series 
of specific antibody-antigen reactant precipitations can be seen. The weakest 
precipitation band detectable was formed between the central well (contained 
antigen protein) and Well 9 which contained a 1,280x dilution of Antiserum A. 
Figure 3.3.6 shows the result of an immunodot test of another antiserum 
sample (Antiserum F) which contained a lower concentration of antibody. As this is 
a more sensitive method than double diffusion, an antiserum of 200x dilution could 
still detect an antigen concentration as low as 0.006 .ig/ml (Dot 5 in Fig. 3.3.6). 
The high specificity of Antisera A-E can be demonstrated using the 
immunoelectrophoresis test. In an immunoelectrophoretic gel, the proteins present 
in the crude seed extract within the central well were separated electrophoretically 
Fig. 3.3.6. Immunodot test of an polyclonal antiserum. Immurio-gold staining 
was followed by silver enhancement. The antigen amounts applied 
to the Dots 1-6 were 0.1, 0.05, 0.025, 0.012, 0.006 and 0.003 








Fig. 3.3.7. An immunoelectrophoresis test of Antisera A-E. Gels were stained 
with Coomassie blue. The seed extract (central wells) was 
electrophoretically separated before reacting with the antisera 
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before the antiserum samples were added to the troughs, and left for 
immunodiffusion. As can be seen from Figure 3.3.7, with all the Antisera A-E, only 
a single precipitation arc was formed between the antibody and the 
electrophoretically separated seed proteins, suggesting that the antibody is specific 
to the antigenic protein from which it has been raised. From these tests it would 
appear that the polyclonal Antisera A-E are highly suitable for further 
immunochemical studies and immunolocalization of the antigen at the electron 
microscopic level (TEM). These preliminary investigations were performed with 
unpurifed polyclonal antisera before the monoclonal antibody was available. 
As expected, the rigorous series of tests used to evaluate the polyclonal 
antisera showed that the monoclonal antibody was highly specific, and therefore 
the monoclonal antibody was used in subsequent immuno-electron microscopic 
investigations on the localization of the storage protein in developing cotyledon 
cells. 
B). Immunological detection of transferred storage protein ("western blotting") 
As a preliminary to the use of storage proteins as molecular markers in 
embryogenesis, it is essential to be able to detect the deposition and accumulation 
of storage proteins at a very low level in the cells of the embryo. It has already 
been shown earlier in this chapter that the large scale build-up of storage proteins 
did not occur until 12 DAF when the embryo possessed well developed cotyledons 
and fully differentiated tissues. It is also assumed that at this stage of development 
the cell division and differentiation phase of embryogenesis has been virtually 
completed and that the embryo has entered a second phase in which cell 
expansion and cell maturation play a major role. As mentioned above, this overall 
pattern of the accumulation of reserve proteins at a later phase of development in 
embryogenesis has been found common in dicotyledons. However, many authors 
have claimed that small quantities of storage proteins can be detected very early in 
embryogenesis using more sensitive probes (Millerd et al., 1971; Millerd & Spencer, 
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1974). Domoney et al. (1980) reported that in pea, legumin synthesis was initiated in 
the very young embryo. 
In this study, an attempt has been made to detect the accumulation of 
storage proteins during early embryogenesis using the "western blotting" technique 
in which the seed protein fractionated electrophoretically on an SOS gel was 
blotted onto nitrocellulose membranes and the storage protein (the 12s globulin) 
was detected by incubating the membrane in a specific antibody solution, followed 
by one of two immunological visualization procedures, i.e., either 125 l-protein A 
labelling in conjunction with autoradiography, or immuno-gold staining coupled 
with silver enhancement. It is believed that this immuno-probe is able to detect 
much smaller amounts of a specific protein on the nitrocellulose membrane than 
conventional staining procedures with polyacrylamide gels. Figure 3.3.8 is an 
autoradiogram of 125 l-protein A labelled protein and Figure 3.3.9 shows the blotted 
protein bands after immuno-gold staining and silver enhancement. It can be seen 
from both Figures that the earliest time at which storage protein can be detected in 
seeds using this immuno-probe was 11 OAF, only one day earlier than could be 
detected on SDS gels with Coomassie blue staining. This result indicates that the 
12s storage protein of A. thallana was accumulated rapidly within a defined and 
relatively short period of time of a few days (11-14 DAF). However, the results 
obtained will be largely dependent on the sensitivty of the method used. Taking 
these points into consideration, it would appear that there was no significant 
synthesis or accumulation of the 12s storage protein in the developing embryos of 
A. thallana before 11 DAF. 
It is also clear from Figures 3.3.8 and 3.3.9 that the antibody raised against the 
native 12s storage protein recognizes one of the six polvpeptides bands which can 
be separated on a SDS gel under denatured and reduced conditions. This antigenic 
peptide band apparently belongs to the higher mol. wt. polypeptide group (28-34 
KO) of this protein, possibly the 34 KID band (see also the results in Section 3.3.2). It 
may therefore be inferred that the native 12s globulin possesses one antigenic 
Figs. 3.3.8 & 3.3.9. Immunological detection of the transferred 12s storage 
protein on nitrocellulose membrane. 
3.3.8: Autoradiogram of 1251-protein A labelled protein 
Tracks 1-7: 2, 4, 6, 8, 10, 11 & 14 DAF ovules, 8-10: somatic 
embryoids, 2,4-D callus and 2,4-D callus, respectively. 
3.3.9: Immuno-gold stained and silver enhanced membrane. 
Tracks 1-7: 4, 6, 10, 11, 14 DAF ovules, somatic embryoids and 






Fig. 3.3.10. Double diffusion test of the antigenicity of various protein 
samples. 
Central wells: polyclonal anti-12s serum, outer wells 1-6 are 
respectively the control (saline), crude seed extract, 6 DAF, 
8 DAF, 10 DAF ovule tissues and SDS-denatured 12s storage 
protein. Note the precipitation band formed between the central 





determinant for the specific antibody rasied against it, which is located in one of 
the six polypeptide aggregates separated by SDS-PAGE. This has also been 
confirmed from the results obtained using the double diffusion experiment. Here, 
only one precipitation band was formed between the antibody (central well) and the 
SOS denatured and 2-mercaptoethanol reduced 12s storage protein (Well 6) as 
shown in Figure 3.3.10. 
3.3.6. Immunolocalization of the 12s storage protein in cotyledon cells by 
protein A/gold TEM 
In legumes and other dicotyledonous plants, the seed storage proteins have 
been shown to be accumulated in a special kind of organelle-- the 
membrane-bound protein bodies in cotyledon cells. Using an immunofluorescent 
technique, Graham and Gunning (1970) were the first to localize legumin and vicilin 
in protein bodies in bean. In a similar investigation, Craig et al. (1980) showed that 
legumin and vicilin are accumulated in protein bodies of developing pea cotyledons. 
More recently, Craig and Millerd (1981) have employed the technique of on-grid 
immuno-gold labelling first introduced by Roth et a/. (1978) to verify the presence 
of storage proteins in protein bodies of pea seeds at the ultrastructural level. This 
method, employing a protein A/gold complex as the marker for immuno-labelling, 
was initially developed using animal tissues, but is also useful in the intracellular 
localization of antigens in plants. 
In this investigation, to confirm that the electron-dense material being 
accumulated within the vacuoles in cells of developing cotyledons in A. thaliana is 
the storage protein (see Figs. 3.1.41-3.1.42), protein A/gold immuno-electron 
microscopy has been used to study the antigenic property of the content of the 
vacuoles, as well as the development of protein bodies. The immuno-probes used 
in this studies were the antibodies, both polyclonal and monoclonal, raised against 
the 12s globulin-- one of the major storage proteins in this species. The procedure 
was that used by Craig and Goodchild (1984), and the detail is given in Section 
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2.6.2. 
By treating the glutaraldehyde-osmium-fixed, resin-embedded ultrathin 
sections with sodium m-periodate (Na10 4) and HCI, the antigenicity of the protein 
was recovered (Bendavan & Zollinger, 1983; Craig & Goodchild, 1984), which 
facilitates the application of the immuno-gold procedure to these sections. Figure 
3.3.11 is a section of a cotyledon cell from an embryo 14 DAF, processed as above 
and counter-stained with uranyl acetate and lead citrate. The highly specific 
localization of the 12s protein in the protein body vacuoles can be seen. The gold 
particles (arrowed) are almost exclusively confined to the protein bodies. However, 
the visibility of these fine gold particles (5 nm mean diameter) is obscured by the 
heavy-metal counter-staining of the section, since the proteinaceous material in 
the vacuoles is fairly electron-dense. In another protein A/gold processed section 
of a 12 DAF cotyledon cell without counter-staining, the gold markers are much 
more conspicuous (Fig. 3.3.12). They are localized in the matrix of the developing 
protein body, and other parts of the cell are basically free of gold markers (Fig. 
3.3.12). However, the details of subcellular structures are not clearly revealed in this 
unstained section. In Figure 3.3.13, several small vacuole forming protein bodies but 
at an earlier developmental stage are shown. It can be seen from this section that 
the gold particles are specifically localized in the area where the proteinaceous 
material has been deposited, while the rest of the vacuole remains unlabelled 
(Fig.3.3.13). In addition, Figure 3.3.14 shows a TEM cryo-section of a protein body 
labelled using the same procedure, which exhibits a more intense gold labelling 
within the protein body than observed in the resin-embedded sections. This is 
presumably due to the better preservation of the antigenicity of the protein in the 
section, since the plant material for crvo-sectioning was only briefly fixed in 
paraformaldehyde and then equilibrated with sucrose solution without the 
involvement of the treatments with osmium and organic solvents. This 
enhancement in antigenicity, however, is at the sacrifice of the resolution of the 
cell structures because the cryo-section could not be cut at a thickness less than 
Fig. 3.3.11. TEM section of a 14 DAB' cotyledon cell processed with 
protein A/gold procedure, showing the specific immunolocalization 
of the 12s protein (gold particles arrowed) within the protein 
bodies (PB). Counter stained with uranyl acetate and lead 
citrate (5 mm. each), x25,000. 
Fig. 3.3.12. A section of a 12 DAF cotyledon cell treated in the same way 
as Fig.3.3.11 but not counter stained. Note that only the matrix 
of the protein body is labelled, x40,000. 
Fig. 3.3.13. Higher magnification of the protein body-forming vacuoles (PV), 
note the labelled protein material being deposited in the 
vacuoles, counter stained, x60,000. 
Fig. 3.3.14. A cryo-section of a 14 DAF cotyledon cell, showing the heavily 
labelled protein body (PB), x10,000. 
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1-2 pm, compared with ca. 0.5 pm for resin-embedded sections. 
This study on ultrastructural localization has shown convincingly that the 
electron-dense material deposited within the vacuoles of the cotyledon cells is the 
storage protein, and therefore these vacuoles are the precursors of protein bodies. 
Protein bodies have been reported to have different origins in different plants. They 
could originate from vacuoles, or from the ER, or from organelles of plastid origin 
(Lott, 1980). It is clear from both conventional and immuno-gold TEM studies in this 
thesis that the protein bodies of A. thaliana have a vacuolar origin. However, the 
site of synthesis of storage proteins, and the route of transport of these proteins 
from the site of synthesis to where they are sequestered are still unsolved in 
A. thallana By using protein A/gold immuno-TEM method, Craig and Goodchild 
(1984) have reached the conclusion that in the pea seeds, the vicilin is synthesized, 
transported and packed via a pathway of rER—> Golgi vesicles—* vacuoles. 
Further investigations will be needed to find out the details in A. thallana The 
structure, origin and ontogeny of the protein bodies will be further discussed in 
Chapter Four. 
The following substantial points have arisen from the results reported in this 
section. 
The major seed storage proteins of A. thallana are two globulins present at 
a high level in mature seeds. These have been purified using a molecular seiving 
gel filtration method. 
Two storage proteins have been identified and characterized, the 12s and 
1.7s globulins commonly found in other crucifers. 
The 12s protein is a neutral protein which can be separated as six major 
bands on an SDS gel. The 1.7s protein is a basic protein and runs as three low 
molecular weight polypeptides on an SIDS gel. 
The 12s protein exhibits a higher degree of heterogeneity in peptide 
composition on an IEF/SDS 2-dimensional gel than on an SIDS mono-dimensional 
gel. 
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Both polyclonal and monoclonal antibodies have been raised against the 
purified 12s protein. These antibodies are highly specific and can be used as 
immuno-probes for the localization of the storage protein within tissues. 
The storage proteins are accumulated during a well-defined period during 
zygotic embryogenesis from 12 DAF to 14 DAF. These molecules can be used as 
biochemical markers in studies on the development of zygotic embryos. 
The storage proteins are deposited in protein bodies in the cotyledon cells 
of developing seeds. This has been demonstrated using protein A/gold 
immuno-TEM localization. The protein bodies originate from vacuolar structures. 
This section completes Part I of the Results Chapter in which the development 
of the zygotic embryo has been investigated at the cellular, subcellular and 
biochemical levels. 
In the following sections which comprise Part II of this chapter the 
establishment, manipulation and differentiation of tissue and cell cultures have been 
investigated. Special attention has been accorded to the induction and development 
of somatic embryos and a comparison made with the development of zygotic 
embryos. 
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PART TWO : THE INITIATION, ESTABLISHMENT AND MAINTENANCE 
OF CELL AND TISSUE CULTURES OF A. THALIANA 
Section 3.4. Tissue and Cell Culture of A. thaliana 
As the aim of this thesis was to study and compare the various aspects of in 
vitro and in vivo embryogenesis in A.thaliana, a tissue culture protocol and 
experimental system for the regular induction and production of somatic embryos 
was an essential prerequisite. Therefore, a major part of the work described in this 
part has been devoted to the development and exploitation of in vitro culture, with 
the emphasis on the initiation of somatic embryos in tissue cultures. This and the 
subsequent sections present the results of this study with tissue and cell cultures, 
paying particular attention to the induction of somatic embryos in A. thallana 
Explants from Arabidopsis callus readily when placed in culture and can be 
induced to differentiate. The first successful culture of tissues from Arabidopsis 
was achieved in 1965 (Loewenberg, 1965; Zieburg, 1965; Yokoyama & Jones, 1965), 
and since then there have been many reports of studies involving tissue and cell 
cultures of this species both on agar and in liquid media (Corcos, 1976). It has been 
shown that the formation of roots and shoots, and the regeneration of plants can 
be readily obtained with this species. The various factors influencing and 
controlling these regenerative processes have been investigated by Negrutiu and 
co-workers (Negrutiu,1976; Negrutiu at of., 1978; Negrutiu & Gref, 1978). Despite 
these intensive studies on tissue cultures derived from this species, little is known 
of the origins of callus, its pattern of proliferation and subsequent pathways of 
differentiation. 
This section presents the results from studies on the initiation, growth and 
development of the callus and cell suspension cultures of A. thaiana, which laid the 
127 
foundation for the subsequent work on the induction of somatic embryogenesis in 
v/tm 
3.4.1. Callus culture in A. thallana 
A). Initiation and maintenance of the callus cultures 
Mature seeds were used as the source material for callus induction in most cases. 
A concentration of 0.5 mg/I 2,4-D and 0.05 mg/I kinetin was found to be a 
satisfactory "hormone" regime for producing viable callus and this has been used 
routinely in callus induction and maintenance. 
Seeds placed on the induction medium first germinated to give small 
seedlings within 3-4 days. Callus was initiated from the hypocotyls of the seedlings 
and became visible within 10-14 days (Fig. 3.4.1). Rapid proliferation of the callus 
followed to give rise to an abundant callus mass in about one month (Fig. 3.4.2). 
The callus first induced was rather compact, usually translucent and uneven at the 
surface. Callus was maintained by monthly subcultures onto fresh medium of the 
same composition which ensured the rapid growth of the callus tissue. Under 
optimum culture conditions, the callus showed a 9-fold increase in fresh weight by 
the end of a 4-week subculture period (Table 3.4.1). Nodular structures developed 
within the callus which after several subcultures appeared to be entirely composed 
of these nodules (Fig. 3.4.2). In material cleared with lactophenol and stained with 
cotton blue, individual discrete nodules arising from the hypocotyl callus can be 
clearly discerned (Fig. 3.4.3). The number of nodules per g. fr. wt. of callus tissue 
ranged from 700-2,000 depending on the growth state of the callus. Normally, a 
fast-growing callus in the middle of a subculture period contained a great number 
of small nodules while at the end of the subculture period, when growth had 
slowed down, there were a small number of larger nodules. Large nodules which 
consisted of many small developing nodules were frequently observed under the 
microscope. * 
Fig. 3.4.1. Seeds germinated on the callus induction medium containing 0.5 
mg/i 2,4-D. Note that callus is initiated from the hypocotyl 
region of the seedlings. Scale= 2 mm. 
Fig. 3.4.2. Nodular callus grown on 85 medium containing 0.5 mg/l 2,4-D 
and 0.05 mg/i kinetin. Scale= 2mm. 
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Fig. 3.4.3. Nodular callus cleared with lactophenol and stained with cotton 




Table 3.4.1. Growth Rate of Callus Tissue During Subculture 
(Culture medium: B5 + 0.5 mg/1 2,4-D + 0.05 mg/i kinetin) 
Callus age (days after subculturing) 
2 	7 	14 	21 	28 
Fr.wt.(g) of callus 	 0.74 	1.85 	4.11 	5.72 	6.58 
per Petri dish ± S.E. ±0.09 ±0.17 ±0.61 ±0.54 t0 . 49 
(Data based on 5 dishes each) 
B). Cellular structure and proliferation pattern of the callus 
Sections of the nodular callus stained with toluidine blue and viewed under the 
light microscope revealed the internal structure and proliferation pattern of the 
callus at various stages during a culture period. 
Two distinct cell types could be distinguished in a rapidly growing callus 
which had been initiated from seeds, that is, small actively dividing cells with dense 
cytoplasm, usualy rich in starch grains, and large cells with an extensive central 
vacuole and a very thin layer of peripheral cytoplasm (Fig. 3.4.4) This mixture of cell 
types has been often reported in plant tissue and cell cultures from a variety of 
species, e.g., in the callus culture of Ranunculus sceleratus (Thomas et al., 1972) 
Corylus avellana (Radojeric et a/., 1975), and in cell suspension cultures of carrot 
(Jones, 1974). It has also been suggested that the densely cytoplasmic cells have 
the ability to divide and differentiate much more actively than the vacuolate cells. 
In callus cultures of A. thallana, cell division appeared to be irregular and resulted 
in cell clusters composed of cells variable in size and shape (Fig. 3.4.4). These cell 
clusters were often surrounded by large vacuo!ate cel!s which had been derived, 
apparently, from the small dividing cells. It has been reported that in R. sce/eratus 
(Thomas et a/., 1972) the callus on "plus 2,4-D" medium also consisted of two cell 
types similar to that observed in this study, but the cytoplasmic embryogenic cell 
aggregates were located at the per!phery of the callus with the large vacuolate cells 
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confined to the centre of the callus. This implies that the growth patterns of the 
callus cultures may vary between different species and this might explain at least 
in part the diverse morphogenetic patterns observed in the calluses at a later stage 
of development. 
The presence of groups of small actively dividing cells, referred to here as 
meristematic centres, is a conspicuous and recurring feature of the callus tissue in 
this species. The meristematic centres present in the callus may be defined as 
masses of organized cells which are capable of continued division and growth, or 
of further differentiation when placed under appropriate conditions. In this study, it 
has been observed that the callus arising from A. the/lana seeds displayed a fairly 
organized pattern of growth on a medium containing a relatively low concentration 
of 2,4-0 (0.5 mg/I). Active cell division of the cytoplasm-rich cells in the callus led 
to the formation of clusters of meristematic cells which by further division and 
growth gave rise to the nodular structures. 
Sections of nodules taken from the callus grown on 2,4-D containing medium 
showed some detail of the interior cellular organization of these structures. Figure 
3.4.5 presents a view of a cross-section of a nodule at an early stage of 
development composed of mainly small cytoplasm-rich cells. It can be seen from 
this section that some meristematic tissues are developing inside the nodule. In 
another nodule from the same culture, well-developed meristematic centres 
situated several cell layers inside the nodule were detected (Fig. 3.4.6). These 
meristematic centres were well-defined structures, clearly outlined from the 
surrounding tissues and composed of small cytoplasmic cells. Meristematic cells 
arranged in a circular or semi-circular array resembling pro-cambial tissues were 
also observed near the periphery of the nodule (Fig. 3.4.7). Apparently, these 
meristematic tissues were responsible for the proliferation of callus. 
The fact that subculture of individual nodules isolated from the callus on 
2,4_D1 medium resulted in an abundant production of nodular callus without the 
intermediate formation of undifferentiated tissues makes it likely that the newly 
Figs. 3.4.4-3.4.8: Sections of the callus induced from mature seeds as 
viewed under the light microscope. All the sections were stained with 
toluidine blue. Scales 30 Urn. 
3.4.4: Callus first initiated from the hypocotyls of the seedlings, 
showing two different cell types within the callus, the small 
cytoplasm-rich cells (arrows) are surrounded by large vacuolate 
cells. 
3.4.5: A cross-section of a developing nodule. Cell divisions can be 
seen in some regions (arrows), which will give rise to the 
meristematic centres. 
3.4.6 & 3.4.7: Meristematic centres (MS) at the peripheries of the 
nodules. 
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formed nodules were directly derived from the pre-existing meristematic centres in 
cultured callus, rather than formed de nova In addition, tracheary elements were 
also formed occasionally in the callus (Fig. 3.4.8). These tracheary elements were 
usually formed among the vacuolate cells within a callus mass and had no obvious 
connection with the nodular structures in the callus. 
C). Factors influencing the growth of callus cultures 
Extrinsic factors influencing and determining the morphology, organization and 
growth of the callus, as well as its subsequent pattern of regeneration include plant 
growth regulators, nutrients, physical culture conditions and source of the explant. 
As expected, the concentration and type of growth regulators included in the 
culture media proved to be the most important factor. 
The auxin 2,4-D was found to be the most effective agent for inducing callus. 
It was capable of producing callus from all sources of explant even when used as 
the sole growth regulator. The friability of the callus is also determined by the 
concentration of 2,4-0 in culture medium. Callus induction from the mature seed 
was successful within a concentration range of 0.05-5.0 mg/I. At a relatively low 
concentration (0.1 mg/I) the callus induced was comparatively compact and the 
growth rate was low, while at high 2,4-D concentrations (2.0 mg/I or above) a 
friable, "frothy" and fast growing callus was produced. These obsevations are in 
general agreement with those made by Negrutiu et a/. (1975) who found that a 
minimum of 1.0 mg/I 2,4-D was required to initiate a completely undifferentiated 
callus from Arabidopsis seeds. In this investigation, 0.5 mg/I was found to be the 
ideal 2,4-D level for obtaining a callus with a combination of reasonable friability 
and rapid growth rate, and this callus was maintained and used in subsequent 
differentiation and regeneration experiments. 
Callus was also induced on a medium containing another synthetic auxin NAA. 
When this was used at a level of 10.0 mg/I, a very compact callus with numerous 
hairs on the surface was produced. This hairy callus often developed many roots 
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during culture. 
Although auxin alone was sufficient to induce callus, kinetin at a low 
concentration (0.05 mg/I) was found to be helpful in improving the growth of the 
callus. However, kinetin levels in excess of 1.0 mg/I slowed down the growth rate 
and produced a much harder callus. 
Other factors were not crucial to callus induction and growth. The callus grew 
equally well on 135 and MS basal media, as well as on SH medium (Schenk & 
Hildebrandt, 1972). 
Light intensity, to a certain extent, affected the appearance of the callus. 
Callus grown under a high light intensity (400 	m 2 sec - 1 ) tended to be more 
greenish than under a low intensity (200 	-n 2secJ 1 ). In addition, no significant 
differences were observed in either callus morphology or growth rate between 
calluses grown in continuous light or in a 16 h. daylength of the same light 
intensity. 
The length of the subculture period was important, too long an interval 
between subcultures (in excess of 6 weeks) resulted in browning of the callus. It 
was therefore vital to subculture every 4 weeks to ensure the continued production 
of viable and healthy callus. 
Sources of explants other than mature seeds were also used and were 
capable of producing callus using the standard culture method. Primary callus 
derived form young seedlings, leaves and zygotic embryos was morphologically 
similar and showed the same responses to "hormone" treatments as the 
seed-derived callus. When immature ovules or immature embryos were used as 
callus source, only those beyond the late heart-shaped or torpedo-shaped stage 
produced callus on a 2,4-D medium, while the less mature ones (e.g., globular 
embryos) remained unchanged. 
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3.4.2. Cell suspension cultures of A. thallana 
A). Initiation and maintenance of cell suspension cultures 
Suspension cultures of plant cells provide a suitable source of free cells for a 
"microbial" approach to in vitro manipulation, e.g., studies of somatic genetics, cell 
physiology, cell differentiation and morphogenesis. A major advantage of a 
free-cell culture is its relative uniformity which simplifies the implementation of 
various experimental treatments. 
The first report of the preparation of a cell suspension culture of A. thaliana 
was by Negrutiu and Jacobs (1977). In the present study, cell suspension cultures 
have been successfully established for investigations on in vitro morphogenesis in 
this species. The protocol for the initiation and maintenance of cell suspension 
cultures is given in Section 2.1.2. The results from this experiment indicate that 
certain factors are critical to the establishment and maintenance of viable cell 
suspension cultures. First of all, the growth state of the callus used to initiate the 
suspension culture is found to be crucial. Only when the fable, soft and actively 
proliferating callus was used as the primary inoculum into the liquid medium, could 
a satisfactory suspension culture be initiated. In the present experiment, this 
requirement was achieved by inoculating callus induced and grown on a solid 
medium with a high 2,4-D level (1.0-2.0 mg/I). Secondly, It is important to use a 
sufficient quantity of callus tissue in the inoculum. A minimum of 1 g fresh weight 
of callus per 50 ml liquid medium was required. Thirdly, a liquid culture medium 
with a 2,4-D level above 1.0 mg/I is necessary for cell dispersion and active cell 
division in the suspension culture. Finally, regular subcultures of cell suspensions 
are vital for the maintenance of viable cultures. In this study, two-week intervals 
for the first 1-2 subcultures followed by weekly subcultures were found to be the 
best. 
The cell suspensions established in this way contained mainly free cells and 
small aggregates of no more than a few cells (Fig. 3.4.9). Large cell clumps were 
Fig. 3.4.9: Cellsuspension culture containing free cells and small 
aggregates. Liquid medium contained 2.0 mg/i 2,4-D and 
0.05 mg/i kinetin. Cells are unstained and the photograph 
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also present in the cultures especially during the first few subcultures. The free 
cells and small aggregates were separated continuously from these large clumps 
during culture. The free cells varied greatly in shape and size, and presumably also 
in their ability to divide and expand. 
In most cases, the viability of the suspended cells, as expressed in the ratio 
between the number of viable cells and total cell number per ml culture, was about 
70-80%, and this was considered to be satisfactory. The viable cells were 
characterized by their cytoplasmic strands and active streaming as seen under an 
inverted microscope. 
After several subcultures, the cell density of the suspensions reached 4.0x10 5 
cells/ml at the end of a culture period of one week. 
B). The effects of 2,4-D and kinetin on the growth and division 
of suspended cells in culture 
As indicated above, a 2,4-0 concentration higher than 1.0 mg/I in the medium was 
necessary to ensure a high degree of dispersion of the cells in the suspension 
cultures. When low levels of 2,4-0 (0.5 mg/I or lower) were used, the inoculated 
callus tissue remained intact during culture and the density of freely suspended 
cells was very low. Generally, the density of free cells in suspensions increased 
with the increase of 2,4-0 concentration in the medium, and also with the number 
of subculture transfers as shown in Table 3.4.2. The 2,4-D concentration at 2.0 mg/I 
gave the best result. 
Other auxins such as NAA and IAA were not effective in cell dissociation. NAA 
at concentrations up to 10.0 mg/I was tested and no effect was found on cell 
dispersion. As a matter of fact, some of the calluses cultured in liquid medium 
containing NAA became very compact and hard, and sometimes began to form 
roots. The finding that 2,4-0 is necessary for cell dissociation in a liquid culture is 
consistent with the results reported by Negrutiu and Jacobs (1977) with the same 
species. 
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Table 3.4.2. Effect of 2..4-D Concentration and Number of Subculture on 
Cell Density in Suspension Cultures 
Concent. of 2,4-D 	 Cell density (xl0' cells/ml) 
(mg/1) * 	3rd. subculture 	5th. subculture 	6th. subculture 
0.5 	 0.55 	 1.16 	 1.85 
1.0 0.62 10.08 4.31 
2.0 	 2.01 	 28.50 	 30.95 
5.0 4.89 13.02 15.80 
* All the media contained 0.05 mg/1 kinetin. 
An important point which emerged from this experiment was that the 
dissociation of the cells was not solely dependent on the absolute concentration of 
2,4-0 in the medium, but also on the changes in 2,4-0 level between individual 
subcultures, i.e., the transfer of a suspension culture from a low to a high 2,4-D 
medium promoted cell dispersion whereas a change in the opposite direction 
inhibited cell dispersion. For example, a higher degree of cell dispersion was 
observed when the culture was transferred from a medium containing 0.5 mg/I of 
2,4-D to a medium with 1.0 mg/I of 2,4-D, on the other hand a suspension 
previously grown in a medium with 2.0 mg/I of 2,4-D became more aggregated 
when it was subcultured into a medium containing 1.0 mg/I of 2,4-0. Differentiation 
of roots may even occur when the 2,4-D concentration is reduced after subculture. 
This observation suggests that the response of a tissue culture system to a certain 
"hormone" treatment is dependent on the physiological and metabolic status of the 
culture and this was to some extent determined by the previous "hormone" 
treatments. 
It was also found that although the kinetin level at 0.05 mg/I was sufficient for 
the initiation and maintenance of the suspension cultures in this species, a higher 
level of kinetin (0.5 mg/I) produced a cell suspension containing a larger proportion 
of small, round cytoplasm-rich cells than the low kinetin medium. However, too 
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high a kinetin concentration, e.g., 2.0 mg/I, usually prevented cell dispersion and 
sometimes caused greening of the culture. 
C). Plating of freely suspended cells on a solid agar medium 
The procedure of utilizing the "nurse" effect of a "conditioned" medium in plating 
out cell suspensions in a thin layer of agar medium is described in Section 2.1.2. 
This technique was used in this experiment in an attempt to establish a uniform 
culture of Arabidopsis cells which could be subsequently subjected to further 
studies on in vitro morphogenesis and somatic embryogenesis. 
Throughout the plating experiment, the division and growth of the single 
isolated cells in plated agar medium were rarely observed under the present 
experimental conditions. Except in a few isolated cases, where single plated cells 
underwent a few divisions and formed small colonies and then stopped growing, 
most of the free cells in the agar medium did not divide after 10-14 days in 
culture. At this time, the cytoplasm of a proportion of the cell population began to 
contract and some of the cells were apparently dying. 
In this experiment, a wide range of different plant growth regulator regimes 
were used in the "conditioned" medium to find out if the failure of the plated cells 
to proliferate was due to an inappropriate concentration of growth factors provided 
by the culture medium. The kinetin concentration ranged from 0-1.0 mg/I, IAA 
from 0.01-1.0 mg/I and 2,4-D from 0-5.0 mg/I were tested. Also, various 
combinations of these growth regulators were included in the culture medium, and 
no significant effect of these treatments was observed. Meanwhile, the addition of 
complex additives such as casein hydrolysate (200-500 mg/I) and coconut milk 
(10%, v/v) did not give a discernible improvement in the division and growth of the 
plated cells. It is therefore very likely that factors other than exogenous growth 
regulators are critical to the growth of plated cells. 
The result shows that only when the exponentially growing suspensions 
(about 2-3 days after subculturing) were plated on agar medium, were the cells 
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able to undergo division, while plating of the suspensions at the later phases of a 
growth cycle (stationary and lag phases) resulted in a rapid disorganization of the 
cells. This observation indicates that the physiological state of suspended cells 
immediately before plating may affect the subsequent growth of the cells in agar 
layers. it was also found that the plating cell density is an important factor. For 
plating densities in the range of 2.0x10 4-2.0x10 6 cells/ml tested, growth and 
callusing of the cells were occasionally observed but only in cell populations 
denser than 5.0x10 5 cells/mi. Besides, the cell proliferation was more often started 
from cell aggregates than from free single cells. These phenomena may well be 
associated with the interactions among the densely populated cells, or the cells 
within an aggregate, as well as the interactive "nurse" effect between the cells. 
Meanwhile, in a similar experiment, cells and cell groups smeared on the surface of 
the agar medium at an extremely high density often resulted in rapid growth and 
callusing. Roots and shoots, as well as plantlets were also regenerated from these 
cultures under the appropriate conditions. 
All the results obtained indicate that the plating experiment performed with 
this protocol has not been completely successful. The cells of Arabidopsis plated 
and cultured under the present experimental conditions exhibited only a limited 
ability to grow and proliferate, and this was mainly restricted to high cell densities, 
or cell aggregates. 
In summarizing, this section comprises the experiments carried out to induce 
and establish tissue and cell cultures of A. thallana as the first step in the studies 
of in vitro morphogenesis and somatic embryogenesis in this species. The results 
from these experiments show that callus cultures can be readily initiated from 
different sources of plant material on an agar medium in the presence of 
2,4-D. The callus exhibited a relatively organized growth in the formation of 
numerous nodules which were the result of the active division and proliferation of 
meristematic centres within the nodular callus. Cell suspensions composed mainly 
of free cells and small aggregates were successfully initiated from soft, friable 
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callus tissues grown on an agar medium with a relatively high 2,4-D concentration. 
The synthetic auxin 2,4-D has proved to be an essential growth factor both for 
callus and cell suspension in culture. The growth rate, friability of the callus, as well 
as the degree of cell dispersion in suspensions can be manipulated by adjusting 
the 2,4-D concentration in the culture media. The callus and suspension cultures 
established in these experiments can now be subjected to investigations on 
differentiation and in vitro morphoregenesis which are presented in the following 
section. 
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Section 3.5. In Vitro Organogenesis in Tissue and Cell Cultures 
of Arabidopsis thaliana 
Organogenesis in tissue cultures of A. thaliana was reported many years ago 
by Yakoyoma and Jones (1965). Differentiation of adventitious roots (Corcos & 
Lewis, 1972; Corcos, 1973), leaf and shoot initiation as well as plantlet regeneration 
(Venketswaran & Mahlburg, 1977; Corcos et a/., 1973) from callus cultures have all 
been reported. Regeneration of haploid plants from anther cultures has also been 
demonstrated (Gresshoff & Doy, 1972). 
The studies on morphogenesis in tissue and cell cultures described in this 
section form part of a programme aimed at the induction of somatic 
embryogenesis in this species. In these experiments, the regenerative potential of 
tissue and cell cultures and the influence of various endogenous and exogenous 
factors on different forms of morphogenesis were examined. This work has 
provided much useful information and established a basis for subsequent attempts 
to initiate somatic embryos from tissue cultures. Also, attention has been focussed 
on the structural and histological aspects of the origin and ontogeny of 
recognizable structures which arise in culture, a subject which has received little 
attention in the past work. 
3.5.1. Root formation in vitro 
A). Initiation and development of roots in tissue and cell cultures 
Organogenesis can usually be initiated by transferring callus tissue from a callus 
induction medium containing the synthetic auxin 2,4-0 (2,4-D medium), to 
differentiation media with a different composition of plant growth regulators. 
Rhizogenesis was the most commonly observed form of in vitro 
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morphogenesis in A. thaliana in the present study. Subculture of callus from a 
2,4-D medium to a differentiation medium either devoid of, or with a very low 
concentration of auxin resulted in the initiation of adventive roots from the callus. 
Callus placed on a Gamborg's B 5 medium supplemented with 2% sucrose and 0.01 
mg/I IAA developed many roots of normal appearance on its surface within 2 
weeks of subculture (Fig. 3.5.1). Further extensive experiments showed that root 
formation occurred within a wide range of growth regulator concentrations and 
combinations. However, when the 2,4-D level was higher than 0.1 mg/I, the callus 
was maintained and root differentiation was depressed. Root formation was 
observed within an IAA concentration range of 0.01-1.0 mg/I, and NAA 
concentrations up to 5.0 mg/I allowed the differentiation and development of roots. 
The level of kinetin was not crucial if used at low concentrations (<0.2 mg/I), but it 
seemed to suppress rhizogenesis at higher concentrations. When the callus 
bearing roots of different developmental stages was subcultured onto fresh medium 
of the same composition, rapid growth followed giving rise to extremely long, 
twisted roots. Root laterals may also develop. Occasionally, large peg-shaped root 
structures were formed by the rapid growth of the roots previously initiated (Figs. 
3.5.2 & 3.5.3). These structures often had a sharp distal end with or without a long 
thin root axis, pointing outwards from the callus, with the broad basal portion 
attached to the callus. At the basal end of the structure, a ring or cleavage furrow 
may form which sometimes led to the detachment of the root structures from the 
maternal callus (Fig. 3.5.2). Peg-shaped roots with two forked distal ends were 
occasionally seen (Fig.3.5.3). Similar root structures have been reported by Thomas 
and Street (1970), and by Konar et al. (1972) in tissue and cell cultures of Atropa 
belladonna in their study, detached peg-like roots were able to callus at the basal 
ends and on occasions differentiate shoot buds from which leaves and plantlets 
were regenerated. In these experiments with A. thaliana, prolonged culture of 
detached root structures on the agar medium failed to produce shoots and leaves 
at the basal ends. Probably this is because the culture medium was not conducive 
Fig 3.5.1: Root formation from a callus grown on a medium containing 0.01 
mg/i IAA and 0.05 mg/i kinetin. Scale= 2 mm. 
Figs. 3.5.2 & 3.5.3: Peg-like root structures developed from the adventive 









to shoot and leaf induction, since shoot formation in this species requires relatively 
high kinetin levels (see later). 
In a liquid medium of the same composition, roots were initiated and 
developed in a similar manner but more rapidly than on agar. 
B). Anatomy of root initiation and development 
In order to investigate the origin and structure of roots in tissue cultures, 
root-forming callus was fixed and embedded for sectioning and studied by light 
microscopy. These sections revealed that roots were always initiated from 
pre-existing nodules present in large numbers in callus tissues. Figures 3.5.4-3.5.8 
are photographs of sections of the root-forming nodules prepared from the callus 
two weeks after the transfer onto an auxin-free medium, showing a number of the 
stages in the process of root initiation and development from the nodular 
structures. It can be seen from these sections that root differentiation in the callus 
is asynchronous so that many different stages of root development from the 
initiation of root primordia to the establishment of well-developed root axes can be 
found in the same culture. Figure 3.5.4 shows a cross-section of a nodule from 
callus grown on the root-differentiation medium (2,4-D). Although no obvious root 
development can be seen in this nodule, the internal structure and organization are 
apparently different from that of nodules from callus grown on 2,4-D medium 
(compare with Fig. 3.4.5). These nodules display a higher level of organization 
showing more developed meristematic centres and a greater number of vacuolate 
inner cells. A closer look at this nodule (Fig. 3.5.5) shows that these meristematic 
centres are situated around the periphery of the nodule, and resemble root 
primordia. The structure which can be seen in Figure 3.5.6 is a meristematic centre 
within a nodule developing into a root primordium. This is characterized by the 
polarized growth of the root primordium growing out from the callus. Eventually the 
root primordium grows out from the callus giving rise to a young root initial with a 
developing meristem (Fig. 3.5.7). The meristematic cells which make up the root tip 
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meristem are characterized by their large prominent nuclei with heavily stained 
nucleoli. The root cap is also developing. Further cell division and cell elongation 
give rise to the root axis (Fig. 3.5.8). The spatial relationship between the root and 
the nodule shown in Figure 3.5.8 makes it clear that the former originated from the 
latter. This photograph also shows that a nodule with a fully developed root can 
still contain several meristematic centres and possibly these meristematic centres 
may subsequently develop into roots. The histological studies of root formation in 
tissue cultures of A. thai/aria suggest that adventive rhizogenesis is initiated from 
the meristematic centres pre-formed inside the callus tissues. These meristematic 
cells must have been formed early in the growth of the callus culture, probably 
during the period of undifferentiated proliferation. Therefore, root development 
from tissue and cell cultures can be regarded as a consequence of the 
reorganization of meristematic cells into root primordia under culture conditions 
conducive to rhizogenesis. This is in agreement with the view of Reinert et al. 
(1977). 
3.5.2. Shoot and leaf formation in vitro 
Shoot and leaf formation in tissue and cell cultures of A. thai/aria is much less 
common than root formation, and also takes longer. In most cases, shoot 
differentiation may be achieved by placing callus tissue induced on 2,4-D medium 
onto an agar medium conducive to shoot and leaf formation. In the present study, 
shoot differentiation took place within an IAA concentration range of 0.01-0.5 mg/I 
and a kinetin concentration of 0.1-2.0 mg/I. Gamborg's B 5 or MS basal media 
supplemented with 2% sucrose, 0.1 mg/I IAA and 1.0 mg/I kinetin were found to be 
the most suitable for this purpose. In addition, several subcultures of the callus 
were usually required to complete the full development of the leaves, and the 
regeneration of plantlets. 
Callus grown on a shoot differentiation medium (e.g., 0.1 mg/I IAA and 1.0 
mg/I kinetin) may develop a number of compact green nodules after about 4 weeks, 
Figs. 3.5.4-3.5.8: Photographs of sections of root-forming callus as seen 
under the light microscope. All the sections were stained with 
toluidine blue. All scales= 30 pm. 
3.5.4 & 3.5.5: Cross-sections of a nodule taken from callus cultured 
on a 2,4-D medium. Note the meristematic centres (MS) at the 
periphery. 
3.5.6: A root primordium developed from a meristematic centre. Note 
the polarized growth of this primordium. 
3.5.7: A young root initial with a developing meristem (M). 
3.5.8: Root axis elongating from a nodule. Note the undifferentiated 
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Figs. 3.5.9-3.5.11: Shoot initiation and development from callus grown on 
a high kinetin medium. All scales= 2 mm. 
3.5.9: The green nodules (arrows) formed on the callus 4 weeks after 
transfer onto the medium containing 0.1 mg/l IAA and 1.0 mg/I 
kinet in. 
3.5.10: Shoot buds (arrow) differentiated from the green nodules shown 
in Fig. 3.5.9. 












in contrast to the yellowish soft nodules in the rest of the callus (Fig. 3.5.9). These 
green nodules differentiated into clusters of foliar structures (Fig. 3.5.10) after 
prolonged culture on the same medium, or preferably by subculturing them onto 
fresh agar medium of the same composition. This promoted and accelerated 
differentiation of the 'green nodules. Further development of these foliar structures 
resulted in the formation of normal rosette leaves and plantlets (Fig. 3.5.11), 
although a further transfer of the callus onto fresh medium may be needed to 
complete the process. Thus, starting from callus subcultured onto the 
differentiation medium, it took 4 weeks to develop green nodules and full 
development of the plantlets from these green nodules was completed in a further 
7-8 weeks. This makes a total period of approximately 3 months for the whole 
process of shoot differentiation and plantlet regeneration from callus. 
Leaf regeneration can also be induced within 3-4 weeks by culturing green 
nodular callus in a liquid medium containing 2% sucrose, 0.02 mg/I IAA and 0.2 
mg/I kinetin. However, leaves formed in the liquid medium tend to be abnormal in 
appearance (Fig. 3.5.12). The re5ults indicate that in tissue cultures of Arabidopsi.s 
differentiation of compact green nodules from callus tissue was a prerequisite for 
the formation of leafy shoots both on agar medium and in liquid culture. 
The origin and development of the regenerated shoots in A. thallana have not 
been subjected to a detailed study. However, histological investigations at the light 
microscope level of the shoot-forming callus have revealed some aspects of the 
cellular organization and pattern of differentiation which accompany shoot 
regeneration in vitrcz Figure 3.5.13 is a micrograph of sectioned material of callus 
tissue taken from one-week old liquid culture containing 0.02 mg/I IAA and 0.2 
mg/I kinetin. This culture contained clumps of green callus many of which 
developed shoots and leaves at a later stage. As can be seen from this section, 
groups of small cells with dense cytoplasm have formed inside the callus tissue in 
an organized manner and resemble meristematic tissues. These cell groups 
constitute the compact green spots which are visible to the eye in callus. In 
4, 
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Fig. 3.5.12: Leaves (arrows) regenerated from a suspension culture about 
3 weeks after transfer into a liquid medium containing 0.02 mg/I IAA 
and 0.2 mg/1 kinetin. Note the abnormal appearance of the Leaves. 
Compare with Figs. 3.5.10 & 3.5.11. 
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another callus from the same liquid culture, these cell groups displayed a higher 
level of organization, were more clearly outlined against the background tissue and 
were also larger (Fig. 3.5.14). It is presumed that these "meristem-like" tissues are 
the p
r
ecursors of the shoots and leaves which are developed from the callus at a 
later stage. A section through a leafy structure regenerated from callus grown on a 
high kinetin shoot-differentiation medium (0.1 mg/I IAA and 1.0 mg/I kinetin) shows 
a degree of cellular organization similar in appearance (Fig. 3.5.15) to that of 
meristematic tissues in compact green callus at earlier stages (Figs. 3.5.13 & 3.5.14). 
This similarity provides some evidence that these leaves might be formed from the 
meristematic centres which initially differentiated as green spots in the 
shoot-forming callus. 
From these results the pathway of shoot formation from tissue cultures of 
A. thallana can be visualized. One possible sequence is that a multicellular structure 
resembling a meristem, and which is visible to the naked eye as a green spot 
within a callus tissue placed in conditions suitable for shoot differentiation 
develops into a shoot via a shoot primordium. This process involves active cell 
division, cell enlargement and the differentiation of groups of cells within the callus, 
into potentially shoot-forming tissues capable of regenerating shoots and leaves, 
and on some occasions whole plants. Whether these shoot-forming meristems are 
directly derived from the meristematic centres which already existed in the callus 
before it was transferred to shoot-induction medium is not known. It is possible 
that they were formed de nova from undifferentiated callus after transfer. However, 
it seems likely that there is a causal relationship between the meristematic centres 
and the shoot-forming meristems, since the former have been shown to be the 
active tissue involved in callus proliferation and root differentiation under different 
culture conditions. Moreover, the shoot-forming meristems in the early phase of 
differentiation resemble meristematic centres. 
The histological studies on the structure and ontogeny of in vitro shoot 
formation Jn A. thaliana and other plants indicate that this organogenesis is 
Figs. 3.5.13-3.5.15: Light micrographs of the shoot-forming callus taken 
from a liquid culture containing 0.02 mg/1 IAA and 0.2 mg/1 kinetin. 
All the sections were stained with toluidine blue. Scales= 30 pm. 
3.5.13: Small cytoplasm-rich 	groups of cells within the green 
callus (arrow) 
3.5.14: Regions of meristematic tissues (M) differentiated from the 
cell groups shown in Fig. 3.5.13. 
3.5.15: A section through a leafy structure regenerated from the callus 
equivalent to the structures shown in Fig. 3.5.12. 
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associated with a multicellular process in which the meristem-like cells within a 
cultured tissue become specialized and organized into masses of dividing cells 
before they develop further into shoot buds. However, more work is needed to 
demonstrate the origin and sequential development of in vitro shoot differentiation 
in A. thaliana 
The involvement of auxins and cytokinins and the balance between them is 
C 
extremely important in regulating plant morphogenesis in culture (e.g., Sheridan, 
1974; Tran Thanh Van, 1980). Experiments, reported in this section show that 
differentiation of shoots and leaves from tissue and cell cultures of A. thallana is 
determined by exogenous "hormonal" regulation, which includes the type and 
concntration of added growth regulators, their combination and ratio used in the 
culture medium, as well as the order in which they are applied. 
Shoot and leaf formation in vitro occurred only when the auxin level was 
reduced and kinetin was included in the culture medium. In addition, the balance 
between the auxin and cytokinin also played an important role in shoot formation. 
Table 3.5.1 is the result of an experiment designed to evaluate the effects of auxin 
and kinetin in organogenesis in callus cultures. As can be seen, a correlation 
between the kinetin/IAA ratio and green spot formation, which leads to formation of 
shoots and leaves can be followed. The highest frequencies of •green spot 
formation were observed on media with kinetin levels higher than 0.5 mg/I, and IAA 
levels lower than 0.1 mg/I. It follows that high kinetin/IAA ratios favoured the 
greening of the callus, and hence shoot formation on the callus. Also, a kinetin/IAA 
ratio of 10:1 was found to be most effective for callus greening and shoot 
differentiation. This observation is consistent with the results reported with the 
same species by Negrutiu et a/. (1978) who showed that optimal leaf formation 
occurred with a kinetin/IAA combination of 106  M/10 7 M (0.22/0.018 mg/I). The 
promotive effect of cytokinin (Benzyladenine, zeatin and kinetin) in producing green 
callus and shoots in other plant cultures, e.g., in Antirrhinum majus (Sangwan & 
Harada, 1975) has also been reported. 
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Table 3.5.1. Effect of Kinetin/IAA Ratio on the Organogenesis in 
Callus Cultures (Based on 42-52 calluses each) 
Kinetin (mg/1) 
IAA 0.1 0.2 0.5 1.0 
(Mg/1 ) 
GS RT(%)* GS RT(%)* GS 	RT(%)* GS RT(%)* 
0.01 31.2 13.3 18.0 0 40.8 0 56.1 0 
0.02 23.0 13.4 44.0 0 42.3 0 50.0 0 
0.05 26.2 9.5 31.1 4.4 69.1 0 57.8 0 
0.10 13.8 19.1 18.8 8.9 54.5 3.9 87.0 0 
0.50 0 31.1 4.1 14.3 26.6 0 63.3 0 
* GS = Green spots; RT = Roots. 
To summarize briefly, the following conclusions can be drawn from the work 
described in this section. 
Callus and cell suspension cultures can undergo different forms of in vitro 
organogenesis, such as root, shoot and leaf formation, when placed in suitable 
conditions. 
The differentiation processes observed in the callus and cell cultures appear 
to be regulated by growth substances added to the culture medium. 
The presence of 2,4-0 in the culture promotes callus proliferation and tends 
to inhibit root formation. Root differentiation is prolific in the absence of 2,4-D. 
A high kinetin/auxin ratio favours shoot and leaf initiation in both callus and 
suspension cultures. 
The meristematic centres present in nodular callus play an important role in 
in vitro organogenesis and formation of root and shoot primordia in callus tissues. 
In the following section, the induction and development of somatic embryos 
from callus cultures, as well as structural and histological aspects of somatic 
embryogenesis will be reported. 
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Section 3.6. Induction of Somatic Embryogenesis in Tissue 
and Cell Cultures of Arabidopsis thaliana 
This section contains the results of an investigation into the induction and 
development of somatic embryos (embryoids) from tissue and cell cultures of 
A. thallana Although for/ many years somatic embryogenesis has been known and 
recognized as a common feature of in vitro morphogenesis in several species of 
higher plants, prior to this study, it has not been reported in A. thaliana 
3.6.1. Embrvoidal masses induced from the callus of seed origin 
Callus initiated from germinating seeds of A. thaliana on a 2,4-D medium is 
composed of numerous nodules which can be induced to differentiate by 
subculturing the callus onto media containing different combinations of plant 
growth regulators. As a result, this nodular callus may undergo continuous 
unorganized proliferation, or differentiate into roots and shoots. Plantlets may also 
be formed from the regenerated shoots. 
Apart from organogenesis, plants were occasionally seen to regenerate via 
somatic embryos. The progenitor of these embryoids appeared to be an 
intermediate embryoidal mass which was formed from the green nodules in callus. 
Stages in embryo development similar to those observed in typical zygotic 
embryogeny were recognized in these embryoidal masses, and this process was 
identified as a form of in vitro embryogenesis in this species. Progressive 
subculture of the nodular callus through a series of media with different growth 
regulator regimes was required to initiate and complete this particular form of 
somatic embryogenesis. It is to determine the pathway of development of the 
embryoids which is the aim of this series of experiments. 
Callus induced from mature seeds germinating on a B 5 agar medium 
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containing 0.5 mg/I 2,4-D and 0.05 mg/I kinetin was used as a source of somatic 
embryoidal masses. After a few subcultures on the same medium the typical 
undifferentiated nodular callus was transferred to a medium containing 0.1 mg/I IAA 
and 1.0 mg/I kinetin on which the callus developed many green nodules similar to 
those observed as the intermediate stage in shoot formation. Occasionally, these 
green nodules differentiated into clumps of embryo-like masses within 3-4 weeks 
when placed on a medium without added exogenous auxin and with a low level of 
kinetin (0.1 mg/1). A close look at the embryoidal masses (Fig. 3.6.1) shows that 
they are composed of numerous embryoidal units tightly packed together, most of 
which appear to be abnormal with numbers of cotyledons ranging from one to five, 
and with some of the cotyledons fused together to give a fascicular entity (Fig. 
3.6.1). At a later stage, these embryoids started to "germinate" to produce small 
leaves (Fig. 3.6.2). The embryoidal masses and immature leafy shoots usually 
withered away if they were left in culture for longer than five weeks. Transfer of 
the embryoidal masses to a fresh medium without any added growth regulators 
ensured that the embryoidal masses "germinated" and developed normally into 
plantlets (Fig. 3.6.3). 
These young plantlets often failed to produce roots. Only in a few cultures 
was root formation observed, and it was not easy to determine whether the roots 
were generated from the base of the plantlets, or from the callus tissue still 
attached to the plantlets. 
The procedure for the production of embryoidal masses and regeneration of 
plantlets is summarized in Table 3.6.1. 
The origin and ontogeny of the embryoidal masses have not been studied in 
detail and are therefore not known. Also no information is available so far about 
the characteristics of the cells with the potential for forming somatic embryos, or 
about the early division and segmentation pattern of these embryogenic cells. 
Nevertheless, studies on sections of the embryoidal masses have helped to 
elucidate some of the developmental stages and other aspects of this type of in 
Figs. 3.6.1-3.6.3. Plantlet regeneration from embryoidal masses induced 
from seedling-derived callus. 
Tightly packed fascicular embryoidal masses (3.6.1) were formed on 
the callus following subculture on a series of culture media with 
different growth regulator compositions (see the text and Table 3.6.1). 
Eventually these developing embryoids (3.6.2) grow into young plantlets 
(3.6.3). Note the fused cotyledons of the embryoidal masses in Fig. 
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vitro embryogenesis. Figures 3.6.4-3.6.7 are micrographs of longitudinal sections of 
these embryoids showing the sequence of development from the globular stage 
(Fig. 3.6.4), through heart-shaped stage (Figs. 3.6.5 & 3.6.6) to the torpedo stage 
(Fig. 3.6.7). These photographs show that the developmental stages followed by 
somatic embryos formed in embryoidal masses are similar to the developmental 
stages typical of those followed by zygotic embryos, although many malformed 
embryoids were observed in vitro, e.g., embryoids with fused cotyledons (Fig. 3.6.8). 
This 	morphological abnormality is not unexpected since examples of anomalous 
embryoids with three cotyledons have also been reported in other plant 	culture 
systems (Heirwegh et al., 1985). 
Table 3.6.1. Culture Procedure Leading to the Formation of Embryoidal 
Masses and Plantlets 
Number of subculture 
Treatments 
	













0.5 2,4-D 0.1 IAA auxin-free No added growth 
0.05 kinetin 1.0 kinetin 0.1 kinetin regulators 
4 weeks 4 weeks 4 weeks 2 weeks 
white, un- green embryoidal plantlets with 
differentiated nodules masses, 	some occasional root 
nodular callus young leaves, formation. 
Another important featue arising from this experiment is that the embryoidal 
masses appeared to be induced as secondary adventive embryoids from the 
previously formed leafy structures which themselves had probably developed via an 
embryogenic pathway. The spatial arrangement of these embryoids on the leafy 
Figs. 3.6.4-3.6.8. Sections of the embryoidal masses, observed with the 
light microscope, showing different developmental stages of globular 
(3.6.4), heart-shaped (3.6.5 & 3.6.6) and torpedo-shaped (3.6.7) 
embryoids. Fig. 3.6.8 shows the fused abnormal cotyledons of an 
embryoid. Note the structural and histological resemblance between 
these embryoids and the leafy structures from which they arise. Also note 
the residue of a "suspensor-like" structure of a heart-shaped embryoid 
shown in Fig 3.6.5 (arrow). All the sections were stained with 
toluidine blue. All scales= 50 pm. 
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structures, and similarity in morphology between these two structures can be seen 
in Figure 3.6.1 and suggests a possible close relationship. There are also close 
resemblances at the cellular level between the embryoids and the leafy tissues 
from which they had arisen adding weight to the assumption that these structures 
are related (see Figs. 3.6.4-3.6.8). However, the apparent developmental relationship 
between the adventive embryoids and the tissues from which they were initiated in 
A. thallana remains to be established. Moreover, because the induction frequency 
and reproducibility of the production of embryoidal masses in the present system 
were very low, much more work was required to understand the factors and culture 
conditions controlling this process. 
3.6.2. Formation of individual embryoids on callus derived from 
mature zygotic embryos 
A). Callus induced from isolated zygotic embryos 
As the incidence of the formation of embryoidal masses was very low, it could not 
meet the demand of a regular supply of somatic embryos for studies on the 
biochemical and structural aspects of somatic embryogenesis. Therefore, it was 
necessary to establish a method for the stable and reproducible production of 
somatic embryos for this study. One approach was to evaluate the embryogenic 
potential of the calluses from different sources. Although the morphology of 
calluses induced from different plant materials (germinating seeds, leaves, stems 
and zygotic embryos) was very similar, they did exhibit some diversity in 
regenerative potential. Among them only the callus induced from mature zygotic 
embryos displayed the ability to produce individual somatic embryos on its surface 
when placed in certain culture conditions as will be shown below. 
Unlike the callus initiated from germinating mature seeds on the agar medium 
in which the callus was formed on the hypocotyls of the young seedlings (see 
Section 3.4.1), callus formation from isolated zygotic embryos was direct and 
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occurred from every part of the embryo without the "germination" of the embryos. 
When isolated mature zygotic embryos were placed on the surface of an SH 
(Schenk & Hildebrandt, 1972) medium containing 2% sucrose, 0.5 mg/I 2,4-D and 
0.05 mg/I kinetin, callus began to appear in about 5-6 days and a mass of callus 
was formed from each embryo in 14 days. The appearance of the callus looked 
much the same as that from the germinating seeds and was soft, translucent and 
nodular. This zygotic callus was maintained by monthly subcultures onto the same 
fresh medium, and was subsequently used for the induction of individual somatic 
embryos. It has also been noticed that only zygotic embryos which had developed 
beyond late heart-shaped stage had the ability to produce callus under the 
specified culture conditions, and the callus induced from immature embryos did not 
exhibit a higher embryogenic potential than that from mature embryos. 
B). Direct formation of somatic embryos on callus derived from zygotic embryos 
Discrete individual embryoids were formed directly on callus derived from mature 
zygotic embryos cultured on a 2,4-D SH medium. These embryoids became visible 
to the naked eye when they reached the early cotyledonary stage, about four weeks 
after callus induction from the zygotic embryos. 
The embryoids induced in this way appeared to be more or less abnormal in 
morphology, often possessing swollen hypocotyls (Fig. 3.6.9) and sometimes with 
only one cotyledon (Fig. 3.6.10), or fascicular cotyledons (Fig. 3.6.11). Figure 3.6.12 
is a photograph of the sections taken under the light microscope through an 
embryoid at the cotyledonary stage, which shows that histologically the embryoid 
was a highly organized bipolar structure with a radical apex at the basal end of the 
swollen hypocotyl attached to the maternal callus tissue, and with cotyledons 
associated with the plumular apex at the other end. A layer of well developed 
protoderm tissue was also visible (Fig. 3.6.12). 
When these somatic embryos were detached from the callus and placed on a 
basal medium free of any added growth substances, they were able to develop into 
Figs. 3.6.9-3.6.11. Individual somatic embryos initiated from callus derived 
from zygotic embryos grown on an SH medium with 1,000 mg/i yeast 
extract and 0.5 mg/i 2,4-D. Note the abnormality of the embryoids 
with swollen hypocotyl (3.6.9, arrow), single cotyledon (3.6.10, arrow) 
and fascicular cotyledons (3.6.11, arrow). 
C) 




normal-looking seedlings with roots, and subsequently developed into whole plants. 
Some of these plants reached the flowering stage on the same agar medium 
without further transfer (Fig. 3.6.13). In one case, the somatic embryo-derived 
plantlets were transplanted into soil and grown under green house conditions. They 
grew normally to maturity, flowered and set seeds in about 3 weeks. 
Initially, the direct induction of somatic embryogenesis from zygotic 
embryo-derived callus was achieved on an SH medium supplemented with 
500-1,000 mg/I yeast extract (YE), and it was subsequently found that Gamborg's 
B5 medium was also effective for this purpose. Although the addition of yeast 
extract to the culture medium stimulated embryoid formation, and increased the 
induction frequency (percentage of calluses which developed embryoids) from 5% 
to 7% under the standard culture conditions, yeast extract was not shown to be an 
indispensable component for embryoid induction and development in the present 
culture system. 
However, the concentration of 2,4-D was critical, and a low level of 2,4-0 in 
the culture medium was necessary for both callus induction and embryoid initiation. 
Embryogenic activity of the callus was low if it was induced on a high' 2,4-D 
medium. The highest induction frequency (10.7%) was observed in a callus culture 
induced and grown on an SH medium supplemented with 1,000 mg/I YE, 0.5 mg/I 
2,4-0 and 0.05 mg/I kinetin, while embryogenesis was completely suppressed when 
the 2,4-D concentration was increased to 4.0 mg/I (Fig.3.6.14). Kinetin at levels 
higher than 0.05 mg/I did not promote embryoid formation. 
Although the formation of embryoids diectiv on the zygotic embryo-derived 
callus occurred at quite a low incidence (in most cases, around 7%), the high 
reproducibility of this induction method provided enough embryoids on a regular 
basis to enable further studies. In fact, somatic embryos induced in this way were 
continuously harvested and collected from these cultures and used for the various 
structural, biochemical and immunochemical studies of somatic embryogenesis in 
later experiments. 
Fig. 3.6.12. Light micrograph of a section through an embryoid similar to 
that shown in Fig. 3.6.9. Note the bipolar nature of this 
embryoid. The section was stained with toluidine blue. 
Scale= 20 Urn. 
40 
I 
Fig. 3.6.13. Plants developed from the embryoids shown in Figs. 3.6.9-3.6.11 
on an agar medium without added growth regulators. Mote the 
successful rooting and flowering of these plants. 












Fig. 3.6.14. The effect of 2,4—D concentration on the embryoid 
induction on the SH+YE medium.(each based on 
225 calluses) 
'77 
C). Induction of embryoids by the deletion of 2,4-D from the culture medium 
The induction of somatic embryogenesis could also be achieved by transferring the 
zygotic embryo-derived callus onto the same agar medium with the auxin 2,4-D 
omitted. 
The white translucent callus began to turn greenish and compact 3-4 weeks 
after the transfer to 2,4-D medium (Fig . 3.6.15A) and individual buds occasionally 
developed on the green callus (Fig. 3.6.15B). Usually, another subculture of the 
green callus onto the same fresh 2,4-D medium was necessary to promote further 
bud initiation . These buds further developed into small plantlets if they were kept 
in culture on the same medium, and some of them were brought to maturity. 
Through careful examination of the morphology and induction process of the 
budding and regeneration of plantlets from embryo-derived callus, it is clear that 
this particular form of in vitro morphogenesis is in many ways distinctive from the 
shoot and leaf formation observed on seedling-derived callus described in Section 
3.5.2. As presented above, the budding of the embryo-derived callus in A. thaliana 
required a transfer of the callus from the primary culture containing 2,4-D to a 
secondary culture devoid of 2,4-D where the callus developed many green compact 
nodules from which the buds arose. On the other hand, the shoot and leaf 
differentiation of the seedling-derived callus only occurred when high levels of 
kinetin were present in the culture medium (Section 3.5.2). In other words, calluses 
of different sources responded differently to the deletion of 2,4-0 from the 
medium. Seedling-derived callus became hairy and produced numerous roots 
when placed onto a 2,4-D medium, while the same transfer caused greening and 
budding of the embryo-derived callus. Obviously, these two forms of in vitro 
morphogenesis were triggered by different exogenous "hormone" regimes. 
Additionally, differences in appearance between the shoots and plantlets 
regenerated from seedling-derived callus on high kinetin medium, and those from 
embryo-derived callus on 2,4-0 medium were apparent. In the former case, 
Fig. 3.6.15. Somatic embryogenesis in zygotic embryo-derived callus by the 
deletion of 2,4-D from the culture medium. 
A: Greeen nodules (arrows) formed on embryo-derived callus 4 
weeks after the transfer onto 2,4-D medium 	B: buds 
(arrows) developed via somatic embryogenetic pathway on the 
compact green callus. 
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clusters of rosette leaves were usually formed (Fig. 3.5.11), while in the latter, 
individual buds (Fig. 3.6.1513) were initiated from green compact callus, and 
subsequently developed into separate plantlets. From these observations it is 
therefore concluded that the budding and plantlet regeneration from 
embryo-derived callus induced by the deletion of 2,4-D from the primary culture is 
a form of in vitro morphogenesis via a somatic embryogenetic pathway. This is in 
accordance with the generalization that somatic embryogenesis is usually 
completed by transferring embryogenic cultures from a 2,4-D medium to a 2,4-D, 
or a medium with a lower auxin level (e.g., Evans et al., 1981; Cheng & Raghavan, 
1985). Moreover, the apparent self-contained and bipolar nature of the buds formed 
on embryo-derived callus (Fig. 3.6.1513) also suggests the embryoidal origin of those 
adventive buds. 
D). Cellular and histological aspects of embryoid formation in callus 
derived from zygotic embryos 
In order to investigate the origin, ontogeny and cellular organization of somatic 
embryos from embryo-derived callus, potentially embryogenic callus maintained in 
secondary culture (2,4-Di was processed, sectioned and examined under the light 
microscope. 
The cellular structure of a typical compact green callus grown on 2,4-0 
medium is shown in Figure 3.6.16. Although no sign of the initiation of embryoids 
can be detected in this section, groups of meristematic cells can be seen scattered 
in the callus tissue, especially at the surface. These meristematic cells are capable 
of dividing and developing into embryoids. This has been observed in soybean 
tissue cultures where the direct formation of embryoids was initiated from similar 
meristematic zones located at the surface of the cultured tissues (Barwale et al., 
1986). In another section from callus taken immediately after transfer onto the 
2,4-D medium, a group of highly cytoplasmic cells distinct from the surrounding 
cells can be seen at the surface of the callus (Fig. 3.6.17). These cells are likely to 
Fig. 3.6.16-3.6.19. Light micrographs of sections of embryogenic callus after 
transfer onto 2,4-D medium. Sections were stained with toluidine 
blue. All scales 30 pm. 
3.6.16. Groups of meristematic cells (M) in the compact green callus as 
shown in Fig. 3.6.15A. 
3.6.17. Embryogenic cells (EC) at the surface of the callus. Note the 
dense cytoplasm, large nuclei and prominent nucleoli of these 
embryogenic cells. 
3.6.18. Division and expansion of the embryogenic cells. 
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be the original source of the embryoids. These embryogenic cells undergo active 
division and the products expand a great deal eventually protruding out of the 
callus as shown in Figure 3.6.18. However, the fate of these cells in the subsequent 
development of the embryoids was not determined in this experiment. At a later 
stage, globular pro-embryoids formed on the surface of the callus can be seen (Fig. 
3.6.19). 
From these observations it would appear that when callus derived from 
zygotic embryos induced on the 2,4-D medium is kept in prolonged culture, or 
transferred onto a 2,4-D medium, the embryogenic cells, usually at the surface of 
the callus, undergo active division to produce a pro-embryoidal structure. As a 
consequence, globular pro-embrvoids are formed on the surface of the callus and 
develop further into cotyledonary embryoids. 
To summarize, the following points have arisen from the experimental results 
reported in this section. 
Somatic embryogenesis can be induced in tissue cultures of A. thallana 
The embryoids can be induced from callus cultures in two different ways, 
i.e., from embryoidal masses developed from seedling-derived callus, and as 
individual embryoids formed directly on callus derived from zygotic embryos. Also, 
the embryoidal masses may have arisen adventively from pre-formed leafy 
structures, while the individual embryoids may be derived from the embryogenic 
cells in callus induced from zygotic embryos. 
The two pathways of somatic embryogenesis require different "hormonal" 
treatments for induction and development. The formation of embryoidal masses 
requires the transfer of callus from a primary culture containing 0.5 mg/I 2,4-D and 
0.05 mg/I kinetin, to a secondary culture with 0.1 mg/I IAA and 1.0 mg/I kinetin, 
followed by another transfer to an •auxin-free medium with 0.1 mg/1 kinetin. 
Individual embryoids develop on callus derived from zygotic embryos either when it 
is kept on the primary medium for an extended time, or when it is transferred onto 
a "hormone"-free secondary medium. 
MM 
The inclusion of 2,4-D in primary culture is essential for the induction of 
potentially embryogenic cells, and the absence of 2,4-D in secondary culture is 
necessary for the subsequent development of embryoids. 
Calluses induced from different explant sources display differences in 
embryogenic potential. Callus derived from zygotic embryos is more embryogenic 
than callus from germinating seeds. 
The successful induction of somatic embryogenesis has provided the basis for 
further studies on biochemical and physiological aspects of this in vitro 
morphogenesis. In the following section, attempts are made to establish molecular 
markers to facilitate studies on the induction and development of somatic embryos. 
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Section 3.7. Seed Storage Proteins and "Embryogenic Proteins" 
in Somatic Embryogenesis 
The process by which relatively undifferentiated tissues or cells are 
transformed into a particular morphogenetic state involves parallel changes in the 
metabolic and molecular events. An understanding of these events and their 
relationship to one another is undoubtedly necessary before morphogenesis in 
plant tissue and cell cultures can be controlled with precision. This goal is still a 
long way off. 
Despite numerous studies and great achievements in the induction of somatic 
embryogenesis in cultures of many species of higher plants, there have, until 
recently, been only a few attempts to study the biochemistry and molecular biology 
of this particular form of in vitro morphogenesis (Montague et al., 1978; Feier et al., 
1984). The limited number of reports in this area are confined to only a few model 
systems, for instance, carrot suspension cultures and maize callus cultures. By 
using two-dimensional gel electrophoresis, Sung and Okimoto (1981) have been 
able to detect "embryonic proteins" in suspension cultures of carrot in which 
somatic embryogenesis was initiated by the removal of 2,4-D from the culture 
medium. More recently, Everett et al. (1985) have demonstrated that in Zea mays;  
embryogenic cultures have specific isozyme patterns of esterase and glutamate 
dehydrogenase identical to that of zygotic embryos but distinct from that of 
undifferentiated or organogenetic cultures. They also showed that the embryogenic 
cultures secreted a particular mucilaginous polysaccharide. They claimed that 
these molecules could be used as biochemical markers for studies on somatic 
embryogenesis. 
A. thallana has been used extensively as a model plant for research into 
somatic genetics and development, but the biochemical and molecular basis of in 
vitro culture and morphogenesis are still poorly understood. For example, there is 
no information available in the literature concerning the biochemical and molecular 
changes which occur in association with organogenesis and somatic 
embryogenesis in tissue and cell cultures of this species. 
In a series of experiments described in this section, attempts have been made 
to investigate the protein changes which occur in callus cultures before, during and 
after the conversion of non-embryogenic cultures to embryogenic cultures, as well 
as in developing somatic embryos. 
The aim of these experiments was to look for the biochemical changes which 
could be use as markers for indicating embryogenic potential of the cultures, and 
developmental stages of somatic embryos. 
3.7.1. Detection of storage proteins in somatic embryos 
It has already been shown earlier in this thesis (Section 3.3.5) that the 
synthesis and accumulation of seed storage proteins in A. thallana occurs within a 
well-defined period of time during zygotic embryogenesis. The earlest time at 
which the storage proteins could be detected was 11 DAF, by which time the 
embryos possessed well-developed cotyledons (see the results in Part I of this 
chapter). If the events of somatic embryogenesis parallel those in normal sexual 
embryogenesis, it would be expected that these storage proteins would be 
synthesized and accumulated in somatic embryos at the same stage of 
development. The object of these experiments was to discover when somatic 
embryos begin to synthesize and deposit their storage proteins and compare the 
pattern with the development of zygotic embryos. 
So far the production of large quantities of synchronously developing 
embryoids has not been achieved, and the induction frequency was usually quite 
low. As a consequence, it has not proved possible to study in detail the very early 
stages of somatic embryo development as sampling of the embryoids could not be 
made with certainty until the embryoids had reached the cotyledonary stage. 
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Nevertheless, by employing the techniques of gel electrophoresis, TEM and 
immunochemistry already used in this project to detect storage proteins in zygotic 
embryos, it should be possible to follow their synthesis and accumulation during 
the development of embryoids. It was this approach that was adopted in the 
following series of experiments. 
A). Gel electrophoresis 
The separation and purification of storage proteins from embryoids to enable their 
characterization was not feasible since the yield of embryoids from the tissue 
cultures was not high enough to provide sufficient material for the purification by 
gel filtration. Nevertheless, by using SDS-denaturing gel electrophoresis, it was 
possible to demonstrate that embryoids also accumulate the same two major 
storage proteins as zygotic embryos. This is shown in Figure 3.7.1 in which the 
protein patterns of somatic embryos (Track S) and mature zygotic embryos (Track 
Z) are compared. It is clear from this electrophoretogram that apart from small 
differences involving minor bands, the major components of these two tracks are 
exactly the same. The protein extract of embryoids shows the characteristic band 
pattern of the two major storage proteins as in mature seeds, i.e., the six 
polypeptides of 19-34 KD for the 12s protein and three polypeptides of 10-12 KID 
for the 1.7s protein (Fig. 3.7.1). This result provides convincing evidence that 
somatic embryos also synthesize and accumulate the same storage proteins in 
vitro, as zygotic embryos do in viva The exact stage of development at which the 
ernbryoids began to accumulate these storage proteins was not determined in the 
present experiment. However, both the somatic and zygotic embryos used in this 
experiment were at the cotyledonary stage as shown in Figures 3.6.9-3.6.11 in 
Section 3.6.2, and this suggests a similarity in the pattern of behavour with respect 
to the synthesis and accumulation of the reserve proteins. 
B). Electron microscopy 
Fig. 3.7.1. The SDS electrophoretic patterns of proteins of extracts prepared 
from somatic embryos at the cotyledonary stage (S), and mature 
zygotic embryos (Z). The six characteristic bands for the 12s 
storage protein (Group I) and the three low mol.wt. bands for the 
1.7s storage protein (Group II) are present in both somatic and 












Fig. 3.7.2. Electron micrograph of a section of the cells of a somatic 
embryo. Note the "vacuole-like" protein bodies (PB) and the 
meshwork of material inside these protein bodies. 
IS- intercellular spaces; OB- oil bodies; CW- cell walls. 






' -S c J 	 Q' IS 4 
* 
• 	 &..' L. 	 .4' •i "- -S - 	 • 	 . 	 ----_ 	 - -- 	 . 	 4...- • - 	 W - " 	 .7- • LI. 	 !. 	
.. 	 S -'I- 
k , 	>4 	(.-" ' 	• 	t \!(N ,,,w 	




• 1 k 	 . 	 t . 	. 	 , 
	
IS PB j\dl 
• 	p. 	 \r.':..)•*i 
- —• - 
	 ./'.' 	
' b.,. 	




•Ultrathin sections of the cotyledon cells of somatic embryos were prepared for TEM 
using the same procedure as for the zygotic embryos. The general appearance of 
the cotyledon cells of a somatic embryo confirms the reserve function of these 
cells (Fig. 3.7.2). The cells are filled with numerous small oil bodies (OB) and a 
number of large protein bodies (PB). The protein bodies are similar to those present 
in the cotyledon cells of zygotic embryos. They are large membrane-bound 
"vacuole-like" organelles in which proteinaceous material is deposited forming a 
meshwork structure (compare with Figs. 3.1.39-3.1.41 in Section 3.1). It would 
appear that the embryoidal cells shown in Figure 3.7.2 are at a developmental stage 
equivalent to cells in a zygotic embryo 12 DAF as shown in Figure 3.1.41. However, 
ultrastructural feature of these embryoidal cells which distinguishes them from the 
cells in zygotic embryos is that they are enclosed by much thicker cell walls (CW). 
Also, intercellular spaces (IS) are present which are not seen in the cells of zygotic 
embryos. 
The ultrastructural study with the TEM shows that the subcellular structures 
present in the cotyledon cells of both somatic and zygotic embryos are similar. At 
a later developmental stage, these cotyledon cells become packed with oil and 
protein bodies and constitute a major nutrient reserve. The fact that the protein 
bodies are present in cotyledon cells of somatic embryos shows that the seed 
storage proteins are also synthesized and accumulated during somatic 
embryogenesis. 
C). Localization of the 12s protein using immuno-TEM 
In this study, the protein A/gold staining procedure has been used to localize the 
12s storage protein in cotyledon cells of somatic embryos. The resin-embedded 
sections on-grid were treated with Na10 4-HCI, incubated with primary antibody 
solution (anti-12s) and stained with protein A/gold in exactly the same way as for 
the cells of zygotic embryos (see Section 2.6.2). 
As shown in Figures 3.7.3 and 3.7.4, the specific localization of the 12s storage 
Figs. 3.7.3 & 3.7.4. Electron micrographs of protein A/gold treated 
sections showing the immunolocalization of the 12s protein in protein 
bodies (PB) within cell of somatic embryos. 
3.7.3. Localization of the 12s storage protein in electron-dense 
material inside the protein bodies (gold particles are arrowed). 
Section was counter stained with uranyl acetate and lead 
citrate. x21,500. 
3.7.4. Section processed in the same way as for Fig. 3.7.3, but not 
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Protein in protein bodies within cotyledon cells of somatic embryos has been 
achieved. Figure 3.7.3 is a micrograph of an ultrathin section after the 
immunolocalization procedure has been completed and counter stained briefly with 
uranyl acetate and lead citrate (5 mm. each). The large, electron-dense 
"vacuole-like" structures are the developing protein bodies (PB) similar to those 
shown in the conventionally stained TEM sections (Fig. 3.7.2). A careful examination 
of this section shows that the fine gold particles (arrows) are mainly confined to 
the electron-dense material inside the protein bodies, while the other parts of the 
cell-- the oil bodies, cytoplasm and the electron-translucent areas of the protein 
bodies are not labelled. In another section processed in the same way but not 
counter stained with heavy metals, and viewed at a higher magnification under 
TEM, the gold particles are more clearly visible in the protein bodies (Fig. 3.7.4). 
This immuno-TEM investigation on the cells of embryoids produced basically the 
same result as that on zygotic embryos (see Section 3.3.6), which indicates that like 
zygotic embryos, the protein bodies of embryoids also accumulate the same 
storage protein (the 12s protein) inside their lumina. 
D). Identification of storage protein using "western blotting" 
Further evidence for the presence of storage prOtein in somatic embryos was 
obtained from the immunochemical analysis of the proteins transferred onto 
nitrocellulose membranes using anti-12s lgG as a probe. These experiments were 
carried out in conjunction with those with zygotic embryos so that the results 
could be compared. The main results have already been reported (see relevant 
figures in Section 3.3.5). 
In an autoradiogram of the "western blot" of the proteins separated by 
SDS-PAGE (Fig. 3.7.5A), Tracks 2 and 3 represent the protein samples of the 
isolated somatic embryos and the embryogenic callus grown on a 2,4-D medium, 
respectively. This autoradiogram shows that the 12s storage protein was also 
present in the extract of somatic embryos, and that the transferred 12s protein of 
Fig. 3.7.5. "Western blots" of the 12s storage protein in zygotic and 
somatic embryos. Protein extracts were separated by SDS-PAGE 
and electrophoretically transferred onto nitrocellulose 
membranes. Track 1: mature zygotic embryos; Track 2: somatic 
embryos; Track3: embryogenic callus grown on 2,4-D medium. 
autoradiogram of 125 1-protein A labelled 12s protein band; 
The same transferred membrane with proteins visualized 
using immuno-gold staining with silver enhancement. 
A 	B 
123 	 123 
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somatic embryos had the same antigenic property as the 12s protein of zygotic 
embryos (Track 1 of the same photograph), i.e., only one antigenic band from this 
protein is seen on the autoradiogram (Fig. 3.7.5A). The embryogenic callus, on the 
other hand, did not show any positive reaction to this immunological assay (Track 
3), which suggests that the accumulation of storage protein during somatic 
embryogenesis did not occur until the embryoids had reached the cotyledonary 
stage. 
The same result was obtained with another "west blot" in which the proteins 
on the membrane filter were visualized by immuno-gold staining and silver 
enhancement. Here the samples from somatic embryos and embryogenic callus are 
represented by Track 2 and 3, respectively (Fig. 3.7.5B). 
Based on these experiments, it can be concluded with some certainty that the 
same seed storage proteins are synthesized and accumulated in somatic embryos 
induced in vitro as in zygotic embryos. 
These results also indicate that storage proteins are not synthesized and 
accumulated in significant amount until the embryoids reach the cotyledonary 
stage. No storage proteins were detected in embryogenic callus, nor during the 
early phases of somatic embryogenesis using the same series of detecting 
methods. This fact implies that somatic embryos synthesize and accumulate 
storage proteins in a similar manner to zygotic embryos, i.e., the whole process of 
the deposition of reserve proteins completes within a relatively short period of time 
during late phase of embryogenesis. Therefore, the usefulness of these storage 
proteins as molecular markers is restricted to only late developmental stages of 
somatic embryogenesis, and they are apparently not suitable indicators for early 
embryogenesis. Experiments designed to detect protein changes in association with 
the induction of embryogenic cultures and early embryogenesis were carried out, 
and the results are presented in the following subsection. 
.3.7.2. Detection of "embryogenic proteins" in potentially embryogenic callus 
culture 
It is important to be able to identify the molecular events which take place 
during the induction and early phases of somatic embryogenesis in order to screen 
cultures to discover if they are potentially embryogenic. It is presumed that the 
successful initiation of somatic embryogenesis in callus cultures depends on the 
formation of embryogenic cells within the callus tissues (Williams & Maheswaran, 
1986; Evans et a/., 1981; Dodds & Roberts, 1986). Frequently, a culture may contain 
embrogenic cells which remain "dormant" and fail to develop into embryoids 
unless stimulated by some changes to their environment. It is also possible that 
the nature and timing of these changes are critical and are only effective in 
transforming a non-embryogenic culture into an embryogenic culture if the 
stimulus is applied at a particular stage of development. 
To discover whether particular embryogenic proteins are present in cutures at 
the onset of embryogenesis, it is necessary to study the protein pattern in cultures 
about to embark upon in vitro embryogenesis. Accordingly, callus of A. thaliana 
maintained on the primary culture medium with 2,4-0, and those calluses which 
had been grown on the secondary culture medium without 2,4-D for different 
periods of time were subjected to analysis using polyacrylamide gel 
electrophoresis. 
A). Analysis of proteins in callus using one-dimensional SOS-PAGE 
Figure 3.7.6 shows an one-dimensional separation of proteins in extracts from 
calluses from both 2,4-D primary and 2,4-D secondary cultures on an 
SDS-denaturing gel (7-20% linear gradient concentration polyacrylamide slab and 
stained with Coomassie blue). Tracks 1, 2 and 3 are respectively the denatured 
protein patterns of calluses grown on 2,4-D medium with 2.0 mg/I kinetin, 2,4-D 
medium without kinetin and callus two weeks after transfer onto the 2,4-D 
Fig. 3.7.6. The SDS-PAGE pattern of polypeptides separated from extracts of 
calluses grown on different culture media. 
Track 1: 0.5 mg/i 2,4-D and 2.0 mg/i kinetin; Track 2: 0.5 
mg/i 2,4-D; Track 3: no added growth regulators (embryogeriic 
callus). Note the intense Band I and II for the embryogenic 
callus on Track 3. The gel was stained with Coomassie blue. 











Medium from 2,4-D medium. It can be seen from this electrophoretogram that a). 
the vast majority of polypeptide bands are the same; b). a polypeptide with a mol. 
wt. of Ca. 65 KID (Band I) is clearly visible in Track 3 (callus on 2,4-D medium); c). 
Band II (mol. wt. ca . 58 KID) is significantly intensified in Track 3; d). calluses of 
primary cultures with or without kinetin show the same SDS-PAGE pattern, and e). 
there are no characteristic storage protein polypeptides detectable in any of these 
calluses. Whether the appearance of Band I and the intensification of Band II are 
associated with the transition from non-embryogenic to embryogenic tissue 
requires further study. Indeed, this may be likely since this pattern was only 
observed in the compact green callus which displayed an embryogenic tendency. In 
contrast, calluses from the primary culture with 0.5 mg/I 2,4-D (non-embryogenic 
callus, Track 1) and from the culture with a high kinetin level (shoot differentiating 
callus, Track 2) do not show this band pattern. Also, these two polypeptides were 
not present in developing embrvoids (see Fig.3.7.1). 
B). Analysis of proteins in callus using two-dimensional PAGE 
The resolution and sensitivity of one-dimensional SDS-PAGE are limited, so in 
order to detect minor changes in protein composition during the early phases of 
embryogenesis, it is essential to employ a technique which gives a much better 
separation of the constituent polypeptides. For this reason it was decided to use 
the more powerful IEF/SDS two-dimensional PAGE to resolve the differences in 
protein pattern between the cultures (see Section 2.4.3 for the detail of this 
technique). 
Figures 3.7.7 and 3.7.8 are two-dimensional PAGE patterns of the soluble 
proteins of callus cultured on a 2,4-D primary culture medium, and callus which 
had been transferred to 2,4-0 medium for about one week, respectively. The most 
evident difference between the polypeptide composition of the soluble proteins 
extracted from non-embryogenic (Fig. 3.7.7)and embryogenic callus (Fig. 3.7.8) as 
resolved by this method was the emergence of a few polypeptides specific to the 
Figs. 3.7.7 & 3.7.8. IEF/SDS two-dimensional PAGE patterns of soluble 
proteins of non-embryogenic callus (3.7.7) and embryogenic callus 
(3.7.8). The positions occupied by the "embryogenic proteins" are 


































embryogenic callus. Two closely aligned spots at the position of approximately p1 
6.4, mol.wt. 37-38 KD (arrowed), and another spot at p1 3.5, mol. wt. 38 KD (double 
arrowed) can be , seen in the potentially embryogenic callus (Fig. 3.7.8) but they 
were apparently absent in the non-embryogenic callus (Fig. 3.7.7). These spots 
displayed variable life spans during secondary culture on 2,4-D medium. The 
doublet spots (p1 6.4, mol.wt. 37-38 KD) were "long-lived" polypeptides as they 
were present in callus which had been continuously kept in secondary culture for 
up to one month, while the more acidic polypeptide (p1 3.5, mol. wt. 38 KID) was 
detected only in the early phase of secondary culture and had vanished after two 
weeks in culture. 
Although the identity and biological functions of these polypeptides are 
unknown, they could possibly be connected with the special functions and 
metabolism of the initiation of somatic embryogenesis, since they were specifically 
found in embryogenic callus. Therefore, these polypeptides, together with the 
specific bands on one-dimensional SOS gels, could be putatively regarded as 
"embryogenic proteins" in tissue cultures of A. tha/lana As such they may be useful 
as biochemical markers for the identification and selection of potentially 
embryogenic cells and tissues. 
In this section, experiments have been carried out to investigate the protein 
changes accompanying the induction of somatic embryogenesis and the 
development of embryoids. The following notable points have arisen from the 
experimental results. 
Somatic embryos (embryoids) synthesize and accumulate the same seed 
storage proteins as zygotic embryos. These storage proteins of somatic and zygotic 
embryos have exactly the same polypeptide composition as revealed by SDS-PAGE. 
Immunocytochemical studies have shown that the storage proteins 
deposited in "vacuole-like" protein bodies in the cotyledon cells of somatic 
embryos similar to those in cotyledon cells of zygotic embryos. 
Seed storage proteins were only detected in somatic embryos at the 
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cotyledonary stage. They may be used as developmental markers for somatic 
embryogenesis. 
Two polypeptide bands specific to embryogenic callus were detected two 
weeks after transfer to the secondary culture free of 2,4-D using SDS-PAGE. 
Three polypeptides unique to the embryogertic callus were detected after 
one week in secondary culture. These were resolved on IEF/SDS two-dimensional 
gels. 
Since these polypeptides are only present in embryogenic callus, and not in 
either non-embryogenic, or organogenic cultures, they have been tentatively 
identified as the "embryogenic proteins", and may be potentially useful as 
biochemical markers for studies on somatic embryogenesis in A. tha/iana 
2O3 
Conclusions to Chapter Three 
As a summary of this chapter, the main points drawn from the experimental 
results presented in Parts I and II are brought together to enable a comparison to 
be made between in vivo and in vitro embryogenesis. Several conclusions have 
also been reached and these are listed. 
The development of the zygotic embryo of A. thaliana is typical of the 
Cruciferae, strictly following a sequential pattern of segmentation and attaining 
maturity 14 days from anthesis. 
Tissue and cell cultures have been established from different parts of 
A. thallana By manipulating the growth regulators in the culture medium, various 
forms of in vitro morphogenesis including root and shoot formation, somatic 
embryogenesis and plant regeneration have been achieved. 
Two pathways of somatic embryogenesis have been observed: either from 
embryoidal masses developed from seedling-derived callus, or as individual 
embryoids which arise from callus derived from zygotic embryos. Both forms of in 
vitro embryogenesis are by indirect induction from IEDCs via callus cultures. 
Induction and development of embryoidal masses and individual embryoids involve 
different pathways and different "hormonal" regimes, but as a general rule, the 
removal of 2,4-D from the primary cultures is essential to both embryogenic 
pathways. 
Somatic embryos mimic some of the developmental 'stages of zygotic 
embryogenesis, and can grow  normally into plants. However, they show certain 
abnormalities in growth, morphology and structure compared with in vivo embryos. 
Ultrastructurally, there is a progressive differentiation and development of 
plastids and mitochondria which takes place in the cells of developing zygotic 
embryos. Changes in ribosomal density and configuration are also observed during 
zygotic embryogenesis. The typical features of transfer cells-- wall ingrowths and 
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projections, and plasmodesmata in the basal cells and suspensor cells are 
prominent. These features are not found in the cells involved in somatic 
embryogenesis. The subcellular structure of the cotyledon cells of somatic embryos 
are similar to that of zygotic embryos. These cells are filled with reserve 
organelles-- oil bodies and protein bodies, which function as nutrient stores. 
Zygotic embryogenesis can be divided into two major developmental 
phases: an early phase of rapid cell division and differentiation, and a second phase 
of expansion growth, reserve deposition and embryo maturation. 
Both qualitative and quantitative changes in proteins of ovules occur during 
embryogenesis. Some minor changes in polypeptide composition of the soluble 
protein fraction of developing ovules have been studied using sensitive IEF/SDS 
two-dimensional PAGE. This technique has also been used to detect the 
"embryogenic proteins" specifically present in potentially embryogenic callus. These 
"embryogenic proteins" may be useful as biochemical markers in studying the 
conversion of non-embryogenic into embryogenic cultures. The biological function 
of these "embryogenic proteins" is not known. 
The major seed storage proteins in A. thal/ana have been purified and 
characterized. They are the 12s and 1.7s globulins similar to those commonly found 
in other dicotyledons. Seed storage proteins are deposited in a special kind of 
organelle-- the protein bodies which have a vacuolar origin. 
Both zygotic and somatic embryos accumulate the same seed storage 
proteins. In zygotic embryogenesis the storage proteins are synthesized and 
accumulated within a well-defined and predictable period of time (11-14 DAF). The 
accumulation of storage proteins during somatic .embryogenesis does not occur 
until the embryoids reach the cotyledonary stage which is comparable to a zygotic 
embryogenic stage of 12 DAF. Therefore, seed storage proteins can be regarded as 
developmental markers for both forms of embryogenesis. 
The meristematic centres in nodular callus play a key role in callus 
proliferation and differentiation. These meristematic centres are able to undergo 
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Active division to give rise to more nodular callus, or organize into root or shoot 
primordia depending on the culture conditions. Similar meristematic centres also 
exist in compact green embryogenic callus, and show the characteristic features of 
embryogenic cells in culture. These meristem-like cells are actively involved in the 
induction of somatic embryogenesis. Various pathways of in vitro morphogenesis in 
tissue cultures of A. thallana, as well as the culture requirements for these 
morphogenetic processes are summarized and presented in Figure 3.1. These results 
support the idea of a "single organogenetic pattern" proposed by Wicart at al. 
(1984). This hypothesis holds that the proliferating primordia or meristemoids in 
tissue cultures are responsible for all the regenerated structures such as root, 
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CHAPTER FOUR : DISCUSSION 
The studies described in this thesis have shown that somatic cells of 
A. tha/ia,ia have the ability to regenerate whole plants when placed under the 
appropriate culture conditions. The totipotency of these cultured cells is best 
expressed by the initiation and development of somatic embryos leading to the 
formation of viable plants. The whole process from the induction of potentially 
embryogenic cells to the expression of this potential during embryoid development 
and plant regeneration involves a complex series of changes in gene expression 
which determine the metabolic and physiological activities of the cells. This has 
been achieved in the present investigation by manipulating and controlling the 
culture conditions, chiefly the levels of added growth regulators both in primary 
and secondary cultures. Some knowledge of the pathways of in vitro 
morphogenesis in tissue cultures, and some information concerning the coordinated 
biochemical events associated with somatic embryogenesis have also been 
obtained. Zygotic embryogenesis, on the other hand, proceeds in an orderly fashion 
providing a model system for the investigation of the development and 
biochemistry of the embryo from which comparisons can be made with somatic 
embryogenesis. It is hoped that in a general sense, the research reported in this 
thesis has contributed, in a small way, to an understanding of the principles and 
mechanisms governing the processes of both in viva and in vitro embryogenesis in 
higher plants. However, many of the questions posed in the Introduction (Chapter 1) 
of this thesis about the developmental processes involved in the formation of a 
mature embryo from either a zygote or a somatic cell remain unanswered. Indeed, 
rather, more questions have been raised than answered. Considerable amount of 
research in the fields of the physiology and molecular biology of cell differentiation 
await to be completed before a comprehensive picture of embryogenesis in higher 
plants can be drawn. Only in this way can an effective means of controlling in 
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.vitro embryogenesis be achieved. 
In this discussion emphasis is placed on the structural, physiological and 
biochemical changes which accompany both forms of embryogenesis in A. thal/ana, 
and comparisons are made. 
Cellular and subcellular features which relate to the special 
functions of cells in embryogenesis 
a. Polarity in the cytoplasm of the zygote 
A pronounced characteristic of the fertilized egg, the zygote of A. thallana, is the 
non-uniform distribution of its cytoplasmic contents, as shown in Figure 3.1.13 
which is a light micrograph of a section of a young ovule soon after fertilization. It 
can be seen that the cytoplasm of the zygote displays a high degree of 
heterogeneity. The large central vacuoles are all located in the basal half of the cell 
at the micropylar end of the ovule, while the upper half at the chalazal end is 
densely cytoplasmic. This polarization is presumably a preliminary stage to the 
early unequal segmentation of the zygote, and hence plays a critical role in the 
early differentiation of the embryo. This first unequal division of the zygote gives 
rise to a large basal cell and a small terminal cell which are similar in appearance 
to the micropylar and chalazal halves of the zygote, respectively. (compare Fig. 
3.1.13 with 3.1.14, and Fig. 3.1.26 with 3.1.27). The basal and terminal cells will of 
course play different roles in the later development of the embryo, and are destined 
to give rise to the suspensor and the embryo proper respectively. 
Working on cotton embryogenesis, Jensen (1968) has observed the 
establishment of polarity in the zygote after fertilization at the ultrastructural level. 
In cotton the first sign of polarization in the zygote was the aggregation of plastids 
and mitochondria around the nucleus, which was located at the chalazal end of the 
cell. Also, helically arranged polysomes moved to this part of the cell and became 
grouped around the plastids and mitochondria. Later on, starch grains accumulated 
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at the chalazal end while the micropylar end of the cell was occupied by one or 
more vacuoles, thus establishing a highly polarized zygote. In Capse/la, a similar 
polarity in the unsegmented zygote was also observed, and this distribution in the 
cytoplasmic components was accompanied by a corresponding gradient in the 
distribution of RNA as revealed by cytoplasmic staining (Schulz & Jensen, 1968). 
The study carried out in this thesis with A. thaliana confirms what is already 
known throughout the angiosperms that the polarization of the zygote is an 
essential prerequisite for the subsequent highly determined segmentation of the 
zygote leading to the formation of an organized pro-embryo. 
On the other hand, the polarity of embryogenic cells in tissue and cell 
cultures has never been reported, even in those cases where early divisions of the 
embryogenic cells strictly follow the pattern of their zygotic embryogeny. In this 
study, the embryogenic cells within the compact green embryogenic callus of 
A. thaliana have been shown to exhibit certain characteristics typical of the features 
of the embryogenic cells in higher plants, such as active division, dense cytoplasm 
with obvious cytoplasmic strands, and large nuclei with prominent nucleoli (Figs. 
3.6.16-3.6.18). However, these microscopic investigations have not shown any sign 
of polarity of the cytoplasm within these embryogenic cells. Therefore, it would be 
important to discover the mechanism which determines how these cultured cells 
divide in a similar way to their counterparts in viva At the present state of 
knowledge, we are not in a position to answer this question. Nevertheless, some 
points have arisen which suggest there may be a causal relationship between the 
environment of the cells and their embryogenic property, one of these being the 
position of the embryogenic cells in the tissues. 
In tissue cultures of A. thallana, the formation of embryolds appeared to start 
with the division of superficially located embryogenic cells in callus induced from 
isolated zygotic embryos, as shown in Figures 3.6.17 and 3.6.18. The position of an 
early globular pro-embryoid formed on the surface of the callus (Fig. 3.6.19) implies 
the superficial origin of the embryoids. In many other tissue culture systems, 
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somatic embryos have also been reported to arise from epidermal cells of the 
explants by direct induction (Konar et a/., 1972; Maheswaran & Williams, 1985), or 
from cells located at the surface of the cell clumps or callus in indirect induction 
(Banerjee & Gupta, 1976; Pareek & Chandra, 1978; Matsuoka & Hinata, 1979). Here 
the position of the embryogenic cells in the tissue appears to be critical since the 
cells situated inside the callus usually do not form embryoids. On the other hand, a 
contrary observation has been reported by Rao and Narayanaswami (1972) in their 
callus cultures of Tylophora id/ca They found that only those embryogenic cells 
deeply embedded within the callus parenchyma underwent a pattern of 
segmentation and development resembling the zygotic embryogeny typical of the 
species, whereas those in the superficial layers of the callus showed an entirely 
different sequence of embryogenesis. Whatever the reasons for this diversity, it 
would seem that the position and location of the cells may have some influence in 
determining their pattern of division and differentiation. 
Another argument which is relevant here is the possibility of the existence of 
diverse cell types in embryogenic tissues which might have the same effect on 
somatic embryogenesis as cytoplasmic polarity of the zygote has on in viva 
embryogenesis. This suggestion is based on the observation that embryoids always 
arise from small cytoplasm-rich cells with large nuclei which structurally resemble 
the chalazal half of a zygote, or the terminal cell of a 2-celled pro-embryo. In 
contrast, the large vacuolate cells of the callus are similar to the basal cell of the 
pro-embryo (compare Figs. 3.6.17 & 3.6.18 with Figs. 3.1.13 & 3.1.14). In zygotic 
embryogenesis the basal cell is known to form a suspensor and does not 
participate in the development of the embryo proper. Since somatic embryos 
usually lack a structure comparable to the suspensor present in the zygotic embryo, 
the ontogeny of somatic embryogenesis appears to be restricted to what happens 
to the terminal cell in zygotic embryogenesis. One inference that might be deduced 
from this is that the formation of embryogenic cells by partitioning from 
parenchyma cells within the cultured tissues fulfills the same function in somatic 
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embryogenesis as the unequal division of the polarized zygote in embryogenesis in 
viva 
b. Structures associated with the absorption and translocation 
functions of embryonal cells (transfer cells) 
Another distinct feature observed in early zygotic embryogenesis is the presence of 
special subcellular structures in the cells of young embryos, i.e., the cell 
wall-membrane apparatus (wall ingrowths and projections) in the basal and terminal 
cells of the pro-embryos. As shown in the electron micrographs of young ovules, 
the inner wall of a basal cell of a 2-celled pro-embryo possesses numerous 
finger-like protuberances near the micropylar end where the cell wall is in contact 
with the integument tissues (Fig. 3.1.26). Similar structures were detected on the 
outer surface of the walls of the terminal cell but here the wall projections were in 
direct contact with the liquid endosperm in the embryo sac (Fig. 3.1.27). This cell 
wall-membrane apparatus is a special form of the secondary wall, and has been 
identified as a common characteristic of transfer cells which are associated with 
the absorption and translocation of substances across the walls of cells, according 
to Pate and Gunning (1972). The assumption that the larger the surface area of the 
plasma membrane, the greater the potential flux across the membrane is plain and 
logical, and has been experimentally confirmed (Dick et al., 1970). The area of the 
plasma membrane is greatly increased through the formation of wall ingrowths or 
protuberances in typical transfer cells in order to intensify the absorption (or 
secretion) ability of the cells. It can be seen in cells of the young embryos of 
A. rhallana, the points at which the wall ingrowths and wall projections form are 
closely related to the absorption function of these cells, as demonstrated in Figures 
3.1.26 and 3.1.27. It is believed that the nutrients for the young pro-embryo in 
dicotyledons are supplied mainly from the peripheral tissues such as the 
integuments of the ovule, and the basal cell and suspensor cells may have an 
absorption and translocation function for this supply of nutrients. The finding that 
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the wall ingrowths are only developed in regions of the cell wall of the basal cell 
directly in contact with integument cell walls is consistent with the assumption that 
this wall apparatus has an absorption function. Similarly, the wall projections found 
along the surface of the terminal cell (Fig. 3.1.27) may have the same function in 
order to absorb nutrients from the liquid endosperm for the growth of the 
pro-embryo. This specifically localized development of wall ingrowths has also 
been reported in Phaseolus coccineus suspensor cells (Yeung & Clutter, 1978). 
These authors noticed that wall ingrowths are best developed in those regions in 
which the suspensor abuts onto the integumentary tapetum, and these ingrowths 
are also formed predominantly on the basal side walls of the suspensor cells at a 
later stage. By using the TEM it can be shown that the development of wall 
ingrowths is in close association with the activities of a number of organelles, 
particularly the ER and dictyosomes. Smooth ER has been observed to lie close to 
wall ingrowths and appeared to be continuous with the plasmalemma (Yeung & 
Clutter, 1979; Schulz & Jensen, 1977). Dictyosomes are also seen in the vicinity of 
developing ingrowths (Schnepf & Pross, 1976). Other organelles such as 
microtubules (Jones & Northcote, 1972; Cass & Karas, 1974) and 
plasma lemmasomes (Jones & Nothcote, 1972; Letvenuk & Peterson, 1976) were also 
found associated with wall ingrowths in transfer cells. Yeung and Clutter (1979) 
also showed that accompanying the formation of wall ingrowths in suspensor cells 
of the P. coccineus embryo, there was a concomitant increase in the number of 
mitochondria and a change in their distribution so that most were positioned in 
proximity to the ingrowths. This may be related to the energy requirement for the 
transport of solutes across the plasmalemma. All of these observations have led to 
the suggestion that the special cell wall-membrane apparatus found in the basal 
and suspensor cells in the young embryos of a number of plants play active roles 
in the absorption and transport of nutrients during early embryogenesis. 
In addition, the distribution of plasmodesmata in the suspensor cells of young 
embryos of A. tha//ana was shown to be atypical. As illustrated in Figures 3.1.30 
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and 3.1.31 which show a filamentous suspensor of a few cells, large numbers of 
plasmodesmata are present in the end walls connecting the adjacent cells, but they 
are not present in the side walls of the same cells. This strongly suggests a 
translocation function for these suspensor cells. A similar distribution of 
plasmodesmata has been shown in suspensor cells of many plants (e.g., Newcomb 
& Fowke, 1974; Newcomb, 1973; Schulz & Jensen, 1969). Although the functions of 
the suspensor have been debated for years, the observations made with A.tha/iana 
and other plants support the view of Schulz and Jensen that the suspensor 
functions as a channel for the conduction of nutrient materials to the developing 
embryo. 
Generally speaking, in embryoids formed adventitiously, a structure 
corresponding to a suspensor is absent, however, in a group of cells destined to 
produce somatic embryos, a distinction can be made between a dividing 
embryogenic cell and a non-dividing suspensor-like cell, as in the case of 
embryogenic carrot cell suspension cultures (Halperin & Jensen,1967). It would be 
interesting to find out if these features typical of transfer cells are displayed in the 
cells of adventive embryoids, although no strong evidence for this can be found in 
the literature. However, in an ultrastructural study of embryoid formation in tissues 
of Ranunculus sce/eratu Konar et at (1972) showed that the walls of the 
embryogenic cells were initially rich in plasmodesmata but as the embryoids 
developed, the cytoplasmic continuity with the cells of the embedding tissue was 
severed. The actual function of these plasmodesmata is uncertain. 
c. General changes in subcellular structure during zygotic embryogenesis 
Generally, the distinction between the terminal cell and the basal cell of a 
developing pro-embryo is due to the non-uniform distribution of the cytoplasm 
which is preceded by the unequal division of the zygote. Consequently, the terminal 
cell is rich in organelles such as mitochondria and plastids (Fig. 3.1.27) whereas the 
basal cell is much more vacuolate (Fig. 3.1.26). This situation is maintained up to 
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the globular embryo stage at which the cells of the embryo proper have a greater 
ribosome density and are less vacuolate than the cells of the suspensor (Fig. 
3.1.33). On the otherhand, the subcellular differences between the cells of different 
regions of the embryo proper are not discernible until the end of the globular stage 
when tissues have differentiated and become specialized within the embryo. As can 
be seen from Figure 3.1.33, in a 16-celled globular embryo, the cells of the 
protoderm layer which have just been formed, appear similar to those cells in the 
ground meristem. These observations are in good agreement with those made with 
other species, e.g., cotton (Jensen, 1964) and Capsella (Schulz & Jensen, 1968a,b). 
Schulz and Jensen (1968a) have attempted to relate the uniformity of the cytoplasm 
in the cells of different regions of the embryo, to the differentiation patterns of 
embryonic cells and proposed that the cells at this stage are still totipotent and not 
yet determined in their future course of development. They further speculated that 
more subtle differences such as the position of a cell in the embryo and its 
relationship to the centres of hormone production, will determine the pattern of 
differentiation of a cell. 
In A. thallana, an increase in ribosome density and in the ER profile was seen 
during the early phases of embryogeny up to the late globular stage. 
Subsequently, the density of ribosomes appeared to decline. Ribosomal aggregation 
also occurred in the embryos at 8 DAF and later (Figs. 3.1.36-3.1.38). The changes 
in ribosome density and configuration in the cytoplasm are presumably correlated 
with the metabolic activities of the embryonic cells, since in Capse/la, the 
appearance and increase in the number of polysomes in early embryogeny is 
thought to represent the interaction of mRNA with the ribosomes in the formation 
of a functional protein-synthesizing system (Schulz & Jensen, 1968b). This is also 
apparent when the embryo embarks upon autotrophic growth at the heart-shaped 
and later stages (Schulz & Jensen, 1968a). It is not clear how the ribosome density 
and aggregation, as well as the change in ER profile, relate to the metabolism and 
protein synthesis in the embryo of A. tha//ana 
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The ultrastructure of somatic embryogenesis has not been intensively studied, 
and only a small amount of work in this area has appeared in the literature (e.g., 
Halperin & Jensen, 1967; Vijicic et al., 1976). More work awaits to be carried out to 
demonstrate the ultrastructural aspects of embryogenic cells and their function in 
relation to the induction and development of embryoids. 
2. Protein changes and physiological events during zygotic embryogenesis 
a. Developmental phases in zygotic embryogenesis 
Zygotic embryogenesis and seed formation in dicotyledons have been customarily 
divided into developmental phases according to the major biochemical and 
physiological events which take place. In this thesis, zygotic embryogenesis in 
A. t/iallaaa has been divided into two phases. Up to 12 DAF, the main events are 
the rapid growth of the ovules and embryos as a result of cell division and 
differentiation. Tissue specialization and organ formation are also completed in this 
period of time. After 12 DAF and until full maturity of the seeds is attained (up to 
18 DAF), the bulk of the reserve materials accumulates, and reserve organelles are 
formed in the cotyledon cells, and the seeds become desiccated. It therefore 
appears that 12 DAF is the point at which the first phase of cell division and 
differentiation comes to an end, and a second phase of embryo maturation and 
reserve deposition begins. Experimental evidence from studies on the changes in 
protein content in developing ovules (Fig. 3.2.1), and SDS-PAGE analysis of total 
protein changes during seed development (Fig. 3.2.2) revealed the pattern of protein 
accumulation in seeds. From the electron microscopic study of protein body 
formation (Section 3.1.3), together with the immunochemical detection of one of the 
two seed storage proteins in cotyledon cells (Section 3.3.5), it is clear that a large 
scale build-up of reserve protein takes place in cotyledon cells during the second 
phase of embryogenesis starting from 12 DAF, although a trace amount of storage 
protein may be deposited as early as 10 DAF (Figs. 3.1.39 & 3.1.40). Lipid deposition 
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occurs earlier than protein accumulation as the first appearance of oil body has 
been detected in a TEM section of an embryo 8 DAF (Figs. 3.1.36-3.1.38). Indeed, 
the accumulation of reserve materials in the later phase of embryogenesis is 
commonly observed in the majority of dicotyledonous plants (Dure, 1975). 
It is clear from this study that the time course of embryo development in A. 
tha//ana is basically similar to that in legumes and other dicotyledonous species 
(see summary diagram, Fig. 4.1). Bain and Mercer (1966) have studied the 
anatomical, submicroscopical and physiological changes during a 54-day period of 
seed development in P/sum sat/vum and identified four developmental phases--
cell formation, cell expansion, synthesis of storage reserves, and maturation. They 
showed that each phase was characterized by the distinctive physiology and 
subcellular organization of the embryo. Flinn and Pate (1968), working on another 
species of P/sum (P. arvens&, found it convenient to divide embryogenesis, which 
takes about 55 days, into three phases, while Smith (1973), concentrating on the 
development of cotyledons of the same species, preferred a division into two 
phases: an initial phase of cell division and differentiation, and a phase of reserve 
accumulation. However it is divided, zygotic embryogenesis seems, within the same 
species, to follow a developmental schedule with a strict sequence of events 
leading to seed maturation. 
Studies of the time course of embryogenesis have established the basis of 
this complex morphogenetic process, which may be used for further studies. 
Moreover, some curious and interesting facets deserve more attention in future 
research, for example, as seeds are known to be a rich source of phytohormones, 
what is the role of these phytohormones in controlling and regulating the precise 
timing of the events in embryogenesis? Also, what factors cause the young embryo 
to grow and develop normally in viva, rather than to germinate precociously as 
they do when excised? 
b. Do "embryogenic proteins" exist in developing embryos and 
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embryogenic tissues? 
In this thesis, experiments have been carried out to analyse qualitative changes in 
proteins and their polypeptide composition in developing ovules, as well as in 
embryogenic cultures. Attempts have also been made to relate particular changes 
in protein, to both in vivo and in vitro embryogenesis. 
If there are proteins which are present in developing embryos and/or 
embryogenic tissues but absent from non-embryogenic tissues, there is a 
possibility that some morphogenetic function may be associated with these 
proteins. The presence of such embryogenic proteins would provide biochemical 
markers with which to indicate or forecast the embryogenic potency of tissues 
induced to become embryogenic but not showing the structural events. For this 
purpose, polyacrylamide gel electrophoretic techniques have been employed to 
provide a detailed analysis of the protein composition of induced and non-induced 
callus cultures, as well as ovules at different stages of zygotic embryogeny. 
It is reasonable to suppose that the majority of proteins, both enzymic and 
structural, will be the same in all callus tissues, and this also applies to ovules at 
different developmental stages. Indeed, this assumption was confirmed by studies 
with PAGE. By comparing both 1 D and 2 0 gels of proteins of different tissues, it 
can be seen that embryogenic and non-embryogenic callus have essentially the 
same protein composition (see Fig. 3.7.6, and Figs. 3.7.7 & 3.7.8). However, there are 
some small differences and these are intriguing and tempt speculation. Two 
proteins separated by SIDS-PAGE (Bands I & II) were found to be specific to 
embryogenic callus which had grown in secondary culture for 3 weeks (Fig 3.7.6). A 
few polypeptides unique to the embryogenic callus were resolved by IEF/SDS 
2-dimensional PAGE much earlier during secondary culture (1 week after transfer to 
2,4-0 medium). These components have been putatively identified as 
"embryogenic proteins" in A. thaliana (Section 3.7.2). However, it should be pointed 
out that the term "embryogenic proteins", when used in the present circumstance, 
means nothing more than "the proteins which are coincidently present in 
embryogenic callus", since the role and biological function of these proteins in 
embryogenesis have' not yet been characterized. More work will be needed to verify 
that these "embryogenic proteins" which have been detected in callus cultures of 
A. tha//ana are functionally related to, or required for embryogenesis. 
In a similar investigation, Choi and Sung (1984) demonstrated that in carrot 
suspension cultures, the cells kept in 2,4-D medium and cultures 15 days after 
transfer to 2,4-D medium possessed proteins unique to each of the two different 
cultures. Since the culture grown in 2,4-D medium was non-embryogenic, while 
that in 2,4-D medium was composed of a mixture of embryoids of different stages 
(globular, heart- and torpedo-shaped), these different proteins contained in these 
two cultures were termed "callus-specific" proteins (Sung & Okimoto, 1983) and 
"embryonic proteins" (Sung & Okimoto, 1981), respectively. These authors reached 
the conclusion from this evidence that the "callus-specific" and "embryo-specific" 
proteins are coordinately regulated traits (Sung et at., 1984). In this thesis, however, 
no "callus-specific" proteins were detected in non-embryogenic callus of 
A. tha//ana Besides, it should be emphasized that the "embryogenic proteins" in the 
callus of A. tha//ana are different from the "embryonic proteins" in carrot cultures 
because the former is a biochemical change prior to the development of embryoids 
marking the transformation of the culture from a non-embryogenic to an 
embryogenic state, while in the latter case, "embryonic proteins" represent unique 
components in developing embryoids (Sung & Okimoto, 1981; Choi & Sung, 1984). 
Another noteworthy point is that the "embryogenic proteins" reported in this 
study were not detected in the ovules during zygotic embryogenesis on IEF/SDS 2 
D gels (Figs. 3.2.3-3.2.8). If the presence of "embryogenic proteins" represents a 
specific biochemical indication of the embryogenic tendency, they should have 
appeared during the early stages of zygotic embryogenesis as well. One possible 
argument could be that the tissues actually involved in the early stages of zygotic 
embryogeny (pro-embryos and endosperm tissues) account for only a small 
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Proportion of the total ovule so that the "embryogenic proteins" are not detected 
with the present approach. Clearly, much more research must be done to answer 
the question: do "embryogenic proteins" really exist? Nevertheless, the recognition 
of these specific proteins appears to be a promising step towards unravelling the 
mechanism of the induction of embryogenesis. Despite these uncertainties, these 
proteins may be useful as biochemical markers for the recognition and selection of 
potentially embryogenic cultures. 
3. Seed storage proteins in relation to embryogenesis 
a. Seed storage proteins as markers for embryo/embryoid 
development 
The attractiveness of seed storage proteins as subjects for studies of gene 
expression and protein synthesis is readily apparent, not only because they provide 
an important source of nutrients for humans and animals, but also because of the 
unique feature of their synthesis representing a one-time expression of a few 
genes at a fixed point in the plant life cycle, and a massive translation of these 
gene products over a short period of time (for details, see Section 3.3.1). 
Results 	from 	the experiments performed in 	this 	thesis 	indicate 	that 	in 
A. thai/aria, seed storage proteins are synthesized and accumulated at a fairly late 
stage of zygotic embryogenesis. It has been established that large scale 
accumulation of storage proteins starts at 12 DAF, and by 14 DAF the protein 
bodies are fully developed and filled with proteinaceous material as shown by 
conventional TEM (Section 3.1.3) and protein A/gold immuno-TEM technique 
(Section 3.3.6). By using a very sensitive immuno-probe, the earliest detectable 
accumulation of the 12s protein is 11 DAF (Section 3). Although evidence from 
ultrastructural and immuno-TEM studies of protein bodies implies that protein 
deposition in the cotyledon cells may start at 10 DAF, however, only an insignificant 
amount is present at that time. From this, a conclusion can be drawn that the 
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accumulation of storage protein in A. t/iallana occurs in a well-defined and 
relatively short period of time (11-14 DAF) within a total period of about 18 days 
for the maturation of the seed. This fact restricts the use of storage proteins as 
developmental markers to only the late stages of embryogeny in this species. 
However, the possibility of the earlier synthesis and accumulation of the other 
major storage protein cannot be ruled out because in the present investigation, 
only the 12s protein has been used as an immuno-probe. Indeed, it is possible that 
the synthesis of another protein species (1.7s) occurs earlier in embryogeny, since 
it has been shown in soybean that the synthesis of the 2.2s protein precedes that 
of the other two storage proteins (7.5s & 11.8s) (Hill & Breidenbach, 1974b), 
however, this remains to be elucidated in A. thallana 
Further, it is also possible that different subunits of the storage proteins may 
accumulate at different rates as described for conglycinin, the 7s globulin in 
soybean (Gayler & Sykes, 1981; Meinke et al., 1981). The fact that in different 
species, the storage proteins characteristic of the species are synthesized at 
different rates at different stages of seed development suggests that these proteins 
may yet be useful as biochemical markers during emb'ryogenesis. 
Recently, studies on the synthesis of seed storage proteins with respect to 
their mRNA synthesis and turnover have appeared, and some of the work has 
shown that these mRNAs are synthesized and accumulated at the beginning of 
embryogeny (Boulter, 1981; Goldberg et at., 1981; Evans et al., 1984). These mRNAs 
are long-lived and kept at a constant level. Indeed, in some cases they can even 
survive until seed dehydration (Mori et al, 1978). From this it would appear that the 
regulation of storage protein synthesis is at the translational level rather than at 
the transcriptional level. 
As somatic embryogenesis is a parallel process to zygotic embryogenesis, the 
accumulation of seed storage proteins may be expected in somatic embryos. In 
this study, it has been shown that the storage proteins are synthesized and 
accumulated in embryoids of A. tha/fana at a particular stage of the development 
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.(the cotyledonary stage) as in zygotic embryogeny (Section 3.7.1). So far little 
attention has been paid to the synthesis of storage proteins in developing somatic 
embryos. In 1974, Jones et at. observed that storage protein accumulated in 
somatic embryos of the oil palm. Cross et al. (1981) also reported the presence of 
storage protein during somatic embryogenesis in Zea maya These finding are 
important because they suggest that storage proteins can also serve as 
developmental markers during somatic embryogenesis. 
b. Protein bodies: structure and origin 
Seed storage proteins are deposited in a special kind of organelle-- the protein 
bodies. These substructures are single membrane-bound, often nearly spherical in 
shape varying in size from 0.1-22 pm in diameter (Ashton, 1976). The structure, 
origin and chemical composition of protein bodies have been extensively studied in 
a variety of plants and frequently reviewed (e.g., Pernollet, 1978; Lott, 1980; Boulter, 
1983). A comprehensive knowledge of their formation and degradation, as well as 
the changes in their chemical composition during seed development and 
germination is available (Lott & Buttrose, 1978; Lott, 1980). 
The structure of protein bodies in the seeds of A. t/iallana is comparatively 
simple. They are large, near-spherical vacuole-like structures, surrounded by 
numerous oil bodies and are present in the cells of a mature embryo - (Fig. 3.1.42). 
The proteinaceous nature of the content of the protein bodies has been confirmed 
by immunolocalization of the 12s storage protein inside the protein bodies (Section 
3.3.6). The protein bodies in the cells of somatic embryos are structurally similar to 
those in zygotic embryos, except that the proteinaceous matrix in the protein 
bodies exhibits a meshwork-like structure (Fig. 3.7.2). However, it is not certain 
whether this is a structural diversity inherent in somatic embryos, or whether it is 
due to the incomplete deposition of protein at the time the embryoids were fixed, 
since it is difficult to compare precisely the corresponding developemntal stages 
between somatic and zygotic embryos. Also, no globoid and crystalloid inclusions 
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were detected in the matrix of the protein bodies of either zygotic or somatic 
embryos. However, it cannot be concluded with certainty whether or not the 
simplicity in protein body structure is a species-specific characteristic of A. tha//ana 
before a large number of cells have been examined, because according to Lott 
(1980) the structural complexity of the protein body can differ between individuals 
of one species, and even between different cells of a cotyledon. 
The origin and ontogeny of the protein bodies, and the means of transport of 
protein within the cell still remain highly controversial. Generally, the work done 
with different plant materials supports one or other of the following hypotheses: a). 
a vacuolar origin in which storage proteins are synthesized in the cytoplasm and 
then sequestered in vacuoles, b). an ER origin in which the protein bodies are 
formed from specialized regions of the endoplasmic reticulum, and c). a plastid 
origin in which the proteins are synthesized within the storage organelles and 
packed in situ. 
The electron micrographs presented in Section 3.1.3 clearly show the vacuolar 
origin of the protein bodies in A. thallana seeds. From these photographs, a gradual 
deposition of storage protein inside the vacuoles over the period of 10 to 14 DAF 
can be seen (Figs. 3.1.39-3.1.42). However, as yet there is no information 
concerning the site of synthesis of the storage proteins, and the means by which 
they are channeled into protein body-forming vacuoles. Lott (1980) has listed a 
number of possibilities concerning the routes of intracellular transport of storage 
protein, including a). direct connection from ER to vacuoles, b). transported by 
dictyosome (Golgi) vesicles, c). transported by vesicles derived from ER 
membranes, and d). release of protein into cytoplasm with subsequent uptake of 
protein by the developing protein bodies. It remains to be seen if one or more of 
these means of transport applies to the protein body formation in A. thallana Use 
of the protein A/gold procedure for ultrastructural immunolocalization of the 
storage protein described in Section 2.6.2 could provide a promising approach to 
the study of the synthesis, transport and sequestration of storage proteins. 
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c. Biosynthesis, characterization and subunit structure of 
storage proteins 
In this thesis, the major storage proteins present in the seeds of A. t/iallana have 
been isolated using molecular seiving gel filtration, and their basic properties and 
composition characterized in various gel electrophoretic studies (Section 3.3.2). The 
results of these experiments provide convincing evidence that the two major 
storage proteins accumulated in the seeds of A. thallana are the 12s and 1.7s 
globulins equivalent to those commonly found in legumes and many other 
dicotyledonous species. The polypeptide composition and molecular weights of the 
constituent polypeptides, as well as the charge properties of these two globulins 
have been shown to be very close to that of other related cruciferous species. A 
comparison between the storage proteins in A. tha//ana and other crucifers is made 
in Table 4.1 which demonstrates that the major features of the Fraction I and II 
proteins in the seeds of A. tha//ana are in general accordance with the properties of 
the seed storage proteins in Brass/ca napus and Raphanus sat/vus 
Some preliminary considerations of the subunit structure and molecular 
configuration of the 12s legume-like protein in A. thaliana have been made (Section 
3.3.3). While this work has provided essential and useful information about the 
biochemistry of the storage proteins in A. Malian,?, however, they should only be 
regarded as preliminary and incomplete from a molecular point of view. The 
characterization of the two major storage proteins was restricted only to their 
constituent polypeptide composition as resolved on SDS-PAGE and IEFISDS 2 D 
gels, and therefore the data presented in this thesis do not provide sufficient 
information for the establishment of the oligomeric configuration and subunit 
structure of these two proteins. 
Because of the importance of storage proteins as a model for studies of plant 
gene expression and regulation, they have been receiving attention from molecular 
biologists, and a great deal of research has been published on the biosynthesis, 















12s Neutral Single diffuse 	Single diffuse 6 34,31, 
band. 	 band. 29,28, 
19-20. 
1.7s > 	8.8 No band. 	 3 bands. 3 10-12. 
napus [ 1 ] 
12s Neutral 	Single diffuse Single diffuse 	5 20-32. 
glyco- band. band. 
protein[ 3] 
1.7s .11.0 	[411 	No band. One band. 	 2 4, 	9. 
R. sativus [2] 
12s Neutral 5 33,32, 
29,23, 
21. 
1.7s Basic 3 10-12, 
7. 
References: 
[1]. Crouch & Sussex, 1981. 
[21. Laroche et al., 1984. 
[31. Goding etal., 1970. 
[4]. Lonnerdal & Janson, 1972. 
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co-translational and post-translational modification and processing of the 
consti, ient polypeptides, as well as their molecular and subunit structure (for 
reviews, see Millerd, 1975; Larkins, 1981; Higgins, 1984; Pernollet, 1985; Muntz et al., 
1985). It is now known that seed storage proteins are encoded by multigene 
families, and their biosynthesis usually involves a complex series of modifications 
and processing both co- and post-translational before assembly. It would be 
interesting to find out the way in which these modifications are brought about in 
A. thaliana, and compare it with that of legumes and cereals. 
4. Induction and origin of somatic embryos 
a. Direct and indirect induction of somatic embryos 
Somatic embryogenesis is a process by which vegetative somatic cells (either 
diploid or haploid) divide and organize into a bipolar structure via a sequence of 
stages similar to those in zygotic embryogeny without the fusion of gametes. 
Subsequently, these bipolar embryoids can regenerate into plants. 
The induction and formation of embryoids may be either direct or indirect 
depending on whether there is an intervening callus stage. Direct embryoid 
formation is from cultured explants and indirect formation from callus tissue, cell 
suspension or protoplast cultures. Recently, a mechanism of induction of 
embryogenesis in vitro has been put forward by Sharp and co-workers (1980), and 
further elaborated by Evans et at. (1981) and Sharp et at. (1982). This hypothesis 
predicts that direct induction of somatic embryos proceeds from cells which have 
already been determined for embryogenic development prior to placement in 
culture, in other words, the cells are pre-embryogenic determined cells (PEDC), 
requiring only favourable growth conditions to allow them to proliferate and 
express their embryogenic potential. In contrast, the induction of indirect somatic 
embryogenesis requires the re-determination of differentiated cells via callus 
formation, and then the induction of an embryogenically determined state. For 
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these induced embryogenically determined cells (IEDC), hormonal regulation is 
required not only for the re-entry of cells into division, but also for the subsequent 
determination of the embryogenic state. 
The two pathways of somatic embryogenesis in A. tha//ana reported in this 
thesis, i.e., via embryoidal masses from seedling-derived callus and individual 
embryoids from embryo-derived callus, are both examples of indirect 
embryogenesis from IEDCs. Here the de-differentiation of explanted material (i.e., 
germinating seeds or mature embryos) occurs during callus proliferation in the 
presence of 2,4-D, while re-determination of some of the cells to an embryogenic 
state within the callus tissue is achieved either simultaneously with callus 
formation (embryo-derived callus), or by subculturing relatively undifferentiated 
callus through a series of media (seedling-derived callus). Development of 
embryoids and the regeneration of young plants from embryolds requires the 
omission of growth regulators from the medium. Direct embryogenesis from 
pre-embryogenic determined cells has never been observed in this species in this 
investigation regardless of the source of plant material. The reason for this is not 
certain, it could be either that the PEDCs are not present in the explanted material, 
or the culture requirements for the expression of embryogenic potential of PEDCs 
are not satisfied. The second possibility cannot be ruled out since it is apparent 
that in all cases the plant tissues begin to callus soon after they have been 
explanted even on a medium with a relatively low concentration of 2,4-D (0.5 mg/I). 
This rapid callusing might have masked the expression of these PEDCs if they exist. 
Indirect embryogenesis from callus cultures occurs only at a low frequency under 
the present experimental conditions. This is especially so in the formation of 
embryoidal masses which occurs in a sporadic manner. This sparseness in 
embryoid formation could be for two reasons, firstly failure to produce a sufficient 
quantity of IEDCs in the first place and secondly the unfavourable environmental 
conditions which prevent IECDs from a full release of their embryogenic potential at 
a later stage. Obviously, an elaborate effort needs to be made to find out the 
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requirements for both steps, as well as the interactions and interrelationships that 
must exist. The observation that in the compact green embryogenic callus, the 
"meristem-like" cell groups are present in abundance (Fig. 3.6.16), while only a few 
of them actually embark upon embryogenesis implies that it might be more 
productive to work out an effective way to persuade these potentially embryogenic 
cells to proliferate and organize into embryoids, rather than to induce them. 
One noteworthy point about the embryoidal masses reported earlier in this 
thesis is the apparent secondary nature of the embryoids formed from the primary 
leafy structures (Section 3.6.1). This has been shown to be a common feature of 
somatic embryogenesis in some plant culture systems, e.g., in Brass/ca (Sacristan, 
1982; Loh et al., 1983). It would appear that primary somatic embryos are likely to 
undergo further cycles of development in which embryoids are formed directly from 
the outermost cells of the primary embryoids. Secondary adventive embryolds may 
arise from single epidermàl cells or by multicellular budding of the primary 
embryoids. This event is often associated with the failure of the primary embryoids 
to develop as normal seedlings. In A. thallana, however, the pathway by which 
secondary adventive embryoids are initiated is not well understood and requires 
further investigation. 
Finally, from a comparison of the development of zygotic and somatic 
embryos, it is clear that in general these two processes are remarkably similar, 
especially in the later stages. However, differences in embryo size, cell number, 
morphology and the pattern of early segmentation are apparent. In addition, 
somatic embryos frequently exhibit some abnormality in structure or number of 
cotyledon, and usually lack a suspensor. 
b. Ontogeny of somatic embryos: single- or multi-cell origin? 
The question of whether somatic embryos originate from a single cell or a number 
of cells has attracted a great deal of attention for many years, and still remains 
controversial (Williams & Maheswaran, 1986). Observations made by different 
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workers can lead to conflicting conclusions. Apparently, the major difficulty lies in 
the unequivocal recognition of active embryogenic cells and tracing the early 
segmentation of these cells. 
The study on somatic embryogenesis in A. thaliana in this thesis does not 
provide convincing evidence in favour of either a single- or a multi-cell origin of 
the embryoids, nor does it provide an unequivocal base for a model of embryoid 
origin in this species. However, sufficient information has been accumulated to 
provide a tentative model using a histological approach. According to Williams and 
Maheswaran (1986), a multicellular origin appears to lead to the production of 
embryoids fused with the parent tissues over a broad area of the root pole or axis 
region, whereas a unicellular origin is more likely to give rise to embryoids 
attached by a narrow suspensor-like region. In A. tha//ana, sections through the 
secondary embryoids arising from the leafy embryoidal masses show a fairly 
well-defined outline with only a narrow contact with the parent tissues (Figs. 
3.6.4-3.6.7). In one case the residue of a suspensor-like structure has remained 
attached to a heart-shaped embryoid (Fig. 3.6.5). The relationship between the 
embryoid and the callus can be best illustrated in a section of an individual 
embryoid which has formed on an embryo-derived callus (Fig. 3.6.12) from which it 
is clear that the root apex of this embryoid has already been physically detached 
from the callus tissue. If the statement made by Williams and Maheswaran (1986) is 
of general applicability, then these observations may be taken as supporting the 
single-cell origin of somatic embryos in A. t/iallana On the other hand, 
multicellular budding is also possible, as the globular pro-embryoid is also in broad 
contact with the callus tissue (Fig. 3.6.19). 
Using both light and electron microscopy, a number of investigators have 
been able to follow the ontogeny of an embryoid from a single cell during both 
direct and indirect somatic embryogenesis. A typical example is the formation of 
embryoids from single epidermal cells of the stem of plantlets of Ranunculus 
sce/eratu.s In this study, Konar et at. (1972) showed that the embryogenic cells 
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follow a segmentation pattern typical of the Cruciferae Other plant culture systems 
in which the single-cell origin of embryoids has been identified include carrot 
(McWilliam et al., 1974; Jones 1974a), Nigella sat/va (Banerjee & Gupta, 1976), 
sugarcane (Nadar, et a/., 1978), Brass/ca oleracea (Pareek & Chandra, 1978), Solanum 
me/ongena (Matsuoka & Hinata, 1979), celery (Dunstan et a/., 1982) and maize (Kuo 
& Lu, 1984). On the other hand, somatic embryogenesis has also been 
demonstrated as multicellular budding from epidermal cells or from embryogenic 
cell aggregates in culture (Constabel et a/., 1971; Sussex, 1972; Litz & Conover, 
1983). In many other cases, the origin and ontogeny of the embryoids are unclear. 
Moreover, there is also evidence that these two origins could occur concurrently in 
the same culture system. Dunstan et al. (1978) reported that immature embryos of 
Sorghum bicolor cultured in vitro may undergo direct somatic embryogenesis, and 
some of the adventive embryoids were formed directly on the cultured embryos in 
which case the scutellum of the secondary embryoids arose by folding of the 
primary scutellum without de novo formation, while others appeared to arise from 
single cells of the primary scutellum. Similar observations have been recorded in a 
number of other plants, for example, in callus cultures of Tylophora /ndica (Rao & 
Rangaswamy, 1972) and in leaf and stem cultures of Petunia /nflata (Handro et al., 
1973). More recently, Maheswaran and Williams (1985) have produced convincing 
evidence from light and scanning electron microscopic studies of Trifo//um repens 
cultures that multicellular budding and single-cell initiation of embryoids both 
occur from the epidermis of the immature embryos. They also showed that the 
young epidermal cells exhibit features of pro-embryogenic cells and the first sign 
of embryoid induction is a shift from a regular equational division to irregular, 
periclinal and oblique quantal divisions resulting in a pro-embryonal complex. 
It is, therefore, not impossible to reconcile the single- and multi-cell origin of 
somatic embryogenesis, if we consider that in the multicellular formation of 
embryoids, the groups of embryogenic cells from which the pro-embryoids are 
organized, have a high probability of single-cell origin themselves. Indeed, even in 
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the case of carrot suspension cultures, where the single-cell ontogeny is 
authenticated, the isolated free cells always first proliferate to give rise to cell 
clumps which further organize into bipolar embryoids. In this regard; the difference 
between a meristem-like cell group capable of undergoing embryogenesis, and a 
pro-embryonal complex derived from a single embryogenic cell, in my. view, 
becomes more or less trivial. 
In agreement with the point of view put forward by Williams and Maheswaran 
(1986), it may be assumed that the origin of embryoids will be determined by the 
developmental state of the IEDCs. If embryogenic cells are isolated from each other 
when they are prepared for the embryogenic process they might act independently 
and express a pattern typical of single-cell origin. However, if embryogenic cells 
are surrounded by neighbouring cells of the same embryogenic state, the whole 
group might behave as a pro-embryonal complex and undergo multicellular 
embryo genesis. 
C. Interaction of internal and external factors in the induction 
of somatic embryogenesis 
Obviously it is not possible to present a full discussion on the factors which 
determine and control somatic embryogenesis, since there are a great number of 
factors both internal and external, known and unknown, which influence this 
morphogenetic process. Enormous efforts have been made, and are still being made 
to analyse and understand these factors, but the exact functions and interactions of 
many of these factors are still unclear and likely to remain so for the present. 
Moreover, most of the factors are apparently, to a large extent, species-specific, so 
that it is difficult to reach a generalization of their effects on somatic 
embryogenesis. Here, only a few of the major points will be considered and the 
interactions of some of these will be discussed briefly. 
As shown in this thesis, the exogenous growth regulators are the key external 
factors in inducing somatic embryogenesis in callus cultures of A. thai/a/ia The 
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synthetic auxin 2,4-D is essential for the induction of callus tissues from explanted 
material (seeds or isolated embryos), and also plays a direct role in producing 
induced embryogenic determined cells (IEDCs) in embryo-derived callus. However, a 
more elaborate "hormonal" regulation is required for seedling-derived callus to 
induce it to enter the embryogenic state. It may be noted that the physiological 
state of the callus tissue has a great influence on the subsequent pattern of 
differentiation and morphogenesis. Although morphologically alike, calluses derived 
from germinating seeds and mature embryos do show some differences in their 
responses to exogenous growth regulators. For example, the transfer of 
seedling-derived callus from a 2,4-D primary culture to a 2,4-D secondary culture 
responds by the formation of roots while embryo-derived callus turns into a 
compact green embryogenic culture (see Sections 3.5.1 & 3.6.2). This fact clearly 
indicates that the intrinsic physiological state of the callus, which may have been 
determined at the point it was induced, exerts a key role in deciding the way in 
which it responds to external stmuli (here, the growth regulators). It is apparent 
that in this situation, the morphogenetic response of the callus is a result of the 
interaction between the intrinsic tendency of the callus to differentiate, and the 
effect of the supplied growth regulators on this tendency. With respect to the 
control of somatic embryogenesis, Tisserat et al. (1979) have reached the 
conclusion that the internal state of the explanted cells is of prime importance in 
the expression of somatic embryogenesis, with the other conditions such as the 
effect of exogenous growth regulators being simply "permissive" for the expression 
of this intrinsically determined pattern of development. This concept is supported 
by Sung et at. (1984) from their research with carrot cell suspension cultures "the 
control over embryogenesis is mostly endogenous, but initially medium changes 
and cell interaction play important roles". 
To evaluate this statement, one point to be considered is whether all the cells 
in the explant are totipotent? In other words, whether they are capable of 
undergoing in vitro morphogenesis leading to the regeneration of whole plants. The 
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answer to this question will depend on the level at which totipotency of the cells is 
considered. From a genetic point of view, each cell has received a blue-print of the 
whole genome and hence is genetically totipotent, while in practice, it is becoming 
clearer that in most culture systems only certain cell types may be multiplied 
selectively and embryogenesis occurs almost exclusively in these cell types (e.g., 
Smith & Street, 1974; Konar et al., 1972). However, there is no reason to doubt that 
under the appropriate conditions, the expression of totipotency of the cultured cells 
is possible. Perhaps, the question of which of the internal and external factors is 
the primary determinant can be reduced to the question what state of 
re-programming of the genetic expression of the cells can be achieved by 
application of external stimuli so that the cells are re-determined for 
embryogenesis. Irrespective of this, however, the fulfilment of the expression of 
embryogenic potency must be regarded as an effective interaction between internal 
and external factors. 
The interaction between external factors is also important, the best examples 
of this are the requirement of a balanced supply of exogenous growth regulators 
(e.g., Sangwan & Harada, 1975), the promotive effect of a coordinate interaction 
between auxin and the nitrogen supply on embryold formation (Reinert & Tazawa, 
1969; Rao & Narayanaswami, 1972), and the interaction between the carbon and 
nitrogen elements in the medium (Fowler et al., 1982). - 
The more recent work of Brawley et al. (1984) revealed that hormones may 
interact directly with other factors such as the ionic current inside the embryoids. 
This hormone regulated ionic current directed along the developmental axis of the 
embryolds may be involved in the determination and maintenance of the polarity of 
the embryoids. 
To conclude, it is advisable to bear in mind when analysing the effect of 
various factors, both internal and external, that these factors exert their influences 
through a coordinate process, rather than by acting independently. 
232 
5. The role of meristematic tissues in determining the pattern of 
morphogenesis 
The experiments with tissue cultures in this thesis have shown that the 
nodular callus and the meristematic centres in this nodular callus play a central 
role in callus proliferation and differentiation. These meristematic centres consist of 
small densely cytoplasmic and actively dividing cells, which can proliferate to give 
rise to new nodules (Section 3.4.1), or organize into root primordia (Section 3.5.1). 
In the presence of kinetin, green nodules may develop which subsequently 
regenerate into shoots (Section 3.5.2). Although the direct relationship between 
embryold formation and the meristematic centres has not been clearly 
demonstrated, these meristematic cells are likely to be involved in somatic 
embryogenesis. Indeed, embryoidal masses were formed on callus containing many 
green nodules (Section 3.6.1). The examination of light microscope sections of the 
compact green embryogenic callus kept on 2,4-D medium revealed that this callus 
also contained meristematic centres and some of the meristematic cells were 
involved in the initiation and early development of individual embryoids (Section 
3.6.2). These experimental results suggest that meristematic centres in nodular 
callus are responsible for callus proliferation as well as being involved in 
morphogenetic events in cultures of A. t/ia/iana As a consequence of the 
differential responses to different culture conditions, the cells in the meristematic 
centres may undergo division, differentiation, or re -organization into primordia and 
embryogenic aggregates. 
The idea that adventive root and shoot regeneration is initiated from 
pre-existing meristematic tissues is supported by results from experiments with 
tissue cultures of many plant species. Regions of high mitotic activity leading to 
the formation of meristematic centres or meristemoids have been reported in callus 
of Convo/vu/us arvensis (Earle & Torrey, 1965) and tobacco (Thorpe & Murashige, 
1979), and these meristemoids gave rise to shoot primordia. In leaf and stem 
cultures of Petunia inflata the peripheral meristems organized into both root and 
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shoot primordia (Handro et a/., 1973). From their experiments with Zea mays and 
Sorghum bicolor King et al. (1978) proposed that "most reports of plant 
regeneration from cultured cereal tissues are no more than derepression of 
presumptive shoot primordia which proliferate adventiously in culture". More 
recently, Wicart et a/. (1984) have developed the idea of Wernicke et aI.'s (1982) and 
hypothesized a "single organogenetic pattern" in which they consider 
organogenesis "as a phenomenon derived from a somatic embryogenetic process." 
They assumed that the "pre-embryogenic state" of the callus, characterized by the 
presence of proliferating primordia or meristemoids, is responsible for all the 
regenerated structures such as roots, shoot buds, "bipolar tubes" and somatic 
embryos in Cyclamen pers/cum tissue cultures (Wicart et al., 1984). The results 
obtained in this investigation with tissue cultures of A. thal/ana support the 
suggestion of a "single organogenetic pattern", and the idea that different forms of 
organogenesis (shoot, root formation) are the results of differential reponses of the 
meristematic loci to external stimuli (Vasil & Vasil, 1980). 
As can be imagined, the de novo formation of organs or new plants from 
somatic cells of a mature organism must involve an alteration to the pattern of 
gene expression of these specialized cells in such a way that previously quiescent 
cells are directed into different pathways of development. Thorpe (1980) proposed 
that the process of de novo organogenesis begins with changes in --parenchyma 
cells of an explant or callus which lead to the de-differentiation of these 
parenchyma to dividing cells. He further suggested that "it is the degree of 
de-differentiation in meristematic cells that determines whether organs or somatic 
embryos are formed. This view holds that if de-differentiation is complete, embryos 
will be formed, whereas partial de-differentiation will lead to organ primordium 
formation." According to Street (1978), the meristematic or embryonal cells have a 
basic pattern of gene expression and are in such a state that if they receive the 
appropriate signals, they can embark on different pathways of differentiation, and 
each pathway involves a shift to a new specific pattern of gene expression. 
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Although this is still a theory unsupported by experimental data, it may serve as an 
explanation of the morphogenetic flexibility and diversity of differentiation 
characteristic of the meristematic centres. In addition to the degree of 
de-differentiation, other conditions such as cell-cell interaction may be required for 
a specific form of in vitro morphogenesis. As mentioned earlier the position of the 
embryogenic cells in the tissues, as well as the physiological and regenerative 
property of the neighbouring cells may affect the pattern of embryogenesis. 
In tissue cultures of A. thaliana, the meristematic centres are established as 
soon as the nodular callus is formed. Conceivably, this is a result of 
de-differentiation of the explanted tissues in response to the added 2,4-D during 
the induction of the callus. Apart from being capable of proliferating and 
re-organizing into root and shoot primordia, these meristematic centres are also 
actively involved in the induction of somatic embryogenesis (Section 3.6.2). 
Observations on light microscope sections fail to distinguish any structural 
difference between cells about to embark on different pathways of development. 
The ultrastructural and biochemical examination of these cells, however, may be 
more successful in revealing their differences. Additionally, if it is the degree of 
de-differentiation of the cells that decides the pathway of morphogenesis, then the 
morphogenetic differences between the seedling-derived and embryo-derived 
calluses in A. thaliana must be the consequence of differential responses of the 
explanted cells to the same "hormonal" treatment, i.e., 0.5 mg/I 2,4-D in primary 
culture medium. This is possible since the calluses arose from different parts of the 
explants in these two cases. In the former case, callus arose from the hypocotyls of 
germinating seeds, whereas in the latter case, it was formed from every part of the 
isolated embryos. Therefore, differences in the degree of de-differentiation can be 
expected even when these calluses are induced under the same culture conditions. 
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6. Future work 
Here is a list of areas arising directly from the results presented in this thesis, 
which might form the basis of a programme of future work. 
Efforts should be made to improve the induction frequency and yield of 
somatic embryos from cultures. This is essential because the study of a detailed 
examination of the biochemical and physiological changes which acompany somatic 
embryogenesis depends on the production of sufficient quantities of embryoids of 
different developmental stages. This would rely on the establishment of an 
embryogenic cell suspension culture for the production of large numbers of 
synchronously developing embryoids under controlled conditions similar to that 
already achieved with carrot suspension cultures. Also, the technique of plating out 
free cells in a thin layer of agar medium to produce clones of single-cell origin 
would allow a more precise analysis of the embryogenic potential of the cells in 
culture. 
Once a reliable synchronous system has been established, the following 
biochemical studies on somatic embryogenesis could be initiated: 1. Qualitative and 
quantitative changes in proteins of the embryoids at each stage of somatic 
embryogenesis, 2. The pattern of the synthesis, accumulation and deposition of 
seed storage proteins in developing somatic embryos compared with that in 
zygotic embryos. 
Attempts to establish other biochemical markers of embryogenesis should 
be continued. Apart from the relatively abundant protein markers such as storage 
proteins and "embryogenic proteins" which have received some attention in this 
thesis, could enzymes or isozymes specific to certain times in embryogenesis be 
used as biochemical markers? 
Further investigations should be made to characterize the "embryogenic 
proteins" detected in embryogenic callus, and to identify their biological function 
and the roles they play in the induction of somatic embryogenesis. Also, more 
236 
Work should be done to find Out whether these "embryogenic proteins" exist in 
tissues invived in zygotic embryogenesis. 
2377 
References 
Abe, T. & Y. Futsuhara, 1985, J. Plant Physiol. 121:111-118. 
Al-Abta, S. & H.A. Collin, 1978, Ann. Bot. 42:773-782. 
Al-Abta, S. & H.A. Collin, 1979, New Phytol. 82:29-35. 
Arcioni, S., M.R. Davey, A.V.P. DosSantos & E.C. Cocking, 1982, Z. 
Pflanzenphysiol. 106:105-110. 
Ashton, F.M., 1976, Ann. Rev. Plant Physiol. 27:95-117. 
Backs-Husemann, D. & J. Reinert, 1970, Protoplasma 70:49-60. 
Bailey, N.T.J., 1959, [Statistical Methods in Biology], English University 
Press. 
Bain, J.M. & F.V. Mercer, 1966, Aust. J. Biol. Sci. 19:49-67. 
Banerjee, S. & S. Gupta, 1976, Physiol. Plant. 38:115-120. 
Barwale, U.B., H.R. Kern & J.M. Widholm, 1986, Planta 167:473-481. 
Bassuner, R., A. Huth, R. Manteuffel & T.A. Rapoport, 1983, Eur. J. 
Biochem. 133: 321-326. 
Bendayan, M. & M. Zollinger, 1983, J. Histochem. Cytochem. 31:101-109. 
Bergmann, L., 1960, J. Gen. Physiol. 43:841-851. 
Bollini, R. & M.J. Chrispeels, 1979, Planta 146:487-501. 
Bollini, R., W. Van der Wilden & M.J. Chrispeels, 1982, Physiol. Plant. 
55:82-92. 
Bollini, R., A. Vitale & M.J. Chrispeels,1983, J. Cell Biol. 96:999-1007. 
Boulter, D., 1981, Adv. Bot. Res. 9:1-31. 
Boulter, D., 1983, in [Seed Proteins], Pp.219-222, eds. J. Daussant, J. Mosse, 
& J. Vaughan, Academic Press, London. 
Brawley, S.H., D.F. Wetherell & K.R. Robinson, 1984, Proc. Natl. Acad. Sci. 
U.SA 81:6064-6067. 
Briarty, L.G., D.A. Coult & D. Boulter, 1969, J. Exp. Bot. 20:358-372. 
238. 
Brinegar, A.C. & D.M. Peterson, 1982, Plant PhVsiol. 70:1767-1769. 
Bui Dan Ha, D., B. Norrel & A. Masset, 1975, J. Exp. Bot. 26:262-270. 
Burnette, W.N., 1981, Anal. Biochem. 112:195-203. 
Button, J. & C.H. Bornman, 1971, South Afr. J. Bot. 37:127-134. 
Button, J., J. Kochba & C.H. Bornman, 1974, J. Exp. Bot. 25:446-457. 
Cass, D.D. & I. Karas, 1974, Protoplasma 81:49-62. 
Chen Yin, 1986, in [Haploids of Higher Plants in vitro], Pp 1-25, 
eds. Hu Han & Yang Hongyuan, China Academic Publshers, Beijing. 
Cheng, J. & V. Raghavan, 1985, Am. J. Bot. 72:580-587. 
Choi, J.H. & Z.R. Sung, 1984, Plant Mol. Biol. Reporter 2(3):19-25. 
Chrispeels, M.J., 1983, Planta 158:140-151. 
Constabel, F., R.A. Miller & O.L. Gamborg, 1971, Can. J. Bot. 49:1415-1417. 
Corcos, A., 1973, Am. J. Bot. 60(suppl.):5. 
Corcos, A. & R. Lewis, 1972, Arab. Inform. Serv. 9:18-19. 
Corcos,A., B. Piper & R. Lewis, 1973, Arab. Inform. Serv. 10:10-11. 
Corcos, A., 1976, Arab. Inform. Serv. 13:175-179. 
Coulter, J.M. & C.J. Chamberlain, 1917, (Mogphology of Gymnosperms], Univ. of 
Chicago Press. 
Craig, S. & D.J. Goodchild, 1984, Protoplasma 122:35-44. 
Craig, S., D.J. Goodchild & A.R. Hardham, 1979, Aust. J. Plant Physiol. 
6:81-98. 
Craig, S., D.J. Goodchild & A. Millerd, 1980, Aust. J. Plant Physiol. 
7:339-351. 
Craig, S. & A. Millerd, 1981, Protoplasma 105:333-339. 
Cross, J.W., W. Adams & T.B. Rice, 1981, Plant Physiol. 67(suppl.4):154. 
Crouch, M.L. & I.M. Sussex, 1981, Planta 153:64-74. 
Croy,R.R.D., J.A. Gatehouse, I M. Evans & D. Boulter, 1980, Planta 148: 
49-56. 
Dale, R.J., 1980, Z. Pflanzenphysiol. 100:72-77. 
239 
Dawes, J., K. james, L.R. Micklem, D.S. Pepper & C.V. Prowse, 1984, 
Thrombosis Res. 36:397-409. 
Derbyshire, E., D.J. Wright & D. Boulter, 1976, Phytochem. 15:3-24. 
Dick, E.G., D.A.T. Dick & S. Bradburg, 1970, J. Cell Sci. 6:451-476. 
Dierks-Ventling, C., 1981, Eur. J. Biochem. 120:177-182. 
Dodds, J.H. & L.W. Roberts, 1986, in [Experiments in Plant Tissue Cultures], 
Pp.123-132, Cambridge Univ. Press, London, New York. 
Domoney, C., D.R. Davies & R. Casey, 1980, Planta 149:455-460. 
D'Souza, L., 1972, Stain Technology 47:107-108. 
Dudits, 0., K.N. Kao, F. Constable & O.L. Gamborg, 1976, Can. J. Bot. 
54:1063-1067. 
Dunstan, D.l., K.C. Short & E. Thomas, 1978, Protoplasma 97:251-260. 
Dunstan, 0.1., K.C. Short M.A. Merrick & H.A. Collin, 1982, New Phytol. 
91:121-128. 
Dure Ill, L.S., 1975, Ann. Rev. Plant Physiol. 26:259-278. 
Eames, A.J., 1936, [Morphology of Vascular Plants. Lower Group], McGraw-Hill, 
New York. 
Earle, E.D. & J.D. Torrey, 1965, Am. J. Bot. 52:891-899. 
Evans, D.A., W.R. Sharp & C.E. Flick, 1981, in [Plant Tissue Culture: Methods 
and Application in Agriculture], Pp.45-113, ed. T.A. Thorpe, Academic 
Press, New York, London. 
Evans, l.M., J.A. Gatehouse, R.R.D. Croy & D. Boulter, 1984, Planta 160: 
559-568. 
Everett, N.P., M.J. Wack & D.J. Ashworth, 1985, Plant Sci. 41:133-140. 
Feier, R.P., G. Mignon & J.D. Litvay, 1984, Science 223:1433-1435. 
Flinn, A.M. & J.S. Pate, 1968, Ann. Bot. 32:479-495. 
Fowler, M.W., R. Watson & I. Lyons, 1982, in [Plant Tissue Culture 19821, 
Pp.225-228, ed. A. Fujiwara, Tokyo. 
Galun, E., Y. Jung & A. Lang, 1962, Nature 194:596-598. 
240 
Gamborg, O.L., 1968, Exp. Cell Res. 50:151-158. 
Gatehouse, J.A., R.R.D. Croy & D. Boulter, 1980, Biochem. J. 185:497-503. 
Gayler, K.R. & G.E. Sykes, 1981, Plant Physiol. 67:958-961. 
Gifford, D.J. & J.D. Bewley, 1983, Plant PhVsiol. 72:376-381. 
Giuliano, 0., D. Rosellini & M. Terzi, 1983, Plant Cell Repots 2:216-218: 
Goding, L.A., R.S. Bhatty & A.J. Finlayson, 1970, Can. J. Biochem. 48:1096-1103. 
Goldberg, R.B., G. Hoscheck, G.S. Ditta & R.W. Breidenback, 1981, Dev. Biol. 
83:218-231. 
Gorg, A., W. Postel, J. Weser, H.W. Schiwara & N.H. Boesken, 1985, Scien Tools 
32:5-9. 
Graham, T.A. & B.E.S. Gunning, 1970, Nature 228:81-82. 
Green, C.E. & R.L. Phillips, 1975, Crop Sci. 15:417-421. 
Gresshoff, P.M. & C.H. Doy, 1972, Aust. J. Biol. Sci. 25:259-264. 
Gresshoff, P.M. & C.H. Doy, 1973, Aust. J. Biol. Sci. 26:505-508. 
Gresson, R.A.R., 1948, [Essentials of General Cytology], Edinburgh University Press. 
Guha, S. & S.C. Maheshwari, 1967, Phytomorphology 17:454-461. 
Gunning, B.E.S. & J.S. Pate, 1969, Protoplasma 68:107-133. 
Haccuis, B., 1971, Bot. Jahrb. 91:309-329. 
Haccuis, B., 1978, Phytomorphology 28:74-81. 
Halperin, W., 1966, Am. J. Bot. 53:443-453. 
Halperin, W. & W.A. Tensen, 1967, J. Ultrastruct. Res. 18:428-443. 
Halperin, W. & D.F. Wetherell, 1964, Am. J. Bot. 51:274-283. 
Halperin, W. & D.F. Wetherell, 1965, Nature 205:519-520. 
Harries, B.D., 1981, in [Gel Electrophoresis of Proteins], Pp.1-92, IRL Press, London. 
Handro, W., P.S. Rao & H. Harada, 1973, Ann. Bot. 37:817-821. 
Hara, I., M. Ohmiya & H. Matsufara, 1978, Plant Cell Physiol. 19:237-243. 
H4vegh, K.M.G., N. Banerjee, K.V. Nerum & E. de Langhe, 1985, Plant Cell 
Reports 4:108-111. 
Henshaw, G.G., K.K. Jha, A.R. Mehta, D.J. Shakeshaft & H.E. Street, 1966, 
241 
J. Exp. Bot. 17:362-377. 
Heyser, J.N. & M.W. Nabors, 1982, Z. Pflanzenphysiol. 107:153-160. 
9 
Higins, T.J.V., 1984, Ann. Rev. Plant Physiol. 35:191-221. 
Hill, J.E. & R.W. Breidenbach, 1974a, Plant Physiol. 53:742-746. 
Hill, J.E. & R.W. Breidenbach, 1974b, Plant Physiol. 53:747-751. 
Hurkman, W.J. & L. Beevers, 1982, Plant Physiol. 69:1414-1417. 
Inous, M.I. & E. Maeda, 1980, Janpan. J. Crop Sci. 49:167-174. 
James, k., J.E. Boyd, L.R. Micklem, A.W. Richie, J. Davies & D.B.L. McClelland, 
1984, Scottish Medical J. 29:67-83. 
Jelaska, S., 1972, planta 103:278-280. 
Jensen, W.A., 1964, in [Meristems and Differentiation], Brookhaven Symp. Biol. 
6:179-202. 
Jensen, W.A., 1968, Planta 79:346-366. 
Jenssen Life Sciences Products Ltd., 1984, [A Guide to the Immunogold-Silver 
Staining of Transferred Proteins]. 
JoIisen, D.A., 1950, in [Plant Embryology], Pp.1-12, Chronica Botanica Company, 
Mass., U.S.A. 
Johnson, L.B., D.L. Stuteville, R.K. Higgins & D.I. Skinner, 1981, Pant Sci. 
Lett. 20:297-304. 
Jones, L.H., 1974a, Ann. Bot. 38:1077-1088. 
Jones, L.H., 1974b, in [Industrial Aspects of Biochemistry], Pp.813-833, ed. B. 
Spencer, North-Holland, Amsterdam. 
Jones, M.G.K. & D.H. Northcote, 1972, J. Cell Sci. 10:789-809. 
Kamo, K.K., M.R. Becwar & T.K. Hodges, 1985, Bot. Gaz. 146:327-334. 
Kato, H. & M. Takeuchi, 1963, Plant Cell Physiol. 4:243-245. 
King, P.J., I. Potrykus & E. Thomas, 1978, Physiol. Veg. 16:381-399. 
Kochba, J., P. Spiegel-Roy & Y. Safran, 1972, Planta 106:237-245. 
Konar, R.N. & K. Nataraa, 1965, Phytomorphology 15:206-211. 
Konar, R.N., E. Thomas & H.E. Street, 1972, J. Cell Sci. 11:77-93. 
242 
Krishna, T.G., R.R.D. Croy & D. Boulter, 1979, Phytochem. 18:1879-1880. 
Kuo, C.S. & W.L. Lu, 1984, Acta Bot. Sinica 26:19-21 (in Chinese). 
Kyle, D.J. & E.D. Styles, 1977, Planta 137:185-193. 
Laemmli, U.K., 1970, Nature 227:680-685. 
Larkins, B.A. & W.J. Hurkman, 1978, Plant Physiol. 62:256-263. 
Larkins, B.A., 1981, in [The Biochemistry of Plants], Vol. 6, Pp.449-489, ed. 
A. Marcus, Academic Press, New York, London. 
Laroche, M., L. Aspart, M. Delseny & P. Penson, 1984, Plant Physiol. 74: 
487-493. 
Letvenuk, L.J. & R.L. Peterson, 1976, Can. J. Bot. 54:1458-1471. 
Litz, R.E. & R.A. Conover, 1983, Ann. Bot. 51:683-686. 
Loewenberg, J.R., 1965, Arab. Inform. Sent. 2:34. 
Loh, C.S. & D.S. Ingram, 1982, New Phytol. 91:507-516. 
Loh, C.S. & D.S. Ingram, 1983, New Phytol. 95:359-366. 
Lonnerdal, B. & J.C. Jansen, 1972, Biochem. Biophys. Acta 278:175-183. 
Lott, J.N.A., 1980, in [The Biochemistry of Plants], Vol.1, Pp.589-623, eds. 
P.K. Stumpf & E.E. Conn, Academic Press, New York, London. 
Lott, J.N.K. & M.S. Buttrose, 1978, Aust. J. Plant Physiol. 5:98-111. 
Lowry, O.H., N.J. Rosebrough, A.L. Farr & R.J. RAndall, 1951, J. Biol. 
Chem. 193:265-275. 
Lupotto, E., 1983, Z. Pflanzenphysiol. 111:95-104. 
Lupotto, E., 1986, Ann. Bot. 57:19-24. 
Lycett, G.W., A.J. Delauney, J.A. Gatehouse, J. Gilroy, R.R.D. Croy & D. 
Boulter, 1983, Nucleic Acids Res. 11:2367-2380. 
Maheswaran, P., 1950, [An Introduction to the Embryology of Angiosperms], 
McGraw-Hill, New York. 
Maheswaran, C. & E.G. Williams, 1984, Ann. Bot. 54:201-211. 
Maheswaran, G. & E.G. Willaims, 1985, Ann. Bot. 56:619-630. 
Maplestone, P., J.A. Gatehouse & D. Boulter, 1985, Phytochem. 24:1717-1723. 
243 
Matsuoka, H. & K. Hinata, 1979, J. Exp. Bot. 30:363-370. 
Matta, N., J.A. Gatehouse & D. Boulter, 1981, J. Exp. Bat. 32:183-197. 
McWilliam, A.A., S.M. Smith & H.E. Street, 1974, Ann. Bot. 38:243-250. 
Meinke, D.W.,J. Chen & R.N. Beachy, 1981, Planta 153:130-139. 
Meyerowitz, E.M. & R.E. Pruitt, 1985, Science 229:1212-1218. 
Millerd, A. , 1975, Ann. Rev. Plant Physiol. 26:53-72. 
Millerd, A., M. Simon, H. Stern, 1971, Plant PhVsiol. 48:419-425. 
Millerd, A. & D. Spencer, 1974, Aust. J. Plant Physiol. 1:331-341. 
Molliard, M., 1921, C. R. Soc. Biol. 84:770-772. 
Montague, M.J., J.W. Koppenbrink & E.G. Jaworski, 1978, Plant Physiol. 
62:430-433. 
Mori, T., Y. Wakabayashi & S. Takagi, 1978, J. Biochem. 84:1103-1111. 
Muntz, K., R. Bassuner, C.L. Lichtenfeld, G. Schulz & E. Weber, 1985, 
Physiol. Veg. 23;75-94. 
Murashige, T. & F. Skoog, 1962, Physiol. Plant. 15:473-497. 
Nabors, M.W., J.W. Heyser, T.A. Dykes & K.J. DeMott, 1983, Planta 157:385-391. 
Nabors, M.W., C.S. Kroskey & D.M. McHugh, 1982, Z. Pflanzenphysiol. 105: 
340-349. 
Nadar, H.M., S. Soepraptoro, D.J. Heinz & S.L. Ladd, 1978, Crop Sci. 18: 
210-216. 
Nakamura, A., T. Yamada, N. Kadotani & R. Itagaki, 1974, in [Haploids in Higher 
Plants: Advances and Potential], Pp.277-278, ed. K.J. Kasha, Univ. of 
Gnelph, Gnelph, Canada. 
Nakano, H. & E. Maeda, 1979, Z. Pflanzenphysiol. 93:449-458. 
Nakano, H., T. Tcshiro & E. Maeda, 1975, LPlanzenphysiol 76:444-449. 
Negrutiu, I., 1976, Arab. Inform. Serv. 13:180-187. 
Negrutiu, I., F. Beeftink & M. Jacobs, 1975, Plant Sci. Lett. 5:293-304. 
Negrutlu, I. & W. DeGref, 1978, Z. Pflanzenphysiol. 90:423-430. 
Negrutiu, I. & M. Jacobs, 1977, Plant Sci. Lett. 8:7-15. 
244 
U 
•Negttiu, I., M. Jacobs & D. Cachita, 1978, Z. Pflanzenphysio. 86:113-124. 
Nessler, C.L., 1982, Physiol. Plant 55:453-458. 
Newcomb, N., 1973, Can. J. Bot. 51:879-890. 
Newcomb, N. & L.C. Fowke, 1974, Can. J. Bot. 52:607-614. 
Neidz, R.P., S.M. Rutter, L.W. Handley & K.C. Sink, 1985, Plant Sci. 
39:199-204. 
Novak, F.J. & D. Konecna, 1982, Z. Pflanzenphysiol. 105:279-284. 
O'Farrell, P.H., 1975, J. Biol. Chem. 250:4007-4021. 
Ouchterlon, 0., 1949, Arkiv. Kemi. 1:43. 
Ozias-Akina, P. & I.K. Vasil, 1982, Protoplasma 110:95-105. 
Pareek, L.K. & N. Chandra, 1978, Plant Sd. Lett. 11:311-316. 
Parker, R.E., 1973, [Introductory Statistics for Biology], Studies in Bology, 
No. 43, Edward Arnold. 
Pate, J.S. & B.E.S. Gunning, 1972, Ann. Rev. Plant Physiol. 23:173-196. 
Pedersen, K., J. Devereux, D.R. Wilson, E. Sheldon & B.A. Larkins, 1982, 
Cell 29:1015-1026. 
Pence, V.C., P.M. Masegawa & J. Janick, 1980, Z. Pflanzenphvsiol. 98:1-14. 
Pernollet, J.C., 1978, Phytochem. 17:1473-1480. 
Pernoltet,J.C., 1985, Physiol. Veg. 23:45-59. 
Pernollet, J.C. & J. Mosse, 1983, in [Seed Proteins], Pp.155-191, eds. 
J. Daussant, J. Mosse & J. Vaughan, Academic Press, London. 
Peterson, G.L., 1977, Anal. Biochem. 83:346-356. 
Poirier-Hamon, S., P.S. Rao & H. Harada, 1974, J. Exp. Bot. 25:752-760. 
Prabhudesai, V.R. & S. Narayanaswamy, 1973, Phytomorphology 23:133-137. 
Radojeric, L., R. Vujicic & M. Neskonic, 1975, Z. Ptlanzenphysiol. 77: 
34-41. 
Raghavan, V., 1966, Biol. Rev. 41:1-58. 
Raghavan, V., 1976a, in [Experimental Embryogenesis in Vascular Plants], 
3. Biochemical Embryogenesis, Pp.53-88, Academic Press, London, New York 
245 
Raghavan, V., 1976b, in [Experimental Embryogenesis in Vascular Plants], 
2. Structure and Organization of the Egg, Zygote and Embryo, Pp.10-51, 
Academic Press, London, New York. 
Raghavan, V., 1976c, in [ Experimental Embryogenesis in Vascular Plants], 
14. Adventive Embryogenesis: Induction of Diploid Embryoids, Pp.349-381, 
Academic Press, London, New York. 
Raghavan, V., 1979, in [Plant Cell and Tissue Culture], Pp.155-178, eds. W.P. 
Sharp et al, Ohio State Univ. Press, Columbus. 
Rahman, S., P.R. Shewry & B.J. Miflin, 1982, J. Exp. Bot. 33:717-728. 
Rangan, T.S., 1982, in [Experimental Embryology of Vascular Plants], Pp.79-104, 
ed. B.M. John, Springer-Verlag. 
Rao, P.S. & S. Narayanaswami, 1972, PhysioL Plant. 27:271-276. 
Ratnamba, S.P. & R.N. Chopra, 1974, Z. Pflanzenphysiol. 73:452-455. 
Reinert, J., 1959, Planta 53:318-333. 
Reinert, J. & M. Tazawa, 1969, Planta 87:239-248. 
Reinert, J. & M.M. Yeoman, 1982, in [Plant Cell and Tissue Culture: A 
Laboratory Manual], Pp.4-17, Springer-Verlag. 
Reinert, J., Y.P.S. Bajaj & B. Zbell, 1977, in [Plant Tissue and Cell Culture], 
Pp.389-427, ed. H.E. Street, Blackwell Sci. Publication, Oxford, London. 
Reinholz, E., 1959, Strahlentherapie 109:537-553. 
Reynolds, E.S., 1963, J. Cell Biol. 17:208-213. 
Robbins, W.J., 1922, Bot. Gaz. 73:376-390. 
Roth, J., M. Bendayan & L. Orci, 1978, J. Histochem. Cytochem. 26: 
1074-1081. 
Sacristan, M.D., 1982, Theor. AppI. Genet. 61:193-200. 
Sangduen, N., G.L. Kreitner & E.L. Soreusen, 1983a, Can. J. Bot. 61:837-849 
Sangduen, N., G.L. Kreitner & E.L. Soreusen, 1983b, Can. J. Bot. 61: 
1241-1257. 
Sangwan, R.S. & H. Harada, 1975, J. Exp. Bot. 26:868-881. 
246 
Scheidegger, J.J., 1955, Internati Arch. Allergy Appi. lrnmunol. 7:103. 
:LSChieder,Q. 1982, in "Plant Improvement and Somatic 'N ill Genetics" Pp239-253 
Schenk, R.V. & A.C. Hildebrandt, 1972, Can. J. Bot. 50:199-204. 	 -- 
	
Shivanna,K.R , 1982, in" Experimental Embryology of_Vascular Plant 	13.S_ 
Sti-niFf; K._1_  T9T[Vergleiende Embryologie der Angiospermen], Borntraeger, 
Berlin. 
Schnepf, E. & E. Pross, 1976, Protoplasma 89:105-115. 
Schulz, P. & W.A. Jensen, 1977, Am. J. Bot. 64:384-394. 
Schulz, S.R. & W.A. Jensen, 1968a, J. Ultrastruct. Res. 22:376-392. 
Schulz, S.R. & W.A. Jensen, 1968b, Am. J. Bot. 55:807-819. 
Schulz, S.R. & W.A. Jensen, 1969, Protoplasma 67:139-163. 
Sehgal, C.B., 1978, Phytomorpholog 28:291-297. 
Sengupta, C., V. DeLuca, D.S. Bailey & D.P.S. Verma, 1981, Plant Mol. Biol. 
1:19-34. 
Sengupta, C. & V. Raghavan, 1980, J. Exp. Bot. 31:259-269. 
Sharp N.R., D.A. Evans & M.R. Sondahl, 1982, in [Plant Tissue Culture 19821, 
Pp.759-762, ed. A. Fujiwara, Tokyo, Janpan. 
Sharp N.R., M.R. Sondahl, L.S. Caldas & S.B. Maraffa, 1980, Horticult.Rev. 
2;268-310. 
Scheridan, W.M.F., 1974, in [Genetic Manipulation with Plant Material], Pp.263 
-296, ed. L. Le-doux, Plenum Press. 
Schieder, 0. & I.K. Vasil, 1980, Internal. Rev. Cytol. 11B (suppl.):21-46. 
Skoog, F. & CO. Miller, 1957, Symp. Soc. Exp. Biol. 11:118-131. 
Smith, D.L., 1973, Ann. Bot. 37:795-804. 
Smith, S.M. & H.E. Street, 1974, Ann. Bot. 38:223-241. 
Staritzky, C., 1970, Acta Botan. Neerl. 19:509-514. 
Steward, F.C., 1963, Sci. Amer. 209:104-113. 
Steward, F.C., L.M. Blakeley, A.E. Kent & M.O. Mapes, 1964a, in [Meristems 
and Differentiation], Brookhaven Symp. Biol. 16:73-88. 
Steward, F.C., M.O. Mapes, A.E. Kent & R.D. Holsten, 1964b, Science 143:20-27. 
Steward, F.C., M.O. Mapes & K. Mears, 1958, Am. J. Bot. 45:705-708. 
247 
Street, H.E., 1975, in [Form, Structure and Function of Plant Cells], Pp.171- 
179, eds. H.Y. Mohan Ram, J.J. Shah & C.K. Shah, Santa Prakashan, 
Meerut, India. 
Street, H.E., 1978, in [Regulation of Development Processes in Plants], Pp.192 
-218, eds. H.R. Schiitte & D. Gross, Fischer, Jena. 
Street, H.E. & L.A. Withers, 1974, in [Tissue Culture and Plant Science 19741, 
Pp.71-100, ed. H.E. Street, Academic Press, New York, London. 
Sun, S.M., T.J.V. Higgins, P.S.C. Button & R.A. Davey, 1980, Plant Physiol. 
66:510-515. 
Sung, Z.R. & R. Okimoto, 1981, Proc. NatI. Acad. Sci. U.SA 78:3683-3687. 
Sung, Z.R. & R. Okimoto, 1983, Proc. Natl. Acad. Sci. U.S.A. 80:2661-2665. 
Sung, Z.R., A. Fienberg, R. Chorneau, C. Borkird, I. Furner, J. Smith, M. Terzi 
F. LoSchiavo, C. Giuliano, L. Pitto & V. Nuti-Ronchi, 1984, Plant 
MCI. Biol. Reporter 2(3):3-14. 
Swanson, E.B., R.S.C. Wong & R.J. Kemble, 1985, Plant Sci. 40:137-144. 
Thomas, E., R.N. Konar & H.E. Street, 1972, J. Cell Sci. 11:95-109. 
Thomas, E. & H.E. Street, 1970, Ann. Bot. 34:657-669. 
Thompson, R.D., D. Bartels, N.P. Harberd & R.B. FlavelI, 1983, Theor. AppI. 
Genet. 67:87-96. 
Thorpe, T.A., 1980, Internatl. Rev. Cytol. 11A(suppl.):71-111. 
Thorpe, T.A. & T. Murashige, 1970, Can. J. Bot. 48:277-285. 
Tisserat, B., E.B. Esan & T. Murashige, 1979, Horticult. Rev. 1:1-78. 
Towbin, H., T. Staehelin & J. Gordon, 1979, Proc. NatI. Acad. Sci. U.SA 
76:4350-4354. 
Tran Thanh Van, K., 1980, Internatl. Rev. Cytol. 11A(suppl.):175-194. 
Tran Thanh Van, M., H. Chilyah & A. Chilyah, 1974, in [Tissue Culture and Plant 
Science], Pp.101-139, ed. H.E. Street, Academic Press, New York. 
Tulecke, W. & G. McGranhan, 1985, Plant Sd. 40:57-63. 
Tully, R.E. & H. Beevers, 1976, Plant Physiol. 58:710-716. 
Turnham, E. & D.H. Northcote, 1982, Biochem. J. 208:323-332. 
Vasil, I.K. & V. Vasil, 1980, Internatl. Rev. Cytol. 11A(suppl.)145-173. 
Vasil, V. & IX. Vasil, 1981, Ann. Bot. 47:669-678. 
Vasil, Viic. Vail., 1982, Bot. Gaz. 143:454-465. 
Vasil, V., D.Y. Wang, I.K.Vasil, 1983., Z. Pf1anzenphYsiO1.111233 2 3 j 
Vikèwaran, ST&OTHUhtii 	1977,Aib]flfOrñi. Serv 14:26-30. - 
Vochting, H., 1878, [Uber Organbildung im Pflanzenreich I], Max Cohen, Bonn. 
Vujicic, R., L. Radojenic & M. Neskavic, 1976, J. Cell Biol. 69:686-692. 
Walburg, G. & B.A. Larkins, 1983, Plant Physiol. 72:161-165. 
Watson, M.L., 1958, J. Biochem. Cytol. 4:475. 
Weber, E. & D. Neumann, 1980, Biochem. Physiol. Pflanzen. 175:279-306. 
Weber, K. & M. Osborn, 1969, J. Biol. Chem. 244:4406-4412. 
Wernicke, W., I. Potrykus & E. Thomas, 1982, Protoplasma 111:53-62. 
Wetherell, D.F. & W. Halperin, 1963, Nature 200:1336-1337. 
White, P.R., 1934, Plant Physiol. 9:585-600. 
Wicart, G., A. Mouras & A. Lutz, 1984, Protoplasma 119:159-167. 
Williams, L. & H.A. Collin, 1976, Ann. Bot. 40:325-332. 
Williams, E.G. & G. Maheswaran, 1986, Ann. Bot. 57:443-462. 
Wright, D.J. & D. Boulter, 1974, Biochem. J. 141:413-418. 
Yamada, T., H. Nakagawa & T. Sinoto, 1967, Bot. Mag. Tokyo 80:68-74; 
Yokoyama, K. & W.H. Jones, 1965, Plant Physiol 40(suppl.):LXXVII(Abstract). 
Yeung, E.C. & M.E. Clutter, 1978, Protoplasma 94:19-40. 
Yeung, E.C. & M.E. Clutter, 1979, Can. J. Bot. 57:120-136. 
Zieburg, N., 1965, Arab. Inform. Serv. 2:34-35. 
PUBLICATIONS 
250 
Plant Science Letters, 33 (1984) 353-363 
	
353 
Elsevier Scientific Publishers Ireland Ltd. 
CALLUS PROLIFERATION AND MORPHOGENESIS IN TISSUE 
CULTURES OF ARABIDOPSIS THALIANA L. 
BEI CHU HUANG and M.M. YEOMAN 
Department of Botany, University of Edinburgh, King's Buildings, Mayfield Road, 
dinburgh (UK) 
:Received June 17th, 1983) 
Revision received August 29th, 1983) 
Accepted October 10th, 1983) 
WMMARY 
The growth and proliferation pattern of callus derived from seed and the 
)athways of in vitro morphogenesis in Arabidopsis thaliana were investi-
ated. Callus induced and maintained on Gamborg's B 5 medium containing 
0 gil sucrose, 0.5 mg/l (2,4-dichlorophenoxyaceticacid (2,4-D) and 0.05 
ng/l kinetin was shown to contain numerous nodules. Meristematic centres 
?vhich are characterized by their small, highly cytoplasmic cells are situated 
n the peripheral regions of the nodular callus. The meristematic centres 
)roliferated to give rise to new callus-containing nodules, or differentiated 
nto roots when the culture conditions were conducive to rhizogenesis, i.e. 
ransfer of the nodular callus onto a medium either devoid of auxin, or 
vith a low indoleacetic acid (IAA) level. The pathway of root formation 
rom the meristematic centres within the nodules is described. In addition 
reen nodules developed within callus placed on a medium containing 0.1 
ng/l IAA and 1.0 mg/l kinetin. These nodules subsequently differentiated 
nto leaves and plantlets. Adventive embryoids in globular, heart-shaped 
Lnd torpedo-shaped stages which subsequently developed into plantlets 
vere also observed. The origin and development of the somatic embryos 
s discussed. 
ey words: Arabidopsis thaliana - Callus culture - Morphogenesis - Somatic 
rnbryogenesis 
bbreviations: 2,4-D, 2,4-dichiorophenoxyacetic acid; IAA, indoleacetic acid; TB, 
oluidine blue. 
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INTRODUCTION 
For many years A. thaliana has been used as an important species for the 
study of genetics in higher plants. It is a particularly suitable subject because 
of its short life cycle, low chromosome number and low DNA content and 
the relative simplicity of its basic genetic background. Another advantage 
of this species is a high potency for in vitro proliferation and differentiation 
in culture. The successful culture of Arabidopsis was first achieved in 1965 
[1-3] and since then a great deal of work in tissue and cell culture both on 
agar and in liquid media has been published [4]. It has been shown that in 
vitro organogenesis such as root and shoot formation, and plant regeneration 
can be readily obtained in Arabidopsis. Various factors influencing and 
controlling these processes have been investigated by Negrutia and co-
workers in great detail [5-7]. However, despite the intensive studies on 
in vitro culture within this species, little emphasis has been placed on the 
details of the origins of the callus, its proliferation and subsequent differ-
entiation. Using histological procedures to understand the origins and 
the developmental pathways of morphogenesis, as well as their response 
to various culture conditions, it is vital to follow, in detail, the process of 	'- 
organ formation in tissue culture. In this paper an attempt has been made 
to establish the route by which roots, shoots and, in particular, somatic 
embryos are formed. 
MATERIALS AND METHODS 
Callus induction 
A. thaliana seeds were used as the source of callus throughout the in-
vestigation. Surface sterilization was accomplished by soaking the seeds in 
5% sodium hypochlorite (v/v) for 20 mm. After repeated washes in sterilized 
distilled water, seeds were placed on the surface of the agar medium in 50 
mM Petri dishes. The callus induction medium comprised Gamborg's B 5 [8] 
mineral salts, microelements and vitamins supplemented with 2% sucrose 
(w/v) and solidified with 0.8% (w/v) Oxoid agar. The growth substances 
used were 0.5 mg/l 2,4-D and 0.05 mg/I kinetin. The pH was adjusted to 
5.6-5.8 with 1 N KOH solution before autoclaving (15 lb/in', 15-20 mm). 
Once the callus was induced from the seeds, it was maintained by 4-week 
subcultures on the same medium. All the cultures were kept in continuous 
fluorescent light (800 lux) at 25 ° ± 1° C. 
Callus differentiation 
After at least 2 subcultures the callus was transferred to the differen-
tiation media either liquid or solidified with 0.8% agar. Two basal media 
were used, Garnborg's B 5 and Gresshoff and Doy's MS2 medium, [9] both 
were supplemented with 2% sucrose. IAA at levels between 0-0.1 mg/l 
was employed as the exogenous auxin in the differentiation media while 
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the kinetin levels were 0.1-1.0 mg/i. Callus on the agar media in Petri 
dishes was kept in continuous fluorescent light (2500 lax) at 25 0 ± 1° C. 
Liquid cultures were established by adding 0.2-0.3 g fresh wt. callus to 
50 ml medium in a 250-ml conical flask. The flasks were capped with alu-
minium foil and placed on a rotary platform shaker operating at 100 rev./ 
mm. 
On some occasions, a sequential passage of callus on a set of media with 
different combinations of auxin and kinetin were also made in order to 
complete organ formation and plantlet development. 
Microscopic preparations 
Specimens for microscopic examination were pre-fixed in 3% glutaral-
dehyde in 0.1 M phosphate buffer (pH 7.2) overnight at room temperature 
followed by a post-fixation in 1% aqueous Osmium tetroxide solution 
for 1-2 h. After thorough washing in distilled water they were treated with 
4% tannic acid for 1-2 h and rinsed again. Dehydration was achieved by 
passing the specimens through an ethanol series before embedding in 
Araldite resin. The embedded blocks were polymerized in an oven at 60 °C 
for 48 h. Sections were cut on a Reichert-Jung Ultracut Microtome at a 
thickness of 1-3 gm. All the sections were stained with 1% toluidine blue 
(TB) mounted in Araldite resin and examined under the light microscope. 
RESULTS AND DISCUSSION 
Callus induction and proliferation 
A. thaliana seeds placed on the callus induction medium containing 
0.5 mg/1 2,4-D and 0.05 mg/i kinetin germinated to give small seedlings 
within 3-4 days. Callus was initiated from the hypocotyls of the seedlings, 
and became visible with the naked eye within 10-14 days. Rapid prolifera-
tion followed to give rise to an abundant callus in about 1 month. The 
callus first induced was rather compact, usually translucent and uneven 
at the surface. Subculture of the callus onto a medium with same com-
.psition caused rapid growth. Nodular structures developed within the 
callus, and after several subcultures on. the same medium the callus appear -
ed to be almost entirely composed of these nodular structures (Fig. 1). 
Sections stained with 1% TB showed some structures within the proliferating 
callus. Two distinct cell types were recognised in a rapidly growing callus 
(Fig. 2). One was small, actively dividing with dense cytoplasm, usually 
rich in starch grains. The other cell type was large, highly vacuolated with 
very little obvious interior structure and variable in shape. This phenomenon 
has been repeatedly observed in plant tissue and cell cultures in a variety of 
species, 110-15] and it has been suggested that the densely cytoplasmic 
cells have the ability to divide and differentiate much more actively than the 
vacuolated cells. In A. thaliana callus, cell division seemed to be irregular 






• 	 J 	 . 
I 










• 	-; 	•-'. - 	I 	- 	 ••• 	 - 	4 
_: • 	
L 
• 	•: 	 • ''W\ 	/ 
.'•*. .'--. 2s 	 4 	 XW4.. A 	7 - 	




• )• _\ 
• £W 	 .-, 'S 
*•; 	 I 
• •• 	 #"•( - 
7 	 8 
357 
(Fig. 3). These cell clusters are usually surrounded by large vacuolated 
cells which were apparently derived from the dividing cells. It was reported 
that in Ranunculus sceleratus L. [15],  the callus grown on 'plus 2,4-D' 
medium also consisted of two cell types similar to those observed in A. 
thaliana, but with cytoplasmic embryogenic cell aggregates located on 
the superficial part of the callus leaving vacuolated cells inside the callus. 
This suggests that the growth patterns of callus in culture are different 
between the species which might explain the reason for the different pat-
terns of morphogenesis observed at a later stage. 
Meristematic centres in callus may be defined as masses of organized 
cells which are capable of continued division and growth, or of further 
differentiation when placed in the appropriate conditions. Such observations 
have been made repeatedly in plant tissue and cell cultures by a number of 
authors, e.g. in suspension cultures of Atropa belladonna [16], and in the 
nodular callus of Coiylus avellana [14]. These meristematic centres have 
been described as meristemoid by Nessler [17] in Papaver somniferum 
callus. In the present study it appears that callus arising from A. thaliana 
seeds displays a fairly organized growth pattern on a medium containing a 
relatively low concentration of 2,4-D (0.5 mg/l). Active cell division in the 
callus leads to the early formation of clusters of small cytoplasmic cells 
which by further division and growth give rise to the nodular structures. 
Sections of the nodular structures which were present predominantly 
in the callus on 2,4-D-containing medium revealed detail of interior organi-
zation. Figure 3 presents the view of a cross-section of a nodule composed 
of mainly small cytoplasm-rich cells. It can be seen that some meristematic 
structures are developing inside the nodule. In another nodule from the same 
culture, well-developed isolated meristematic centres situated several cell-
layers inside the nodule were detected (Fig. 4). These meristematic centres 
were characterized by their clear outlines and were composed of small, 
highly cytoplasmic cells distinct from the surrounding tissues in the other 
parts of the nodule. 
The fact that subculture of small clumps of callus which contain only 
a few individual nodules on the 2,4-D medium produces abundant formation 
of nodular callus without the intermediate formation of relatively undiffer-
entiated callus makes it likely that the nodules formed subsequently are the 
direct derivatives of the meristematic centres existing in the inoculated 
Fig. 1. Nodular callus grown on B  medium containing 0.5 mg/i 2,4-D and 0.05 mg/i 
kinetin (Orig. mag. x6.2). 
Figs. 2-4. Sections of callus on 2,4-D medium. 1% TB stained. 2. Different cell types 
within the proliferating callus. 3. Section of a nodule indicating the developing men-
stematic centres. 4. Meristematic centres at the periphery of a nodule (Orig. mag. x350). 
Figs. 5-8. Sections of callus on differentiation medium stained with TB. 5. Nodule 
with menistematic centres (x 167.5). Note the superficial location and the organized 
growth of the menistematic centres compared with Fig. 4. 6. A meristematic centre 
undergoing polarized growth. 7. A root pnimordium. Note the root tip meristem having 
prominent nuclei and heavily stained nucleoli. 8. A well-developed root axis from a 
nodule. (6-8, Orig. mag. x350). 
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callus, rather than formed de novo. In addition, tracheary elements were 
seen occasionally in growing callus. However, no connections with the 
nodular structures were observed. 
Root formation 
The formation of roots was the most commonly observed form of mor-
phogenesis in A. thaliana tissue cultures in the present investigation. Transfer 
of callus from a medium containing 2,4-D to a differentiation medium 
either without auxin or with a very low level of IAA resulted in the im-
mediate differentation of roots. Callus grown on Gamborg's B 5 medium 
with 2% sucrose, 0.05 mg/l IAA and 0.5 mg/i kinetin usually developed 
many normal roots on its surface within 2 weeks of transfer. In liquid 
medium of the same composition root initiation and development occurred 
in a similar way but more rapidly. 
It can be seen from sections of callus-producing roots on auxin-free 
medium with 0.1 mg/l kinetin that root formation occurred almost always 
from the pre-existing nodules in the callus described (Fig. 8). It can also be 
seen that root initiation and development is not synchronous so that many 
different stages of root development ranging from root primordia to well-
developed roots can be found in a single callus. In addition, nodules re-
sembling those seen on the 2,4-D medium are also present in the callus 
transferred to the differentiation medium (Fig. 5). A closer look shows that 
they are situated towards the outside and display a higher level of organi-
zation than those in the nodules on 2,4-D-containing medium giving the 
impression that they were about to differentiate further (compare with 
Fig. 4). 
Figures 6-8 are sections of nodules 2-3 weeks after transfer to the 
auxin-free medium. In Fig. 6 it can be seen that a meristematic centre 
within a nodule appears to be differentiating into a root primordium which 
is characterized by its polarized growth with the growing point oriented 
towards the outside of the nodule. Figure 7 shows the structure of a develop-
ing-root primordium in which a root tip meristem is being formed. The 
meristeniatic cells in the root tip which are characterized by large prom-
inent nuclei with heavily stained nucleoli are arrayed in a semi-circle 
The root cap has also developed. Further cell division and elongation give 
rise to the root axis (Fig. 8). The spatial relationship between the root and 
the nodular structure shown in Fig. 8 makes it clear that the former 
originated from the latter. Furthermore, a nodule with a fully developed 
root may still possess several undifferentiated meristématic centres which 
may subsequently develop into other roots (Fig. 8). 
Konar, Thomas and Street [18] observed two pathways of root formation 
in A. belladonna L. tissue cultures. Roots arose either from the continuous 
peripheral meristems similar to the cambial tissues deep inside the callus, 
or from small groups of cells with dense cytoplasm and prominent nuclei 
which functioned as a root tip meristem in later development. A similar 
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description was made by Jones [13] in carrot suspension cultures. Root 
formation initiated from the pre-formed meristematic regions or zones 
within the callus is also seen in A. thaliana in this study. It is therefore 
reasonable to suggest that in vitro root formation is a consequence of the 
further development and differentiation of meristematic cell groups which 
formed earlier in the cultured tissues. This is in accordance with the view 
of Reinert et al. [19]. 
When callus-bearing roots of different developmental stages was subcul-
tured onto the same differentiation medium, a rapid growth of roots fol-
lowed to give extremely long twisted roots. Root laterals may sometimes 
develop in some cultures, peg-shaped root structures developed from the callus 
(Fig. 9). These structures had a sharp distal end either with long thin root or 
without it, pointing towards the outside of the callus, with the basal portion 
within the callus. At the basal end of the structure, a ring or cleavage furrow 
usually appeared which led to the detachment of the structure from the 
maternal tissue. Peg-shaped root structures with two forked distal ends 
were occasionally seen (Fig. 10). Similar root structures were reported by 
Thomas and Street [16], and Konar et al. [18] in A. belladonna L. cultures. 
In their material, detached peg-like roots were able to callus at their basal 
ends and sometimes developed into shoot buds from which leaves and plant-
lets could be regenerated. In this study, the prolonged culture of detached 
10 
Figs. 9 and 10. Peg-like root structures (Orig. mag. x15). 
L4 
12 
Figs. 11 and 12. Adventive embryoidai masses arising from the green nodules of the 
callus. Note the fused cotyledons in Fig. 11 (Orig. mag. x23). (12, Orig. mag. x6.2). 





Fig. 13. Leaves developed from the adventive embryoids shown in Figs. 11 and 12 (Orig. 
mag. x6.2). 
Figs. 14-16. TB stained longitudinal sections of the globular, heart-shaped and torpedo-
shaped embryoids, respectively. Note the close resemblance between the embryoids and 
the tissues from which they arose (Orig. mag. x167.5). 
root structures on the solidified agar medium failed to produce shoots and 
leaves at the basal ends probably because the culture conditions were un-
suitable. 
Shoot formation and embryoid formation 
A less common aspect of morphogenesis in A. thaliana tissue culture was 
the regeneration of shoots. Compared with root formation, shoot differenti- 
ation took much longer under the same culture conditions. The subculture 
of callus through a series of media was normally necessary to complete 
the full development of plantlets. Callus on the differentiation medium 
may develop a number of compact, green nodules which contrast to those 
yellowish nodules within the callus. Similar nodules described as 'green 
spots', by Heyser and Nabors [20] in embryogenic callus of oat were highly 
meristematic and developed into shoots after long periods of culture. In the 
present study callus on Gamborg's B 5 medium containing 0.1 mg/i IAA and 
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1.0 mg/i kmetin developed many green nodules. When callus-bearing green 
nodules were placed on a medium without auxin, clumps of 'leaf-like' 
structures emerged within 3-4 weeks (Figs. 11, 12). A further transfer 
of these leafy structures onto a medium without added growth substances 
allowed full development of leaves with normal appearance (Fig. 13) from 
which plantlets were regenerated. The plantlets did not root successfully on 
the same medium. The process is summarised in Table I. 
Moreover, leaf regeneration could be induced within 3 weeks by culturing 
callus-containing green nodules in a liquid medium containing Gresshoff 
and Doy's MS2 nutrients [9], 2% sucrose, 0.02 mg/i IAA and 0.2 mg/i 
kinetin. 
In Figs. 11 and 12 the leafy structures produced from the green nodules 
can be clearly seen to be composed of numerous embryoidal units. Most are 
more or less abnormal with one or two cotyledons, or perhaps with more 
than two cotyledons fused together to give a fasicular entity. These coty-
ledonary embryoids are usually packed together forming an embryoidal 
mass, as shown in Fig. 11. The origin of these embryoids and their pathway 
of development are as yet unresolved but under active investigation. So far 
little is known about the characteristics of embryogenic cells, nor their 
division and segmentation patterns which are involved in early embryogeny 
in vitro. Nevertheless sectioning of these embryoidal masses showed some 
of the stages of embryoid development. Figures 14-16 are longitudinal 
sections of the globular, heart-shaped and torpedo-shaped embryoids, 
respectively, in A. thaliana tissue cultures. An important feature of these 
embryoids is that they appear to be formed as secondary adventive em-
bryoids arising from the previously formed leafy structures which them-
selves have probably developed through an embryonic stage. The close 
TABLE I 
PROGRESSIVE CULTURE PROCEDURES LEADING TO THE FORMATION OF 
EMBRYOIDS AND LEAVES' 
Treatment No. of subcultures 
1 2 3 4 
Nutrient B, + 2% sucrose B, + 2% sucrose B, + 2% sucrose B, + 2% sucrose 
medium 
Growth (mg/1) 0.5 2,4-D 0.1 IAA Auxin-free No added 
substances 0.05 kinetin 1.0 kinetin 0.1 kinetin growth 
substances 
Culture 4 weeks 4 weeks 4 weeks 2 weeks 
duration 
Appearance Callus prolifer- Green Leafy, embryoid- Leaves and 
of cultures ation, nodules nodules like structures plantiets 
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histological and structural resemblance between these embryoids and the 
tissues from which they arose makes this assumption quite reasonable. 
Embryoids which have originated in this way have been reported, for in-
stance, in cultures of A. belladonna L., the term 'adventive embryony' 
was used to describe the embryogeny induced from the suspensor part of 
the pre-formed embryoids [18]. Repeated induction of secondary embryoids 
from embryoid-derived plantlets through anther culture in Brassica napus 
has also been documented [21]. However, the clear relationship between 
these adventive embryoids and the structure from which they are initiated 
in A. thaliana remains to be elucidated. 
Although somatic embryogenesis is a common feature of in vitro morpho-
genesis in many species of higher plants (e.g. Refs. 22-24), prior to this paper 
it had not been reported in A. thaliana. Once the protocol has been estab-
lished for obtaining large numbers of embryoids developing synchronously 
a detailed study of the ultrastructural, physiological and biochemical changes 
which occur during somatic embryogenesis will be undertaken. In particular 
it is hoped to be able to recognise potentially embryogenic cells which are 
about to embark on the process of embryogeny, to discover the origins of 
these cells and to evaluate the impact of neighbouring cells or tissues on 
the initiation and development of the embryoids. 
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INTRODUCTION 
Somatic embryogenesis is observed in cell and tissue cultures 
of higher plants (STREET, 1976). Indeed there are now a large 
number of species which are capable of producing embryoids in 
culture (e.g. WANG and VASIL, 1983; LITZ and CONOVER, 1982; 
RANGAN and VASIL, 1983; GEDDIE et al., 1983). However, 
perhaps surprisingly, this has not yet been reported in 
Arabidopsis thaliana although accounts of root and shoot 
for as well as plant regeneration from cell and tissue 
cultures of these species have been known for some time (for 
review, see CORCOS, 1976). In this communication preliminary 
results are reported in which somatic embryos have been 
induced in callus cultures of Arabidopsis. This is the 
beginning of an attempt to understand the somatic embryogenic 
pathway in cultures of Arabidopsis thaliana and compare it 
with the development of normal sexual embryos. 
MATERIAL and METHODS 
Callus was induced from the seeds of A. thaliana on a medium 
comprised of GAMBORG's B 5 (GAMBORG, 1968), mineral salts, 
microelements and vitamins supplemented with 2% sucrose (w/v) 
and solidified with 0.8% Oxoid agar (w/v). The growth 
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substances were 2,4-D (0.5 mg/1) and kinetin (0.05 mg/1). 
Callus was maintained by sub-culture at 4-week intervals on 
the same medium. All the cultures were kept under Continuous 
white light (800 lux) at 25± 1 °C. 
RESULTS 
It can be seen from Figure is that the callus was 	composed 
of numerous nodules which may differentiate to give rise to 
roots when transferred to a medium either devoid of 2,4-D or 
containing a low level of IAA (e.g.0.1 mg/1). In some 
experiments transfer of this nodular callus through a series 
of media with different combinations of growth substances 
resulted in the formation of plantlets. For example, nodular 
callus maintained on a medium containing 2,4-D (0.5 
mg/l)transferred to a differentiation medium with - the same 
nutrient composition but with 0.1 mg/i IAA -and 1.0 mg/i 
kinetin induced development of the nodules. About 4 weeks 
after transfer many green nodules appeared which were highly 
meristematic and displayed the ability to produce leaves and 
shoots as the culture period progressed. When callus with 
green nodules was placed on a medium free of auxin and with a 
lower kinetin Concentration (0.1 mg/1), clusters of 
cotyledon-staged -embryoids appeared -within -3-4 weeks 
(Fig.ib). -These embryoids were packed - together forming an 
embryoidal mass as shown in Fig.ib, from which it can be seen 
that most of the embryoids are not normal in appearance. The 
'cotyledons' of the embryoids tended to merge together giving 
rise to a fascicular leafy structure. Separation of 
individual embryoids from the embryoidal mass proved 
difficult because of the fusion of the ' cotyledons and the 
compact aggregation of the embryoids. A further sub-culture 
of these embryoidal masses to a medium free of added growth 
substances ensured the completion of full development of 
leaves and plantlets (Fig.lc). As might be expected the 
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H 1 1re 1. A. Nodular callus grown on B5 medium in the presence of 
0.5mg/1 2,4-D and 0.05mg/1 kinetin, scale = 2mm. 
h. Adventive embryoidal masses differentiated from green 
nodules. Note the merged cotyledons, scale = 2mm. 
C •  Leaves and piantlets developed from the embryoids shown 
in Fig.1B, scale = 2mm. 
L• TB stained median longitudinal sections of 	globular, 
eart-shaped and torpedo-shaped embryoids respectively, 
c1e = 2mm. 
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plantlets thus formed were also packed in massive clumps and 
were inseparable from each other. 
For structural and histological examination, embryonal masses 
were fixed in 3% buffered glutaraldehyde (pH 7.2) followed by 
a post fixation in 1% toluidine blue (TB).Figs.1D-F are 
median longitudinal sections of globular, heart-shaped, and 
torpedo-shaped embryoids respectively. 
CONCLUSION 
The spectacular fact revealed by these sections is that the 
embryoids are probably secondary adventive products which 
have arisen from the 'leaf-like' tissue which had also deve-
loped through a somatic embryogenic pathway. This assumption 
is based on the close structural and-histological resemblance 
between the embryoids and the leafy tissues from which they 
arose. 
Adventive embryoids of similar origin have been documented 
in a few cases. In Atropa belladonna L. the term "adventive 
embryony" was used to describe the embryoids induced from the 
suspensor part of the pre-formed embryoids in'culture (KONAR 
et al., 1972). Repeated induction of secondary embryoids 
from embryoid-derived plantlets through anther culture in 
Brassica napus was also reported (L011 and 4NGRAM, 1982). 
Nevertheless, the origin and early segmentation of the 
embryonic cells in A. thaliana still remain to be resolved. 
Much work must be done before the complete process of somatic 
embryogenesis in this species can be demonstrated. In spite 
of this, however, it has been shown in this study that 
A.thaliana may be numbered among the species which have the 




The authors would like 	to 	express 	their 	thanks 	to 
Mrs.E.RAEBURN for typing the manuscript and to the Ministry 
of Education, The People's Republic of China for supporting 
this research. 
REFERENCES 
CORCOS, A.: Arabid.Inf.Serv.13, 175-179 (1976) 
GAMBORG, D.L.: Exp.Cell Res.50, 151-158 (1968) 
GEDDIE, S-., W. KELLER and G. SETTERFIELD: Can.J.Bot.61, 
656-666 (1983) 
KONAR, R.N., E. THOMAS and H.E. STREET: Ann.Bot.36, 249-258 
(1972) 
LITZ, R.E. and R.A. CONOVER: Plant Sci.Lett.26, 153-158 
(1982) 
LOH, CHIANG SHIONG and D.S. INGRAM: New Phytol.91, 507-516 
(1982) 
RANGAN, T.S. and I.K. VASIL: Z. Pflanzenphysiol.109, 49-53 
(1983) 
STREET, H.E. : In: 'The Developmental Biology of Plants and 
Animals' pp.73-91. Eds.C.F. GRAHAM and P.F.WAE-
RING. Blackwell Scientific Publications (1976) 
WANG, D.Y. and I.K. VASIL: Plant Science Letters 25, 147- 
154 (1982) 
V • V 
I -=Li 
154 
embryos directly from the callus induced from mature zygotic embryos on the 
Schenk and Hildebandt (SB) (1972) medium containing 2% sucrose, 0.8% agar 
and 500-1000 mil yeast extract (YE) (OXOID). 2,4-D at a lower concentra-
tion (0.5 mg1) was necessary for embryoid initiation but the process was 
suppressed when the 2,4-D level was increased. Kinetin at a level 
of 0.05 mgl 	did not promote embryoid formation. It is interesting to 
note that YE seemed to be an essential constituent for embryo formation in 
this system. 
The embryoids induced by this procedure appear to be more or less 
abnormal, often possessing swollen hypocotyls and sometimes with only one 
cotyledon. 	 However, when these embryoids were detached from the 
callus and placed on SB medium without added growth substances, they ger-
minated into normal seedlings with roots, and subsequently flowered and set 
seed. 
A general picture of the culture and morphogenesis of A.thaliana in 
the present experiment system has been set out diagrammatically in Fig. 3 
from which it is clear that the nodules play an important role in callus 
proliferation, organogenesis and somatic embryogenesis. Recently, Wicart 
et al (1984) hypothesized from tir Cyclamen tissue cultures, a single 
organogenetic pattern, in which they assumed that the "meristematic cells" 
in the callus were responsible for different types of organogenesis such as 
roots, shoot buds, bipolar tubes and somatic embryos. It would indeed be 
interesting to discover if the relationships which appear to exist between 
the various forms of organogenesis and the meristematic centres in the 
nodules of A.thaliana callus culture are similar to those reported by 
Wicart et al and this is currently under investigation. 
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